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Abstract 

One of the deadliest diseases in the world is tuberculosis, caused by the bacillus Mycobacterium 

tuberculosis. In contrast to most bacterial infections, treatment for tuberculosis requires of multidrug 

regimes that can extend from six months to over a year. Importantly, the exceptional capability of M. 

tuberculosis to survive stress conditions, such as low energy environments and the host immune response, 

has been shown to confer drug tolerance and drug resistance, two factors that impact treatment length 

and limit the selection of available antimicrobials, particularly when only a reduced number of drugs are 

effective against M. tuberculosis. Therefore, understanding the biology behind the microbial stress 

response becomes fundamental for drug development. Mycobacteria employ diverse transcriptional and 

posttranscriptional mechanisms that allow them to survive stressful environments. One of these is global 

RNA stabilization, a conserved microbial stress response usually associated with non-growing states. 

However, while there is extensive research on transcriptional regulation as a response to stress, only 

limited information is available on regulation of mRNA degradation. Here we sought to address this gap.  

Because M. tuberculosis is a slow-growing bacteria, we conducted our studies on Mycobacterium 

smegmatis, a non-pathogenic and fast-growing relative. In Chapter 2, we show that it is possible to alter 

translation efficiency, transcript stability, and transcription rates in M. smegmatis by altering the 5’ UTR 

in reporter constructs. The relative efficiency of leadered vs leaderless translation depended on the nature 

of the 5’ UTR.  Combined with a global proteome and transcriptome analysis, our results suggest that 

leaderless genes are globally translated with a similar range of efficiencies as leadered genes. 

In Chapter 3 we show that mRNA stabilization as a response to stress is a reversible mechanism. The stable 

transcriptome of M. smegmatis in hypoxia can be rapidly degraded upon re-exposure to oxygen. This 

discovery led us to stablish a connection between mRNA degradation and metabolic status. We 

investigated distinct mechanisms that could stabilize the mRNA pool in response to stress. We found that 
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global stabilization could not be explained by RNA-degradation protein abundance, the stringent 

response, or changes in transcript abundance. However, we discovered that we could modulate mRNA 

degradation in growth-arrested M. smegmatis as a response to energy metabolism. These exciting 

findings provided evidence that mRNA degradation is not necessarily dependent on cell growth status, as 

previously conceived, and instead responds directly to energy metabolism status. These findings will help 

reorient studies on transcriptome stabilization, bringing us a step closer to identify the mechanism(s) 

responsible for mRNA stabilization under stress. 

Work in other bacteria has shown that ribosome occupancy and translation can regulate mRNA 

degradation, at least in a transcript-specific manner. Therefore, we wondered if increased ribosome 

occupancy was responsible for global mRNA stabilization during stress. We used diverse approaches to 

investigate the impacts of translation and ribosome occupancy on mRNA degradation. Our results, 

detailed in Chapter 4, show that changes in ribosome occupancy do not explain global mRNA stabilization 

in energy stress. Interestingly, while we explored ribosome occupancy, we serendipitously accumulated 

data consistent with the idea that transcription and translation may be physically coupled in 

mycobacteria. 

Understanding the universality of mRNA stabilization as part of the mycobacterial stress response has 

been a fascinating and challenging task, and an important one to undertake. As we aim to discover new 

antimicrobials, we must comprehend the biology of bacterial adaptation to stress. And because of 

increasing levels of antimicrobial resistance in M. tuberculosis, it is more important than ever to study 

different bacterial processes to reveal new drug targets. Here, we have compiled evidence that bring us 

closer to identifying the mechanism(s) by which mycobacteria can quickly stabilize their transcriptomes 

in response to stress. 
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Abstract 

Bacteria have a remarkable ability to sense environmental changes, swiftly regulating their transcriptional 

and posttranscriptional machinery as a response. Under conditions that cause growth to slow or stop, 

bacteria typically stabilize their transcriptomes in what has been shown to be a conserved stress response. 

In recent years, diverse studies have elucidated many of the mechanisms underlying mRNA degradation, 

yet an understanding of the regulation of mRNA degradation under stress conditions remains elusive. In 

this review we discuss the diverse mechanisms that have been shown to affect mRNA stability in bacteria. 

While many of these mechanisms are transcript-specific, they provide insight into possible mechanisms 

of global mRNA stabilization. To that end, we have compiled information on how mRNA fate is affected 

by RNA secondary structures; interaction with ribosomes, RNA binding proteins, and small RNAs; RNA 

base modifications; the chemical nature of 5’ ends; activity and concentration of RNases and other 

degradation proteins; mRNA and RNase localization; and the stringent response. We also provide an 
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analysis of reported relationships between mRNA abundance and mRNA stability, and discuss the 

importance of stress-associated mRNA stabilization as a potential target for therapeutic development. 

 

Introduction 

Bacterial adaptation to stress is orchestrated by complex responses to specific environmental stimuli, 

capable of rapidly regulating transcription, transcript degradation, and translation, which increases the 

organism’s survival opportunities. Historically, regulation mechanisms for transcriptional and 

translational pathways have been the most studied, providing insight into the genes and protein products 

needed for bacterial adaptation to unfavorable growth environments. These findings have been key for 

our understanding of bacterial biology, allowing us, for example, to develop tools to tune bacterial 

machinery for biotechnology processes (such as Tao et al., 2011; Courbet et al., 2015; Daeffler et al., 2017; 

Martinez et al., 2017; Riglar et al., 2017), and to discover and develop new antibacterial drugs (for 

example, Yarmolinsky and Haba, 1959; Wolfe and Hahn, 1965; Maggi et al., 1966; Olson et al., 2011). 

However, the role of RNA degradation in stress responses is not well understood. 

Modulation of mRNA degradation has been associated with various stress conditions in bacteria, such as 

temperature changes, growth rate, nutrient starvation, and oxygen limitation (see Table 1-1). Transcript 

stability—also referred as mRNA or transcript half-life—was shown to be globally altered in response to 

some stressors, while in other cases, gene-specific modulation of transcript stability contributes to specific 

expression changes that bacteria need to adapt to and survive in new environments (Figure 1-1).  

In this review we will discuss a range of reported situations in which bacterial mRNA stability is modulated 

in response to various stress conditions, with a focus on known and suspected mechanisms underlying 

such regulation. We will also discuss the ways in which known gene-specific mechanisms shape our 

thinking on the unanswered question of how mRNA pools are globally stabilized in response to energy 
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stress. Furthermore, we will discuss the ways in which regulation of mRNA stability in clinically relevant 

bacteria such as Mycobacterium tuberculosis shape their responses to the host environment.  

 

Figure 1-1. Environmental changes cause mRNA degradation rates to change in both global and gene-specific 

ways. Bacterial adaptation to many stressors, and other changes in environment, involve modulation of degradation 

rates of specific transcripts encoding proteins relevant to the changing conditions (top panel). Some stressors, 

particularly those causing severe energy stress, trigger global stabilization of the mRNA pool (bottom panel). These 

scenarios are not mutually exclusive; stressors that cause global transcriptome stabilization typically also cause gene-

specific changes in relative degradation rates. 
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RNases and other degradation proteins 

The degradosome 

RNA degradation is carried out by a wide range of RNases, enzymes with strong activities and relatively 

low specificities towards their targets (reviewed in Carpousis, 2007). There are two main types of RNases: 

endonucleases and exonucleases. The former cleave RNA sequences at internal points, while the latter 

carry out nucleolytic attacks from either end of the RNA chain (deemed 5’ or 3’ exonucleases based on 

their enzymatic directionality). Some bacteria possess both 5’ and 3’ exonucleases—M. tuberculosis and 

Mycobacterium smegmatis, for example—while others such as E. coli have only 3’ exonucleases. 

With respect to RNA degradation systems, E. coli is perhaps the most studied organism. In fact, it was in 

E. coli that a multiprotein complex, deemed the degradosome (Figure 1-2), was first reported (Carpousis 

et al., 1994; Py et al., 1994). In E. coli, the main degradosome components are two RNases (RNase E and 

PNPase), a DEAD-box RNA helicase (RhlB), and a glycolytic enzyme (enolase) (Carpousis et al., 1994; Py et 

al., 1994; Marcaida et al., 2006; Carpousis, 2007). RhlB facilitates RNase activity by unwinding stem-loops 

within RNA targets (Py et al., 1996). Both RNases carry out RNA degradation (Mohanty and Kushner, 2000; 

Deutscher, 2006; Unciuleac and Shuman, 2013). Moreover, in this bacterium the C-terminal region of 

RNase E acts as a scaffold for other degradosome components (Kido et al., 1996; Vanzo et al., 1998; Lopez 

et al., 1999; Morita et al., 2004). However, not all of the degradosome components are well defined or 

have known roles. For example, enolase is suspected to have a regulatory role in mRNA degradation under 

low phosphosugar levels (Morita et al., 2004; Chandran and Luisi, 2006) and anaerobic conditions 

(Murashko and Lin-Chao, 2017). 
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Figure 1-2. Bacterial degradosomes. The bacterial degradosome is scaffolded by an RNase such as RNase E in E. coli 

and RNase Y in B. subtilis. The RNase scaffolds have catalytic domains and natively disordered scaffold domains that 

bind other degradosome proteins. Typical degradosome components in both gram-positive and gram-negative 

bacteria are RNA helicases, carbon metabolism enzymes, and other RNases. 

While RNases can degrade RNA substrates on their own, it has been suggested that degradosomes 

increase the efficiency of RNA degradation, for example by facilitating processing of structures such as 

stem-loops and repeated extragenic palindromic sequences (Newbury et al., 1987; McLaren et al., 1991; 

Py et al., 1996). Alteration of the degradosome components leads to changes in transcriptome stability; 

for example, deletion of RhlB in E. coli results in longer mRNA half-lives (Bernstein et al., 2004). Similarly, 

mRNA stability is dramatically increased when the arginine‐rich RNA binding region or the scaffolding 

region of RNase E are deleted (Kido et al., 1996; Ow et al., 2000). While the RNA degradosome of E. coli 

has been extensively studied, the composition and function of degradosomes in other gram-negatives and 

in gram-positives may differ and new studies are still uncovering this information. In the Firmicute Bacillus 

subtilis, there is no RNase E homolog. Instead, RNase Y serves as a degradosome scaffold for PNPase, the 

helicase CshA (Lehnik-Habrink et al., 2010), phosphofructokinase (Commichau et al., 2009), and RNase J1 

and RNase J2—two bifunctional enzymes with both endonucleolytic and 5’ to 3’ exoribonuclease activity 

(Even et al., 2005; Shahbabian et al., 2009; Mathy et al., 2010; Durand et al., 2012). Interestingly, the B. 
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subtilis degradosome interactions have been shown mainly by bacterial 2-hybrid assays and 

immunoprecipitation of complexes stabilized by formaldehyde crosslinking (Commichau et al., 2009; 

Lehnik‐Habrink et al., 2010), in contrast to the E. coli degradosome which can be immunoprecipitated 

without a crosslinking agent (Carpousis et al., 1994; Py et al., 1994; Py et al., 1996). This suggests that B. 

subtilis degradosomes could be more transient in nature. A recent report on the Actinomycete M. 

tuberculosis provided insight into its elusive degradosome structure, which appears to be composed of 

RhlE (an RNA helicase), PNPase, RNase E, and RNase J (Plocinski et al., 2019). Overall, the degradosome is 

considered to be the ultimate effector of bulk mRNA degradation in bacterial cells, but it has also been 

implicated in regulating the stability of specific mRNAs and sRNAs as will be discussed in later sections. 

For further details on the degradosome, we encourage reading the following reviews (Carpousis, 2007; 

Bandyra et al., 2013; Ait-Bara and Carpousis, 2015; Cho, 2017; Tejada-Arranz et al., 2020). 

An overview of RNase regulation 

There are multiple ways in which transcript levels can be regulated. Alteration of mRNA steady-state 

abundance is ultimately a consequence of changes in transcription, changes in mRNA half-life, or both. In 

the process of mRNA degradation, the roles of different RNases may be defined in part by their preferred 

cleavage sequences. In Staphylococcus aureus, RNase Y cleavage is usually in the R↓W sequence, near 

AU rich regions (Khemici et al., 2015). This pattern seems to be conserved in B. subtilis (Shahbabian et al., 

2009). Furthermore, in these two gram-positive organisms, RNase Y cleavage appears to be influenced by 

proximity to a secondary structure. In E. coli, RNase E cleaves single-stranded RNA with a strong 

preference for the +2 sites in RN↓AU (Mackie, 1992; McDowall et al., 1994), or in RN↓WUU in Salmonella 

enterica (Chao et al., 2017). In M. smegmatis, a strong preference for cleavage 5’ of cytidines was detected 

in a transcriptome-wide RNA cleavage analysis (Martini et al., 2019). RNase E could be responsible for 

these cleavage events, given its major role in mycobacteria; however, we cannot yet exclude the 

possibility that they are produced by another endonuclease. In contrast, RNase III in E. coli has optimal 
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activity on double-stranded RNA, where the cleavage site is specified by both positive and negative 

sequence and secondary structure determinants (Pertzev and Nicholson, 2006). While the preferred 

cleavage sites of various RNases seem highly represented in the mRNA pool, some transcripts are more 

resistant to cleavage than others, indicating the presence of mechanisms that regulate not only bulk RNA 

stability, but also differential stabilities among transcripts. 

Studies of various mRNAs have identified multiple features that confer protection against RNase cleavage 

(Figure 1-3 and Figure 1-4A). These include stem-loops (Emory et al., 1992; McDowall et al., 1995; Arnold 

et al., 1998; Hambraeus et al., 2002), 5’ UTRs and leader/leaderless status (Chen et al., 1991; Arnold et 

al., 1998; Unniraman et al., 2002; Nguyen et al., 2020), subcellular compartmentalization (Khemici et al., 

2008; Montero Llopis et al., 2010; Murashko et al., 2012; Khemici et al., 2015; Moffitt et al., 2016); 5’ 

triphosphate groups (Bouvet and Belasco, 1992; Emory et al., 1992; Arnold et al., 1998; Mackie, 1998), 5’ 

NAD+/NADH/dephospho-coenzyme A caps (Chen et al., 2009; Kowtoniuk et al., 2009; Bird et al., 2016; 

Frindert et al., 2018), NpnN caps (Luciano et al., 2019; Hudecek et al., 2020), and association with 

regulatory proteins and sRNAs (Braun et al., 1998; Gualerzi et al., 2003; Moll et al., 2003; Afonyushkin et 

al., 2005; Daou-Chabo et al., 2009; Nielsen et al., 2010; Morita and Aiba, 2011; Faner and Feig, 2013; Liang 

and Deutscher, 2013; Deng et al., 2014; Sinha et al., 2018; Zhao et al., 2018; Cameron et al., 2019; Chen 

et al., 2019a; Richards and Belasco, 2019). For example, in Streptococcus pyogenes the sRNA FasX binds 

to the 5’ end of ska—a transcript coding for streptokinase—increasing its mRNA half-life, thus allowing an 

extended period of time in which translation of streptokinase can occur (Ramirez-Pena et al., 2010). In 

other cases, the product of an mRNA can regulate its own transcript stability. In E. coli, the fate of the lysC 

transcript is regulated by a dual-acting riboswitch that, under low levels of lysine, promotes translation 

initiation while simultaneously sequestering RNase E cleavage sites. In the presence of lysine, the 

riboswitch folds into an alternative conformation that exposes RNase E cleavage motifs, in addition to 
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blocking translation (Caron et al., 2012). In these examples, it is ultimately the conformational structure 

of the mRNA that allows regulation of its half-life, independently from the stability of the bulk mRNA pool.  

The activity of RNases does not always result in RNA decay. Some mRNA precursors can be processed by 

RNases to create mature, functional forms of the transcript (Condon et al., 1996). In a similar manner, 

polycistronic transcripts can be cleaved by endonucleases to produce transcripts with varying degrees of 

stability; some examples include (Belasco et al., 1985; Baga et al., 1988; Nilsson and Uhlin, 1991; Nilsson 

et al., 1996; Ludwig et al., 2001; Esquerre et al., 2014; Xu et al., 2015). While this is a fascinating 

mechanism of gene-specific regulation, it is beyond the scope of this review. 

mRNA stabilization as a response to stress 

When bacteria are forced to slow or stop growth in response to stress, they must reduce their rates of 

protein synthesis. This can be done by direct modulation of translation or by regulation of transcription 

and transcript degradation rates. In recent decades, there have been many reports of mRNA stabilization 

as a response to different stressors, usually conditions that alter growth rate (see Table 1-1). In E. coli, the 

outer membrane protein A precursor transcript, ompA, is very stable in rapidly growing cells (Nilsson et 

al., 1984), but its half-life is significantly decreased in conditions of slow growth rate (Nilsson et al., 1984; 

Emory et al., 1992; Vytvytska et al., 2000). An inverse phenomenon was observed in stationary phase E. 

coli cells for rpoS and rmf, transcripts coding for the transcription factor σ38 and the ribosome modulation 

factor, respectively (Zgurskaya et al., 1997; Aiso et al., 2005). Research conducted in other organisms also 

showed regulation of degradation rates of specific mRNAs according to growth rate: sdh, coding for 

succinate dehydrogenase in B. subtilis, and rpoS in Salmonella dublin had mRNA half-lives negatively 

correlated with growth rate (Melin et al., 1989; Paesold and Krause, 1999). Furthermore, cell growth 

studies using chemostats revealed that most transcripts in E. coli stabilize at low growth rates (Esquerre 

et al., 2014), with those belonging to the COGs “Coenzyme transport and metabolism” and “Intracellular 
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trafficking, secretion and vesicular transport” being enriched among the most highly stabilized transcripts. 

On the other hand, genes in “Cell motility” and “Secondary metabolites biosynthesis, transport and 

catabolism” had shorter half-lives than the transcript population mean (Esquerre et al., 2015). This 

reinforces the ideas that transcript half-lives may be linked to gene function and can be regulated as 

conditions require. For example, in E. coli, genes from the COGs “Carbohydrate transport and metabolism” 

and “Nucleotide transport and metabolism” are amongst the most stable at normal growth rates 

(Esquerre et al., 2014; Esquerre et al., 2015; Esquerre et al., 2016). Although these findings propose a link 

between growth rate and mRNA stability, it is possible that metabolic status rather than growth rate per 

se is the key determinant of global mRNA stability. In M. smegmatis, a drug-induced increase in metabolic 

activity resulted in accelerated mRNA decay and vice versa, even though growth was halted in both 

conditions (Vargas-Blanco et al., 2019). Another study supported these findings, showing that mRNA 

stabilization upon changes in nutrient availability could be dissociated from changes in growth rate (Morin 

et al, 2020). 

Growth rate is altered as a consequence of metabolic changes as bacteria adapt to different 

environments. Because the ultimate goal of an organism is to survive and multiply, we can assume that in 

stress conditions—such as low-nutrient environments—bacteria trigger mechanisms that regulate energy 

usage and preserve energetically expensive macromolecules, such as mRNA. Thus, transcript stabilization 

is a logical response to various forms of energy stress. Indeed, E. coli stabilizes most of its transcriptome 

in anaerobic conditions (Georgellis et al., 1993) as well as in carbon starvation and stationary phase 

(Esquerre et al., 2014; Chen et al., 2015; Morin et al, 2020). Studies on Rhizobium leguminosarum, Vibrio 

sp. S14, and Lactococcus lactis also showed increased transcriptome half-lives when the bacteria are 

subjected to nutrient starvation (Albertson et al., 1990; Thorne and Williams, 1997; Redon et al., 2005a; 

Redon et al., 2005b). S. aureus induces global mRNA stabilization in response to low and high 
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temperatures, as well as during the stringent response (Anderson et al., 2006). Under hypoxic conditions, 

the median mRNA half-life in M. tuberculosis increases from ~9.5 min to more than 30 min, and cells 

shifted from 37°C to room temperature stabilized their transcriptomes so dramatically that half-lives could 

not be measured (Rustad et al., 2013). Similarly, transcript stabilization occurs in M. smegmatis in 

response to carbon starvation and hypoxia (Smeulders et al., 1999; Vargas-Blanco et al., 2019). 

Intriguingly, transcript destabilization can be resumed within seconds upon re-oxygenation of hypoxic M. 

smegmatis cultures, suggesting a highly sensitive mechanism regulating mRNA degradation in response 

to stress and energy status (Vargas-Blanco et al., 2019). 

This response seems to be conserved even in some eukaryotes such as Saccharomyces cerevisiae, where 

the mRNA turnover rate is slower under stress than in log phase (Jona et al., 2000), and in plants as part 

of their immune response (Yu et al., 2019). However, the adaptive mechanism(s) underlying global mRNA 

stabilization as a stress response remain unknown. In the following sections we will discuss in more detail 

diverse bacterial strategies that contribute to global and gene-specific regulation of RNA stability. Our 

intent is to highlight recent findings on regulation of RNA degradation, to serve as a base for development 

of experiments to uncover how mRNA stabilization occurs as a response to stress.  

Regulation of RNA degradation proteins  

In this section we will discuss factors that have been shown to regulate the abundance and activity of 

endo- and exonucleases. We invite the reader to consult some excellent reviews (Condon, 2003; Arraiano 

et al., 2010; Bechhofer and Deutscher, 2019) for additional information on the roles and activities of 

RNases. 
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Figure 1-3. Common mechanisms that can protect mRNAs from degradation. (A) Degradosome localization can 

influence its RNA degradation activity. In E. coli, the degradosome is anchored to the cytoplasmic membrane via RNase 

E’s N-terminal domain, where it displays higher RNA processing activity in degradation foci. A cytoplasmic RNase E is 

less efficient in degradosome assembly and RNA processing. In B. subtilis, RNase Y is associated with the membrane 

and is more active when in smaller foci and less active when in larger foci. (B) RNA binding proteins can modulate 

mRNA degradation. Some of them, such as CsrA in γ-Proteobacteria, have regulatory roles as a response to 

environmental changes. (C) The chemical nature of mRNA 5′ ends can protect transcripts from degradation. These 

caps may vary depending on stress conditions. Nucleotide modifications in the bodies of transcripts have also been 

reported, but they have not been shown to alter mRNA stability. (D) RNA degradation depends on RNase accessibility 

to cleavage sites. Secondary structures that block cleavage sites can result in slower RNA degradation. 

As we described in a previous section, RNases have preferred cleavage sequences. These patterns can be 

either masked or exposed by alternative RNA folding configurations as a result of intracellular changes, 

allowing modulation of specific cleavage events, e.g., the lysC riboswitch which is sensitive to lysine 

concentration (Caron et al., 2012). However, this regulatory paradigm tends to be used to control specific 
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messages rather than the overall transcriptome stability. Hence, a major open question is: Are there 

elements that control RNase abundance or RNase activity that regulate transcriptome stability globally? 

Abundance of key RNases that catalyze rate-limiting steps in mRNA degradation can affect bulk mRNA 

decay. For example, depletion or mutation of RNase E caused bulk mRNA stabilization in E. coli (Lopez et 

al., 1999; Sousa et al., 2001); depletion or mutation of RNase Y caused bulk mRNA stabilization in B. subtilis 

and S. pyogenes (Shahbabian et al., 2009; Chen et al., 2013); depletion of RNase J caused bulk mRNA 

stabilization in Helicobacter pylori (Redko et al. 2016); and deletion of RNases J1 and J2 caused mRNA 

stabilization in B. subtilis (Evan et al., 2005). Mechanisms for regulation of RNase abundance have been 

reported in some bacteria. In E. coli, RNase III autoregulates its abundance by cleaving its own operon to 

induce its degradation when RNase III protein levels are high (Bardwell et al., 1989; Matsunaga et al., 

1996; 1997; Xu et al., 2008). Similarly, in E. coli a stem-loop located in the 5’ UTR of rne responds to 

changes in RNase E levels, allowing this enzyme to autoregulate its own production (Diwa et al., 2000; 

Diwa and Belasco, 2002). There is evidence that in some cases, stability of other mRNAs can be regulated 

by changes in RNase abundance. In E. coli, the betT and proP transcripts, encoding osmoregulators, 

showed increased abundance and stability when cells were subject to osmotic stress, apparently as a 

consequence of lower RNase III concentrations (Sim et al., 2014). However, there is not yet evidence that 

global stress-induced mRNA stabilization can be attributed to reduced RNase abundance. In M. 

tuberculosis, a quantitative proteomics study comparing exponentially growing and hypoxic cultures 

showed no alteration in levels of RNase E, RNase J, RNase III, PNPase, or the helicase HelY even after 20 

days under hypoxia (Schubert et al., 2015). Only one RNA helicase, RhlE, had reduced levels in hypoxia 

(Schubert et al., 2015). Similarly, a study of M. smegmatis showed no variation in levels of RNase E, 

PNPase, or the predicted RNA helicase msmeg_1930 under hypoxia, reaeration, or exponential growth 

(Vargas-Blanco et al., 2019). Because mycobacterial transcriptomes are rapidly stabilized upon 
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encountering hypoxia and other stress conditions (Rustad et al., 2013; Vargas-Blanco et al., 2019), it is 

unlikely that alteration of RNase abundance is part of the early RNA stabilization responses in these 

organisms. 

 

Figure 1-4. sRNAs can affect mRNA stability through multiple mechanisms. (A) sRNA binding can mask preferred 

RNase cleavage sites, thereby stabilizing transcripts. (B) sRNA binding can block ribosome access to Shine-Dalgarno 

sites, reducing translation and typically destabilizing transcripts. (C) In E. coli and some other gram-negative bacteria, 

sRNA-mRNA pairing is often mediated by Hfq, which typically leads to mRNA degradation. 

It is possible that the activity of existing RNA degradation enzymes is regulated. RNA helicases are ATP-

dependent, and ATP levels decrease in some bacteria in severe energy stress (Rao et al., 2008; Vargas-

Blanco et al., 2019). This raises the possibility that RNA degradation could be directly modulated by ATP 

levels. However, when this hypothesis was tested in M. smegmatis, mRNA stabilization was found to occur 

prior to a decrease in intracellular ATP levels upon exposure to hypoxic conditions (Vargas-Blanco et al., 

2019). While these findings suggest that nucleotide sensing—particularly changes in ATP concentrations—
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does not influence the initial global stabilization response in mycobacteria, it is possible that ATP 

concentrations or ATP/ADP ratios could be responsible for further stabilization in later stages of 

dormancy, and/or that ATP levels contribute to global mRNA stabilization in other bacteria. The roles of 

nucleotides associated with the stringent response are discussed separately below. 

In E. coli, inhibition of RNase E activity by RraA and RraB (Regulator of ribonuclease activity A and B) result 

in increased bulk mRNA half-life (Lee et al., 2003). However, in the case of RraA, the effect was observed 

after a significant overexpression of the inhibitor (Lee et al., 2003), something not observed under stress. 

Alternatively, inhibition of RNase activity by other factors may regulate transcript degradation. RNase E 

was recently shown to have a 5’ linear scanning function, and its cleavage activity is impaired upon 

encountering obstacles, such as sRNAs or ribosomes (Richards and Belasco, 2019). Furthermore, in E. coli, 

the activity of RNase E has been shown to depend on its anchorage to the inner membrane (Figure 1-3A). 

YFP-tagged RNase E forms small foci localized at the inner membrane (Strahl et al., 2015) which are 

dependent on metabolic activity; in anaerobic conditions RNase E rapidly dissociates from the membrane 

and diffuses in the cytoplasm, a response apparently dependent on enolase (Murashko and Lin-Chao, 

2017). A cytoplasmic version of RNase E was unstable, and led to increased mRNA half-lives (Hadjeras et 

al., 2019). Interestingly, the cytoplasmic RNase E was able to assemble a degradosome and had a 

comparable in vitro activity to wild type RNase E, supporting the role of membrane attachment and 

cellular localization in RNase E activity (Moffitt et al., 2016; Hadjeras et al., 2019). Conversely, in 

Caulobacter crescentus, RNase E is cytoplasmic and forms bacterial ribonucleoprotein (BR) bodies, which 

dynamically assemble and disassemble in the presence of mRNA (Al-Husini et al., 2018). BR body 

formation was dependent on the RNase E scaffold domains and the presence of mRNA, while disassembly 

of the bodies required mRNA cleavage (Al-Husini et al., 2018). Intriguingly, the formation of BR-bodies 

increased under some stress conditions but was unaffected by others, suggesting they play an as-yet 
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undefined role in stress response (Al-Husini et al., 2018). Further work is needed to understand the extent 

to which RNase localization contributes to regulation of mRNA degradation rates in various species. 

In B. subtilis, the activity of RNase Y appears to be regulated by both subcellular localization and 

association with proteins termed the Y-complex (YaaT, YlbF, and YmcA). The Y-complex affects expression 

of genes involved in biofilm formation, sporulation, and competence, and in some cases, this was shown 

to be a direct consequence of altered mRNA degradation rates for the relevant genes (Tortosa et al., 2000; 

Carabetta et al., 2013; DeLoughery et al., 2016; Dubnau et al., 2016). The Y complex has been viewed as 

a specificity factor for RNase Y, required in particular for processing of polycistronic transcripts 

(DeLoughery et al., 2018). RNase Y also localizes in the cell membrane, where it can form RNase Y foci 

(Hunt et al., 2006; Lehnik-Habrink et al., 2011; Hamouche et al., 2020). These foci seem to represent a less 

active form of the enzyme, as they increased in size in absence of RNA or in Y-complex mutants 

(Hamouche et al., 2020). 

The stringent response and mRNA degradation  

The stringent response is perhaps one of the most well-studied mechanisms of prokaryotic stress 

adaptation. This response is modulated by guanosine-3′,5′-bisphosphate (ppGpp) and/or guanosine-3′-

diphosphate-5′-triphosphate (pppGpp), alarmones collectively referred to as (p)ppGpp. In gram-negative 

bacteria, (p)ppGpp is synthesized by RelA in response to uncharged-tRNAs binding ribosomes, or by SpoT, 

a (p)ppGpp synthase/hydrolase, during fatty acid starvation (Seyfzadeh et al., 1993; Battesti and Bouveret, 

2009). In some gram-positive bacteria, (p)ppGpp is synthesized by a dual RelA/SpoT homolog (Atkinson et 

al., 2011; Frederix and Downie, 2011; Corrigan et al., 2016). Once produced, (p)ppGpp halts the synthesis 

of stable RNA (tRNAs and ribosomes) while upregulating stress-associated genes and downregulating 

those associated with cell growth (Gentry et al., 1993; Chakraburtty and Bibb, 1997; Martinez-Costa et al., 

1998; Avarbock et al., 2000; Artsimovitch et al., 2004; Corrigan et al., 2016). Intriguingly, (p)ppGpp was 
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reported to inhibit PNPase in the actinomycetes Nonomuraea sp and Streptomyces coelicolor but not in 

E. coli (Gatewood and Jones, 2010; Siculella et al., 2010), suggesting the stringent response may have a 

previously overlooked role in directly regulating mRNA degradation in some groups of bacteria. However, 

a recent study on the stringent response in M. smegmatis showed that (p)ppGpp was not required for 

mRNA stabilization in response to carbon starvation or hypoxia (Vargas-Blanco et al., 2019). 

In the pathogen Borrelia burgdorferi, a connection between the stringent response and the expression of 

241 sRNAs was recently stablished, 187 of which were upregulated during nutrient stress (Drecktrah et 

al., 2018). The authors of the aforementioned study described potential mechanisms of regulation by 

RelBbu on transcription and fate of some transcripts, such as destabilization of the glycerol uptake 

facilitator transcript, glpF. The SR0546 sRNA is among the sRNAs induced by nutrient starvation; the 

upregulation of its target, bosR, encoding a transcriptional regulator, may suggest a regulatory role of 

(p)ppGpp on specific mRNA stabilization. However, the effects of these stringent response-induced sRNAs 

on mRNA stability have not yet been directly tested. 

A surprising role of RelZ (initially called MS_RHII-RSD), a dual (p)ppGpp synthase and RNase HII, was 

reported for M. smegmatis (Murdeshwar and Chatterji, 2012). R-loops (RNA/DNA hybrids) are harmful 

structures that cause replication stress and can be removed by the RNase H domain of RelZ, while stalled 

ribosome removal is attributed to their alarmone synthase domain. RelZ was shown to be upregulated 

under short UV exposure in M. smegmatis (Krishnan et al., 2016), and while its role is suspected to 

increase cell viability under stress conditions (Petchiappan et al., 2020), the stringent response seems to 

not intervene in transcriptome stability regulation. This pathway leads to degradation of transcripts 

involved in R-loops, but given the low frequency of R-loop formation, the effects on mRNA pools are likely 

to be minimal.  
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Overall, there is much evidence that the stringent response regulates expression of specific transcripts in 

various bacteria. However, the extent to which control of mRNA stability contributes to these effects is 

mostly untested. The stringent response also plays important roles in mediating global responses to 

starvation and other forms of energy stress, but there is not yet evidence that it contributes to global 

mRNA stabilization, which is a consistent component of these stress responses. This suggests that the 

stringent response may not be the mediator of global mRNA stabilization in response to stress, or that its 

involvement in this process is species-specific. 

Transcript modifications as regulators of mRNA decay 

Bacterial mRNA is primarily transcribed using nucleoside triphosphates as initiating nucleotides, making 

mRNAs triphosphorylated at their 5’ ends. In S. aureus, RNase J1 exhibits strong in vitro exo- and 

endonucleolytic activities on 5’ triphosphorylated transcripts (Hausmann et al., 2017). However, in most 

other organisms studied to date, RNases E, J, and Y more efficiently cleave mRNAs with 5’ 

monophosphates (Figure 1-3C). RNase E is an endoribonuclease, but has a binding pocket for 

monophosphorylated 5’ ends (Callaghan et al., 2005) that strongly stimulates its activity in organisms 

including E. coli and M. tuberculosis (Mackie, 1998; Zeller et al., 2007). Similarly, in B. subtilis, RNase J1, 

and to a lesser extent J2, show a strong preference towards 5’ monophosphorylated substrates (Even et 

al., 2005). RNase Y also shows preference towards monophosphorylated 5’ substrates, but to a lesser 

extent (Shahbabian et al., 2009). These findings contributed to the discovery of RppH, an RNA 

pyrophosphohydrolase. Similar enzymes were later found in other bacteria, such as Bdellovibrio 

bacteriovorus (Messing et al., 2009) and B. subtilis (Richards et al., 2011). However, while the role of 5’ 

triphosphate pyrophosphohydrolysis was initially attributed to RppH (Celesnik et al., 2007; Deana et al., 

2008), recent findings have shown that the primary substrate of RppH in E. coli is 5’ diphosphorylated 

RNAs, and that 5’ diphosphorylated RNAs are abundant in the transcriptome (Luciano et al., 2017). As 
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RppH cannot convert 5’ triphosphates to diphosphates, this suggests the existence of an unknown 5’ 

triphosphate to diphosphate phosphorylase. Given that 5’ monophosphates make transcripts more 

susceptible to degradation in multiple organisms, one could envision regulation of 5’ triphosphate 

pyrophosphohydrolysis as a potential mechanism for regulation of mRNA stability. However, to our 

knowledge there are not yet reports of if and how pyrophosphohydrolysis or γ-phosphate removal are 

regulated. 

The presence of non-canonical mRNA 5’ ends has recently been reported for subsets of mRNAs in several 

bacterial species, suggesting another possible mechanism for regulation of mRNA stability (Figure 1-3C). 

Examples include NADH and NAD+ (Chen et al., 2009; Cahova et al., 2015), and less commonly, 

dephospho-CoA, succinyl-CoA, acetyl-CoA, and methylmalonyl-CoA (Kowtoniuk et al., 2009). We will refer 

to these as 5’ caps, with the understanding that they are structurally and functionally distinct from 

eukaryotic mRNA caps. Other studies have shown additional types of 5’ capping, as well as potential 

mechanisms behind it (Bird et al., 2016; Zhang et al., 2016; Julius and Yuzenkova, 2017). In most cases, 

bacterial caps are incorporated directly into mRNAs during transcription initiation. RNA polymerase can 

initiate transcription with non-canonical nucleotides such as NAD in E. coli (Bird et al., 2016; Vvedenskaya 

et al., 2018) and B. subtilis (Frindert et al., 2018). Furthermore, E. coli RNA polymerase seems to initiate 

with dinucleoside tetraphosphates (Np4N), Np4A in particular, with an efficiency almost 60 times higher 

than for NAD (Luciano and Belasco, 2020). Alternative, posttranscriptional mechanisms may also 

contribute to Np4 capping formation, as in vitro experiments using LysU (lysyl-tRNA synthetase) from E. 

coli suggest (Luciano et al., 2019).  

The intracellular concentration of Np4As were shown to be affected by overproduction of aminoacyl-tRNA 

synthetases (Brevet et al., 1989). Interestingly, some stress conditions also induce higher levels of Np4Ns, 

for example heat shock (Lee et al., 1983), oxidative stress (Bochner et al., 1984), cadmium stress (Coste 
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et al., 1987; Luciano et al., 2019) and disulfide stress (Bochner et al., 1984; Luciano et al., 2019). 5’ mRNA 

decapping was shown to require Nudix enzymes, such as NudC and BsRppH, to hydrolyze NAD-RNA 

substrates (Hofer et al., 2016; Frindert et al., 2018). On the other hand, hydrolysis of Np4As requires RppH 

and ApaH, the latter carrying out the hydrolysis of Np4As into two NDPs (Farr et al., 1989); in this context 

ApaH generates a diphosphorylated 5′ end that can be readily converted to monophosphate 5’ end by 

RppH (Figure 1-3C). Non-canonical mRNA 5’ ends also occur when transcription initiates with short RNA 

degradation products, resulting in mRNAs with 5’ hydroxyls (Druzhinin et al., 2015). Such transcripts have 

been found in E. coli and Vibrio cholerae and are present at increased abundance in stationary phase 

(Vvedenskaya et al., 2012; Druzhinin et al., 2015). However, the effects of these alternate 5’ ends on 

transcript stability have not been reported. 

Some mRNA caps have been shown to stabilize mRNAs in E. coli (Bird et al., 2016; Luciano et al., 2019) 

and in B. subtilis (Frindert et al., 2018). For example, after increasing the cellular concentration of Np4Ns 

in cadmium-stressed cells and in ΔapaH mutants, RNA stability was increased, suggesting that Np4 caps 

have a stabilizing role (Luciano et al., 2019). Additionally, in this study Np4 caps were suggested to be more 

abundant than NAD caps. Similarly, in the E. coli ΔnudC mutant strain there is an increase of up to four-

fold in RNA stability for transcripts with non-canonical 5’ caps (Bird et al., 2016). Furthermore, NAD 5’ caps 

were almost two-fold more abundant for cells in stationary phase when compared to exponential phase 

(Bird et al., 2016). Together, these findings present a potential mechanism for stabilization of mRNA under 

stress conditions. An interesting regulatory mechanism behind Np4 decapping in E. coli was recently linked 

to methylation in m7Gp4Gm and m6Ap3A 5’ caps, which protects them from RppH cleavage but not from 

AppH (Hudecek et al., 2020). Methylated NpnN caps were shown to be more abundant in stationary phase 

than exponential phase (Hudecek et al., 2020), consistent with the idea that these caps protect mRNA 

from degradation. Interestingly, the NpnN caps found in that study did not include Ap4N (Hudecek et al., 
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2020), presumably due to different stress conditions and detection techniques than those in (Luciano et 

al., 2019). Since capped mRNAs appear to be generally more stable than canonical mRNAs, it is logical to 

infer that when stress conditions cause growth to slow or stop and transcription to slow or stop 

concomitantly, the proportion of capped mRNAs will increase as a result of their inherently longer half-

lives. One could therefore speculate that the global mRNA stabilization observed in non-growing bacteria 

is due in part to an mRNA pool that is largely protected by 5’ caps. This is plausible assuming capping 

frequency remains constant or increases under stress. But, a recent study argues against this idea. Rapid 

transcript destabilization occurred in hypoxic M. smegmatis cultures after re-exposure to oxygen, even 

when transcription was blocked prior to reaeration (Vargas-Blanco et al., 2019). Thus, mRNA capping does 

not explain the transcript stabilization observed in these conditions (early-stage hypoxia)—at least in M. 

smegmatis—but could be involved in mRNA stabilization in other conditions and/or other bacteria. 

Another possible mechanism of mRNA stabilization involves posttranscriptional nucleotide modifications 

(Figure 1-3C). N6-methyladenosine (m6A) is a common base modification in mice and humans (Meyer et 

al., 2012; Linder et al., 2015). This methylation is enriched near stop codons and in 3’ UTRs (Yue et al., 

2018), and is dependent on the consensus motif DRACH (Linder et al., 2015). Recent studies revealed m6A 

to be an important part of a transcript stability regulatory mechanism, as it facilitates mRNA degradation 

in association with RBP in mice, zebra fish, and human cells (Schwartz et al., 2014; Wang et al., 2014; Zhao 

et al., 2017). Moreover, the levels of m6A methylation are responsive to stress conditions, as shown for 

human cancer cells under hypoxic conditions (Panneerdoss et al., 2018), suggesting a posttranscriptional 

regulatory role. In E. coli and Pseudomonas aeruginosa, m6A is present at similar levels, ~0.2% to ~0.3% 

of adenines (Deng et al., 2015b), to those reported for yeast and other eukaryotes (Wei et al., 1975; Bodi 

et al., 2010). However, in contrast to mammals, m6A appears distributed throughout the gene, with 

modest enrichments near the 5’ ends and centers of transcripts, and with a similar m6A motif for E. coli 
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and P. aeruginosa (UGCCAG and GGYCAG, respectively) (Deng et al., 2015b). Contrary to eukaryotes, m6A 

methylation has not been shown to have a global role in mRNA degradation in bacterial stress responses. 

A deep analysis in E. coli and P. aeruginosa revealed no difference in the m6A levels for cells growing in LB 

when compared to other (unspecified) growth media, or oxidative stress; interestingly, increasing the 

temperature from 37 to 45°C lowered m6A methylation levels, but only for P. aeruginosa (Deng et al., 

2015b). Furthermore, the m6A levels were lower in other bacteria (~0.02% to ~0.08%, for S. aureus, B. 

subtilis, Anabaena sp. and Synechocystis sp.) (Deng et al., 2015b), suggesting that this particular base 

modification may not be conserved across bacteria. In E. coli, codon modifications of the ermCL mRNA 

with m6A blocked translation, though it had no impact on mRNA degradation rates (Hoernes et al., 2016). 

While it is conceivable that m6A has a role in the regulation of bacterial translation, current evidence does 

not suggest it regulates mRNA fate. 

5-methylcytosine (m5C) has also been found in mRNA. In eukaryotes, m5C has been shown to increase 

transcript stability (Arango et al., 2018; Chen et al., 2019b; Yang et al., 2019; Schumann et al., 2020), while 

reports on translation regulation are controversial (Huang et al., 2019; Yang et al., 2019; Schumann et al., 

2020). m5C modifications have been found in mRNA and 23S rRNA in the archaeon Solfolobus solfataricus 

(Edelheit et al., 2013). However, there is no defined role of m5C in S. solfataricus, and evidence of m5C in 

bacteria or regulatory roles in RNA degradation have not been reported. 

Another modification, and perhaps the most abundant in RNA, is pseudouridine (Ψ) (Rozenski et al., 1999). 

Ψ is present at the position U55 in all E. coli tRNAs (Gutgsell et al., 2000), and is widespread across 

kingdoms (Nishikura and De Robertis, 1981; Becker et al., 1997; Ishida et al., 2011). In E. coli, deletion of 

truB, encoding a tRNA Ψ 55 synthase (Nurse et al., 1995), was shown reduce viability after a temperature 

shock (37 to 50°C); however, no viability changes were observed during exponential growth at 37°C 

(Kinghorn et al., 2002). In Thermus thermophilus, a ΔtruB mutant showed a growth defect when cultured 
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at 50°C (Ishida et al., 2011). Thus, it is possible that the presence of tRNA modifications under stress 

conditions contributes to survival in other bacteria. Other tRNA modifications have been also reported in 

bacteria and yeast during stress, contributing to a translational bias with implications for translation 

regulation (Chan et al., 2010; Chan et al., 2012; Laxman et al., 2013; Deng et al., 2015a; Chionh et al., 

2016). However, while stress may alter tRNA modifications, ultimately these changes lead to translational 

regulation without clear evidence, at least in bacteria, of effects on mRNAs. On the other hand, Ψ 

modifications on mRNA have been shown to increase mRNA stability in yeast and human cells (Carlile et 

al., 2014) and in Toxoplasma gondii (Nakamoto et al., 2017). A broad study involving E. coli and human 

cells found that even a single replacement of U with Ψ in mRNA can interfere with translation (Eyler et al., 

2019). Whether these modifications ultimately regulate mRNA stability in bacteria as a response to stress 

is an open question. Based on evidence aforementioned for M. smegmatis regarding the rapidity of 

transcript destabilization after stress alleviation (Vargas-Blanco et al., 2019), we speculate that base 

modifications are unlikely to be the primary mechanism of mRNA stabilization in hypoxic mycobacteria, 

although it could play roles in other organisms or conditions.  

Roles of ribosomes, translation, sRNAs and RNA-binding proteins in regulation of 

mRNA decay  

Experiments conducted by Bechhofer and others in B. subtilis showed that ribosome stalling can increase 

ermC half-life. In this scenario, ribosomes acted as obstacles at the 5’ ends of transcripts, resulting in 

protection from endonucleolytic cleavage downstream (Shivakumar et al., 1980; Bechhofer and Dubnau, 

1987; Bechhofer and Zen, 1989). These findings would become early evidence of a 5’ to 3’ polarity for 

endonucleolytic activity, dependent upon or enhanced by 1) interaction with a 5’ monophosphate, and 2) 

RNase linear scanning mechanisms, as it would be later reported by others (Bouvet and Belasco, 1992; 

Jourdan and McDowall, 2008; Kime et al., 2010; Richards and Belasco, 2016; 2019). In E. coli, the use of 

puromycin or kasugamycin—translation inhibitors that cause ribosomes to dissociate from transcripts—
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caused faster mRNA decay in the absence of new transcription (Varmus et al., 1971; Pato et al., 1973; 

Schneider et al., 1978). On the other hand, the use of chloramphenicol, fusidic acid or tetracycline—

elongation inhibitors that cause ribosomes to stall on transcripts—resulted in transcript stabilization 

(Varmus et al., 1971; Fry et al., 1972; Pato et al., 1973; Schneider et al., 1978), findings also later shown in 

M. smegmatis (Vargas-Blanco et al., 2019). These results are consistent with ribosome binding having a 

protective effect on mRNAs (Figure 1-5). In experiments where transcription was not blocked, it is possible 

that the mRNA stabilization seen in response to elongation inhibitors may also be conferred in part by the 

sudden increase in rRNA synthesis that these drugs cause, which increases the abundance of potential 

RNase substrates and could therefore titrate the activity of RNases such as PNPase and RNase E (Lopez et 

al., 1998). However, the increase in rRNA synthesis cannot fully explain these effects. 

In B. subtilis, the stability of gsiB, encoding general stress protein, and ermC, encoding erythromycin 

resistance leader peptide, are associated with ribosome binding (Sandler and Weisblum, 1989; 

Hambraeus et al., 2000). Mutations to the RBS sites of gsiB, aprE (coding for subtilisin), and SP82 phage 

mRNA resulted in reductions of their mRNA half-lives (Hue et al., 1995; Jurgen et al., 1998; Hambraeus et 

al., 2002). Transcript stability conferred by ribosomes does not always require productive translation, at 

least for ermC (Hambraeus et al., 2002) and ompA (Emory and Belasco, 1990), where transcripts were 

stable in the absence of start codons as long as strong Shine-Dalgarno (SD) sequences were present 

(Arnold et al., 1998). A later study also in E. coli reported that ribosome protection is independent of 

translation for another transcript (Wagner et al., 1994). Transcript stabilization in a translation-

independent manner was also shown for B. subtilis, with the insertion of an alternative SD (not involved 

in translation) to the gene reporter cryIII (Agaisse and Lereclus, 1996). These findings suggest that binding 

of a 30S subunit to a transcript, regardless of translation, may suffice to impair RNase degradation. 
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Figure 1-5. Ribosome binding and stalling can alter mRNA degradation. In some cases, ribosome stalling can 

mask RNase cleavage sites, increasing the half-life of a transcript. Elements that prevent ribosome binding, such as 

translation initiation inhibitors, lead to shorter mRNA half-lives. 

However, other studies did find a correlation between translation itself and stability. In E. coli, codon 

composition can influence translation rate and mRNA stability; codon-optimized transcripts were more 

stable than their corresponding non-modified, inefficiently-translated versions (Boel et al., 2016). Similar 

results were shown for S. cerevisiae (Presnyak et al., 2015). A transcriptome-wide analysis in E. coli also 

identified a positive correlation between mRNA stability and codon content optimality, for bacteria 

growing at different rates (Esquerre et al., 2015). This directly contradicted a previous report that codon 

optimality and half-life were inversely correlated (Lenz et al., 2011), possibly due to use of different codon 

optimality metrics. In B. subtilis, translation initiation is necessary to prevent swift degradation of the hbs 

transcript, which encodes the DNA binding protein HBsu (Daou-Chabo et al., 2009; Braun et al., 2017). In 

M. smegmatis and M. tuberculosis, RNase E cleaves the furA-katG operon, producing an unstable furA 

message that is rapidly degraded while the katG transcript is stabilized as it becomes readily accessible 

for translation (Sala et al., 2008). Overall, regulation of mRNA stability by translation initiation and SD 

strength seems to be gene-specific.  
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While it is generally accepted in E. coli that occlusion of RNase cleavage sites by ribosome occupancy may 

protect a transcript from degradation (Joyce and Dreyfus, 1998), ribosome association with mRNA has not 

been shown to regulate mRNA stability globally in response to stress. However, data from B. subtilis 

suggest an interesting mechanism by which RNase activity could affect translation and therefore mRNA 

degradation on a transcriptome-wide scale (Bruscella et al., 2011). The infC-rpmI-rplT operon, which 

encodes translation initiation factor 3 (IF-3) along with two ribosomal proteins, is expressed from two 

promoters. The resulting transcripts have different sensitivities to RNase Y, and the RNase Y-sensitive 

transcript is not competent for translation of IF-3. As a result, inhibition of RNase Y expression alters the 

relative abundance of the two transcript and causes reduced translation of IF-3. If this were to cause 

globally reduced translation due to IF-3 deficiency, mRNA decay could be globally increased as a result, 

although this effect would presumably be counteracted by the globally reduced RNase Y activity. Complex 

interplays between RNase levels and translation may therefore have the potential to globally impact 

mRNA decay in B. subtilis. 

RNA-binding proteins (RBPs), stalled ribosomes, and SD-like sequences in close proximity to transcript 5’ 

ends can also alter mRNA fate (Sharp and Bechhofer, 2005). In B. subtilis, interaction of the RBP Glp with 

the 5’ UTR of glpD, encoding glycerol-3-phosphate dehydrogenase, increases the transcript’s stability 

(Glatz et al., 1996). Other RBPs can modulate the stability of target genes during stress conditions (Figure 

1-3B). For example, H-NS, a histone-like protein, regulates the RNA stability of rpoS in E. coli and V. 

cholerae in stressful environments (Brescia et al., 2004; Silva et al., 2008; Wang et al., 2012). The carbon 

storage regulator CsrA is an RBP that regulates gene expression posttranscriptionally in E. coli and other 

γ-Proteobacteria in response to environmental changes, described in (Timmermans and Van Melderen, 

2010; Romeo and Babitzke, 2018). CsrA regulatory roles are best studied in E. coli. The glgCAP transcript, 

encoding genes implicated in the biosynthesis of glycogen, is destabilized when bound by CsrA (Liu et al., 
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1995). This response is halted when E. coli enters stationary phase, where CsrA is sequestered by the sRNA 

CsrB in a ribonucleoprotein complex (Liu et al., 1997). Conversely, CsrA was shown to stabilize some 

transcripts. CsrA directly binds the pgaA transcript, increasing its half-life along with the rest of the 

pgaABC polycistron, encoding genes associated to biofilm formation (Wang et al., 2005). Similarly, CsrA 

stabilizes the flhDC transcript, encoding the flagellar activation genes FlhD2C2 (Wei et al., 2001). More 

recently, a transcriptome-wide study together with bioinformatics predictions showed a major role for 

CsrA as an mRNA stabilization factor in E. coli (M9 minimal media, doubling time of 6.9 h) for more than 

a thousand transcripts, of which many were predicted to have at least one putative CsrA binding site 

(Esquerre et al., 2016). CsrA could directly bind transcripts and protect them from RNases, or could affect 

mRNA stability indirectly by modulating expression or activity of other post-transcriptional regulators, 

e.g., the RNA chaperone Hfq, encoded by hfq. In E. coli, CsrA can bind the hfq mRNA at a single binding 

site that overlaps its SD region, preventing ribosome access and decreasing its half-life; however, in 

stationary phase CsrA is sequestered, allowing higher expression of Hfq (Baker et al., 2007). Regulatory 

roles for CsrA in gram-positive bacteria have only recently been reported. In B. subtilis, CsrA mediates the 

interaction of the sRNA SR1 and the ahrC mRNA, encoding a transcription regulator of arginine 

metabolism, to regulate the expression of the arginine catabolic operons (Muller et al., 2019). However, 

CsrA-SR1 only mildly increased ahrC half-life, and it had no impact on SR1 degradation, indicating that the 

regulation was primarily at the level of protein synthesis (Muller et al., 2019). 

The homohexameric Hfq, highly studied in E. coli and present in a large number of bacteria (Sun et al., 

2002), is an important regulator of mRNA-sRNA pairing. The multiple roles of Hfq include modulation of 

sRNA-mediated translation blockage or promotion, and regulation of transcript degradation as a direct 

consequence of altered translation or through translation-independent mechanisms. For example, 

guiding a cognate sRNA to the 5’ region of mRNAs can result either in translation disruption by preventing 
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the 30S subunit from binding (Figure 1-4B), or the opposite outcome by disruption of stem-loops that 

inhibit its binding (Wassarman et al., 2001; Arluison et al., 2002; Moller et al., 2002; Schumacher et al., 

2002; Zhang et al., 2003; Afonyushkin et al., 2005; Sittka et al., 2008). Hfq can also allow RNase E access 

to specific mRNAs, or modulate the synthesis of Poly(A) tails, assisting PNPase in 3’ to 5’ degradation, as 

it will be discussed shortly. The physical properties, sequence specificity, protein interaction partners, 

sRNAs/mRNAs binding kinetics, and other important aspects of Hfq function will not be described here, 

as they are well described elsewhere; we refer the reader to the following detailed reviews (Vogel and 

Luisi, 2011; Updegrove et al., 2016; Kavita et al., 2018; Santiago-Frangos and Woodson, 2018). 

A common outcome of Hfq sRNA/mRNA interactions is specific regulation of mRNA half-life (Figure 1-4C). 

For example, the destabilization of ptsG, encoding a glucose permease, in E. coli is mediated by the sRNA 

SgrS as a response to phosphosugar accumulation (Vanderpool and Gottesman, 2004). Similarly, 

degradation of ompA was also shown to be impacted by the specific binding of the sRNA MicA to its 

translational start site, blocking binding of the 30S ribosomal subunit and recruiting Hfq to promote RNase 

E cleavage (Lundberg et al., 1990; Vytvytska et al., 2000; Udekwu et al., 2005). While the regulatory roles 

of Hfq are widely accepted for other gram-negative bacteria as well (Sonnleitner et al., 2006; Cui et al., 

2013), in gram-positive bacteria Hfq is less well characterized. Hfq rescue experiments in E. coli and S. 

enterica serovar Typhimurium using Hfq from B. subtilis and S. aureus, respectively, failed at rescuing the 

phenotypes (Vecerek et al., 2008; Rochat et al., 2012). These findings suggest important structural and/or 

functional differences in Hfq across evolutionarily divergent groups of bacteria. A study in B. subtilis found 

that the absence of Hfq does not impair growth under almost 2000 conditions including different carbon, 

nitrogen, phosphorus and sulfur sources, osmolarity or pH changes in a large phenotypic analysis (Rochat 

et al., 2015). Similar findings were shown for S. aureus (Bohn et al., 2007). However, Hfq became necessary 

for survival in stationary phase (Hammerle et al., 2014; Rochat et al., 2015). Surprisingly, the absence of 
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Hfq in rich media conditions did not alter the transcriptome of B. subtilis (Rochat et al., 2015), while in 

minimal media, 68 mRNAs and a single sRNA were affected (Hammerle et al., 2014). Both of these studies 

reported transcriptome changes in the absence of Hfq for B. subtilis in stationary phase, particularly for 

sporulation and TA systems. Nevertheless, these changes do not necessarily confer fitness or increased 

survival (Rochat et al., 2015). Overall, while Hfq was shown to impact the B. subtilis transcriptome under 

certain stress conditions, its role as a regulator of transcript stability seems to greatly vary across species. 

In another gram-positive, the pathogen Listeria monocytogenes, Hfq interacts with the sRNA LhrA, 

increasing its stability and controlling the fate of its target mRNAs. But, ~50 other sRNA seem to function 

in an Hfq-independent manner (Christiansen et al., 2006; Nielsen et al., 2010; Nielsen et al., 2011). 

Unexpectedly, hypoxia, stationary phase and low temperature (30°C) did not affect sRNA levels in a 

Δhfq strain (Toledo-Arana et al., 2009). Hence, it seems that Hfq may have a smaller role in control of 

mRNA stability, and an overall restricted role in sRNA/mRNA regulation in gram-positive bacteria; and it 

appears to not be required at all in some bacteria, such as mycobacteria, that lack identified Hfq orthologs 

(Sun et al., 2002). 

mRNA folding alters mRNA decay 

mRNA secondary structures can modulate translation and transcript stability (Figure 1-3D). Previously, we 

have discussed how specific 5’ UTR folding prevents RNase and ribosome accessibility to the lysC transcript 

(Caron et al., 2012). In other transcripts, secondary structures can also prevent RNase E from carrying out 

the first endonucleolytic cleavage, delaying subsequent steps in the decay pathways. In Rhodobacter 

capsulatus, formation of multiple hairpins can prevent endonucleolytic cleavage of the puf operon (Klug 

and Cohen, 1990). A stem-loop at the 5’ UTR confers stability to recA, coding for the nucleoprotein 

filament RecA in Acinetobacter baumannii (Ching et al., 2017), as well as vacA, coding for vacuolating 

cytotoxin A in Helicobacter pylori (Amilon et al., 2015). In the case of vacA, the stem-loop is also essential 
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for transcript stabilization in acidic and osmotic stress (Amilon et al., 2015). The distance between the 

start codon and secondary structures can also affect mRNA half-life, as was shown for the ΔermC mRNA 

in B. subtilis, where placing a stem-loop too close to the SD decreased transcript stability (Sharp and 

Bechhofer, 2005). Secondary structure at transcript 3’ ends also affects stability. The mRNA 3’ end hairpins 

formed by Rho-independent transcriptional terminators typically stabilize transcripts, as 3’ to 5’ RNases 

have difficulty initiating decay without a single-stranded substrate (Adhya et al., 1979; Farnham and Platt, 

1981; Abe and Aiba, 1996). In E. coli, the poly(A) polymerase (PAP I) is an enzyme responsible for 

synthesizing poly(A) tails in mRNA (Li et al., 1998). The addition of poly(A) tails to bacterial mRNAs 

facilitates degradation of transcripts with 3’ hairpins, allowing PNPase—an enzyme that also has a minor 

polyadenylation role—and other enzymes to carry out exonucleolytic activity (Donovan and Kushner, 

1986; Blum et al., 1999) (Figure 1-6).  

 

Figure 1-6. Polyadenylation regulates mRNA half-life. Stem-loops at mRNA 3′ ends block 3′–5′ exoribonucleases 

such as PNPase. PAP I, a poly(A) polymerase, can facilitate an exoribonuclease “grip” by synthesizing a poly(A) tail.
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Regulation of PNPase abundance has been shown for E. coli, as its transcript pnp is post-transcriptionally 

regulated by its own product and RNase III. This mechanism can be disrupted by transcript association 

with the ribosomal protein S1 (Briani et al., 2008; Carzaniga et al., 2015). Moreover, an increase of the 

pool of polyadenylated transcripts increases pnp half-life, an effect attributed to PNPase titration 

(Mohanty and Kushner, 2000; 2002). Regardless of this autoregulatory characteristic, changes in PNPase 

abundance were not detected as a response to hypoxic stress in M. smegmatis (Vargas-Blanco et al., 

2019), despite increased mRNA stability. While these findings suggest that regulation by mRNA 

polyadenylation via PNPase abundance is not a mechanism of transcriptome stabilization in mycobacteria, 

it is possible that polyadenylation activity by other enzymes, such as PcnA and PcnB, (Adilakshmi et al., 

2000) might have a role in regulation of mRNA turnover in stress. Further research is needed to investigate 

this possibility. 

The relationship between mRNA abundance and mRNA decay rates 

In bacteria, the steady-state mRNA concentration is a function of transcription rates and transcript 

degradation rates, and to a lesser extent, of mRNA dilution. The contribution of mRNA dilution occurring 

during cell growth is usually ignored, given that doubling times are significantly longer than the median 

mRNA half-life. For example, in L. lactis mRNA half-lives complied with this assumption for 85% of the 

measured transcripts, at multiple growth rates (Dressaire et al., 2013). In stress conditions, bacterial 

growth is generally impaired, making the impact of mRNA dilution even smaller and reinforcing the roles 

of transcription and RNA turnover as the major determinants of mRNA abundance. Also under stress 

conditions, transcript abundance per cell is typically lower than in conditions of rapid growth. For example, 

low transcript abundance was observed for S. aureus in cold shock, heat shock, and stringent response 

when compared to unstressed exponential phase (Anderson et al., 2006). The per-cell mRNA 

concentration decreased in L. lactis during progressive adaptation to carbon starvation (Redon et al., 
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2005b) or isoleucine starvation (Dressaire et al., 2013). The mRNA concentration was three times higher 

for E. coli growing in LB when compared to growth in in minimal media (Bartholomaus et al., 2016). For 

M. smegmatis in early hypoxic stress, the levels of atpB, atpE, rnj, rraA and sigA ranged between ~5% and 

75% of those in cells growing in aerobic conditions, and after extended periods of hypoxic or carbon 

starvation stress, mRNA levels dropped to under 5% of those in log phase (Vargas-Blanco et al., 2019). 

Given the generally longer half-lives of mRNAs in stressed bacteria, the observation of reduced mRNA 

concentrations in these conditions may seem counter-intuitive. However, these observations can be 

reconciled if transcription is also greatly reduced. It is possible that maintaining lower overall mRNA 

abundance in stress conditions is an adaptive mechanism to favor translation of genes needed for survival 

of that particular stressor. For example, in a transcriptome-wide study in E. coli, mRNA abundance 

decreased in response to osmotic stress (from ~2,400 to ~1,600 transcripts per cell), a change that may 

allow specific transcripts—associated with stress response—to be more accessible to ribosomes and 

translated (Bartholomaus et al., 2016). Interestingly, transcripts with higher copy numbers per cell in 

normal conditions (> 2 copies/cell) were downregulated the most in osmotic stress (Bartholomaus et al., 

2016). 

The question has arisen if lower mRNA concentrations can actually cause their degradation to be slowed. 

This idea is suggested by an observation made by several groups, in several species, that in log phase 

growth, mRNA half-lives are inversely correlated with steady-state abundance (Figure 1-7). For example, 

a weak negative correlation was shown between mRNA concentration and mRNA half-life for E. coli cells 

in exponential phase (Bernstein et al., 2002). Stronger negative correlations were reported in L. lactis 

(Redon et al., 2005a), and in M. tuberculosis (Rustad et al., 2013), both in exponentially growing bacteria. 

Moreover, in the latter study the overexpression of genes in the DosR regulon resulted in transcripts with 

shorter half-lives. Other reports in E. coli and L. lactis showed that cells growing at different growth rates 
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also show a negative correlation between these parameters (Dressaire et al., 2013; Esquerre et al., 2015). 

For example, changes in growth rate from 0.1 h-1 to 0.63 h-1—using chemostats—resulted in increased 

mRNA levels and a decreased median mRNA half-life from 4.2 min to 2.8 min, respectively (Esquerre et 

al., 2014; Esquerre et al., 2015). Transcription modulation using five constructs with distinct 5’ UTRs in 

lacLM mRNA also depicted a similar trend in L. lactis in exponential phase, and a similar outcome was 

obtained for lacZ in E. coli, using PBAD-mediated transcription regulation (Nouaille et al., 2017). Two of the 

studies described here (Rustad et al., 2013; Nouaille et al., 2017) reported inverse relationships between 

mRNA abundance and half-life in defined systems where expression was modulated by inducible 

promotors and growth rate was not affected. This strongly suggested that transcription rate can directly 

influence degradation rate. However, contradictory findings have been reported. 

 

Figure 1-7. Relationships between mRNA abundance and mRNA decay rates. While some reports have shown a 

clear negative correlation between a transcript half-life and its abundance, a similar number of reports have found no 

correlation at all or a modest positive correlation, even for the same organism. Table 1-1 compiles transcriptome-

wide analyses of mRNA decay in different organisms, techniques used, and information on the reported relationships 

between mRNA abundance and mRNA half-life. 
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An E. coli transcriptome-wide mRNA half-life study by a different group reported that the rate of mRNA 

degradation had a very weak positive correlation with mRNA abundance for both exponential phase (R2 = 

0.07) and stationary phase (R2 = 0.19) (Chen et al., 2015), in contrast to other E. coli studies (Bernstein et 

al., 2002; Esquerre et al., 2014; Esquerre et al., 2015). In Bacillus cereus, mRNA half-life had a positive 

correlation with expression level (Kristoffersen et al., 2012), while in Stenotrophomonas maltophilia and 

Chlamydia trachomatis trachoma and lymphogranuloma venereum biovars no correlations were found 

(Bernardini and Martinez, 2017; Ferreira et al., 2017). In M. smegmatis, induced overexpression of dCas9 

(in the absence of a gene-targeting sgRNA) did not alter its half-life in log phase (Vargas-Blanco et al., 

2019). Surprisingly, overexpressing dCas9 under hypoxic stress increased its mRNA stability by 

approximately two-fold (Vargas-Blanco et al., 2019). Moreover, re-exposure of hypoxic M. smegmatis 

cultures to oxygen caused half-lives of several tested genes to immediately return to log-phase like levels, 

despite transcription being blocked by rifampicin and transcript levels therefore remaining low (Vargas-

Blanco et al., 2019). Other reports have indicated that the relationship between mRNA abundance and 

half-life differs in various stress conditions. In carbon-starved L. lactis there was a positive correlation 

between mRNA degradation and abundance (Redon et al., 2005a), while the opposite was observed 

during isoleucine starvation (Dressaire et al., 2013). Work in eukaryotes suggests complexities that could 

conceivably occur in bacteria as well. In S. cerevisiae, under DNA damaging conditions, upregulated genes 

are usually stabilized and repressed genes are prone to degradation (Shalem et al., 2008). Conversely, 

under oxidative stress upregulated genes are destabilized, with the opposite scenario for repressed genes 

(Shalem et al., 2008). Furthermore, an in-depth analysis in that work revealed a trend between these two 

stress conditions: Genes with a rapid transcriptional regulation show a negative correlation between 

mRNA abundance and mRNA degradation. On the other hand, genes subject to a slow transcriptional 

response follow a positive correlation between mRNA abundance and degradation (Shalem et al., 2008).  
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Clearly, further work is needed to reconcile contradictory findings in bacteria with respect to the 

relationships between mRNA abundance and stability. Some reported differences may be attributable to 

differences between species, while others may result from differences in methodology for measuring half-

life. Most studies measure half-life by measuring decreases in mRNA abundance following transcription 

blockage by rifampicin. Variability may arise from the time-points chosen to assay abundance following 

transcriptional block, given that we and others have reported multiphasic decay kinetics (Hambraeus et 

al., 2003; Selinger et al., 2003; Chen et al., 2015; Nguyen et al., 2020). Methodology for normalization and 

for calculating half-lives also vary (see Table 1-1).  

The importance of RNA decay in clinically important species  

Pathogenic bacteria have developed mechanisms that allow them to survive often-hostile host 

environments by sensing cues and mounting specific responses at both transcriptional and 

posttranscriptional levels. These pathogens exhibit highly specific responses to some stressors, as well as 

broader responses to conditions such as energy stress, where resources are preserved by global 

modulation of processes including translation, protein degradation, transcription, and RNA stabilization 

(Bohne et al., 1994; Sherman et al., 2001; Park et al., 2003; Christiansen et al., 2004; Wood et al., 2005; 

Papenfort et al., 2006; Liu et al., 2010; Fritsch et al., 2011; Galagan et al., 2013; Guo et al., 2014; Sievers 

et al., 2015; Quereda et al., 2018; Ignatov et al., 2020). 

In L. monocytogenes, PrfA serves as a transcriptional regulator of multiple virulence factors, such as 

phospholipases PlcA and PlcB, and the toxin listeriolysin O (Leimeister-Wachter et al., 1990; Leimeister-

Wachter et al., 1991; Quereda et al., 2018). Expression of PrfA itself is regulated by several mechanisms 

at the translational and transcriptional level. For example, PrfA translation is temperature-regulated by a 

stem-loop in its transcript, prfA, that prevents ribosome access to the SD sequence at 30°C but not at 37°C 

(Johansson et al., 2002). prfA is also regulated by an S-adenosylmethionine riboswitch and its product, the 
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sRNA SreA, that blocks translation after binding the 5’ UTR (Loh et al., 2009). Additionally, while the stem-

loop increases prfA stability (Loh et al., 2012), the binding of SreA to prfA triggers transcript degradation 

(Loh et al., 2009). Also in L. monocytogenes, posttranscriptional regulation of Tcsa, the T cell-stimulating 

antigen encoded by tcsA, was recently reported to be under the control of the sRNA LhrC in a translation-

independent manner, by recruiting an undefined RNase (Ross et al., 2019). In S. aureus SarA, a histone-

like protein, influences mRNA turnover of virulence factors, such as protein A (spa) and the collagen 

adhesion protein (cna) during exponential growth (Roberts et al., 2006; Morrison et al., 2012). Also in S. 

aureus, the multifunctional RNAIII binds other RNAs, recruiting RNase III to initiate transcript degradation. 

Some of RNAIII’s targets are spa, coa (encoding coagulase), sbi (encoding the IgG-binding protein Sbi), and 

SA1000 (encoding the fibrinogen-binding protein SA1000) (Huntzinger et al., 2005; Boisset et al., 2007; 

Chevalier et al., 2010), playing an important role in S. aureus virulence and response to stress. In S. 

enterica, under low Mg2+ conditions synthesis of the antisense AmgR RNA leads to interaction and 

destabilization of the mgtC transcript (encoding the virulence protein MgtC), in an RNase E-dependent 

manner (Lee and Groisman, 2010). Hence, regulation of the stabilities of specific mRNAs has a major role 

in the survival and virulence responses of pathogens. 

Recent reports have suggested unexpected relationships between RNases and drug resistance. Nonsense 

and INDEL mutations in Rv2752c, encoding RNase J, were associated with drug resistance in a GWAS study 

that identified resistance-associated mutations in whole-genome sequences of hundreds of M. 

tuberculosis clinical isolates (Hicks et al., 2018), as well as an earlier study performing similar analyses on 

a smaller set of clinical isolates (Zhang et al., 2013). Another study, reporting whole-genome sequences 

of 154 M. leprae clinical isolates from 25 countries, found a disproportionately high number of 

polymorphisms in ML1040c, encoding RNase D, and ML1512c, encoding RNase J (Benjak et al., 2018). 
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These mutations were not directly associated with drug resistance, but appeared to be under positive 

selection (Benjak et al., 2018).  

Global mRNA stabilization is another feature associated with bacterial stress response and non-growing 

conditions (see Table 1-1). Cells in quiescent states contain relatively low levels of mRNA, with greatly 

reduced transcriptional and translational activity (Betts et al., 2002; Wood et al., 2005; Kumar et al., 2012; 

Rittershaus et al., 2013). In some cases, these states share similarities with B. subtilis spores, in which the 

bacteria have dramatically reduced mRNA turnover (Segev et al., 2012). This can be interpreted as a 

concerted cellular effort to downregulate global gene expression and preserve cellular resources, until 

encountering a suitable environment to resume growth. At the same time, having paused translational 

machinery may permit allocation of resources towards specific responses needed to survive a given 

condition, such as those described in the previous paragraph. Importantly, stress responses that establish 

and maintain non-growing states not only allow pathogens to survive these stressors, but also induce 

broad antibiotic tolerance, since most antibiotics are relatively ineffective at killing non-growing cells [for 

example, (Rao et al., 2008)]. This relationship between growth arrest and antibiotic tolerance may be one 

of the reasons why months of multidrug therapy are required to prevent relapse in tuberculosis patients, 

where large numbers of bacteria are likely semi-dormant in hypoxic granulomas (Garton et al., 2008). The 

apparent universality of mRNA stabilization as a response to energy stress and other stressors that inhibit 

growth, compared to gene-specific mRNA regulation, brings up fascinating possibilities as a prospective 

target for therapeutic development. There has been a surge in antimicrobial resistance in recent decades, 

prompting collaborative efforts between academia and industry to develop new antimicrobials (Ventola, 

2015a; Ventola, 2015b; WHO, 2019). As we approach an understanding of the mechanisms behind mRNA 

turnover—and strive to unveil how transcript fate is regulated under stress conditions—we would like to 

emphasize the essentiality of mRNA degradation in bacteria, and the roles of RNases in the virulence and 
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survival responses of pathogens. Many clinically important antibiotics target transcription and translation, 

highlighting the potential of targeting these central dogma processes from the opposite angle. In early 

steps in this direction, a protein degradation inhibitor was found to have strong activity against 

mycobacteria (Gavrish et al., 2014) and inhibitors of RNase E have been reported (Kime et al., 2015). 

Conclusions 

Transcriptome stabilization as a stress response is widespread across the bacterial domain. This globally 

concerted response is implicated in gene regulation and survival, as well as pathogenesis in bacteria. We 

have described and discussed various mechanisms of mRNA degradation and stabilization, many of which 

have established roles in regulation of specific genes, but have not yet been able to explain transcriptome-

wide half-life alterations. We hope that the information presented here helps to inspire further study that 

will uncover the mechanism(s) behind global transcriptome stabilization in stress, which so far remains 

elusive. Finally, we hope to inspire the reader to find these mysteries as scientifically stimulating as we 

do. 
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Tables 

Table 1-1. Transcriptome-wide studies on mRNA half-life in bacteria. 

Organism 
Growth/stress 
condition 

Response to 
stress/condition 
(transcriptome 
stability) 

mRNA 
quantification 
method 

Correlation 
between mRNA 
abundance and 
half-life 

Source 

Bacillus cereus ATCC 
10987, ATCC 14579 

Exponential phase - RNA-seq Positive 
(Kristoffersen et al., 
2012) 

Bacillus subtilis Early stationary phase Stable* Microarray Not calculated 
(Hambraeus et al., 
2003) 

Chlamydia 
trachomatis biovars: 
trachoma, 
lymphogranuloma 
venereum 

Mid-phase stage of 
developmental cycle 

- RNA-seq None 
(Ferreira et al., 
2017) 

Escherichia coli Exponential phase - Microarray Negative 
(Bernstein et al., 
2002) 

Escherichia coli Exponential phase - Microarray Not calculated 
(Selinger et al., 
2003) 

Escherichia coli 

0.1 h-1 growth rate 

Stabilization at slower 
growth rates 

Microarray Negative 
(Esquerre et al., 
2014; Esquerre et 
al., 2015) 

0.2 h-1 growth rate 

0.4 h-1 growth rate 

0.63 h-1 growth rate 

Escherichia coli 
Exponential phase Stabilization in 

stationary phase 
RNA-seq Positive (Chen et al., 2015) 

Stationary phase 

Escherichia coli 

Exponential phase 

Destabilization in 
ΔcsrA51 

Microarray Negative 
(Esquerre et al., 
2016) 

Exponential phase 
(ΔcsrD) 

Exponential phase 
(ΔcsrA51) 

Escherichia coli 

Exponential phase 

Stabilization in Ksm RNA-seq 
None for either 
condition† 

(Moffitt et al., 
2016) 

Exponential phase + 
Ksm (initiation 
inhibitor) 

Escherichia coli, 
Lactococcus lactis 

Multiple‡ 
Stabilization at low 
growth rates and 
stress 

Microarray, 
Nylon membrane-
based macroarray 

Negative 
(Nouaille et al., 
2017) 

Escherichia coli 

Exponential phase 
Stabilization in 
rne∆MTS 

Microarray Not calculated 
(Hadjeras et al, 
2019) Exponential phase 

(rne∆MTS) 

Escherichia coli 

Exponential phase 

Stabilization in stress Microarray Negative† (Morin et al, 2020) 
Glucose exhaustion 

Acetate consumption 

Carbon starvation 
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Lactococcus lactis 

Exponential phase 
Stabilization at slower 
growth rates 

Nylon membrane-
based macroarray 

Negative (Redon et al., 
2005a; Redon et al., 
2005b) 

Deceleration phase None 

Starvation phase Positive 

Lactococcus lactis 

Isoleucine limitation, 
0.11 h-1 growth rate 

Stabilization at slower 
growth rates 

Nylon membrane-
based 
macroarrays 

Negative 
(Dressaire et al., 
2013) 

Isoleucine limitation, 
0.51 h-1 growth rate 

Isoleucine limitation, 
0.8 h-1 growth rate 

Stenotrophomonas 
maltophilia 

Exponential phase 

Stabilization RNA-seq None 
(Bernardini and 
Martinez, 2017) 

Exponential phase 
(rng-defective 
mutant) 

Mycobacterium 
tuberculosis 

Exponential phase 

Stabilization in stress Microarray 

Negative 
(Rustad et al., 
2013) 

Hypoxic stress Not calculated 

Cold-induced stress Not calculated 

Prochlorococcus 
MED4 

0.325 day-1 growth 
rate 

- Microarray Not calculated 
(Steglich et al., 
2010) 

Staphylococcus 
aureus 

Exponential phase 

Stabilization in stress 

Microarray Not calculated 
(Anderson et al., 
2006) 

Cold-induced stress 

Heat-induced stress 

Mupirocin 
(isoleucyl-tRNA 
synthetase 
inhibitor, induces 
stringent response) 

DNA damage (SOS 
response) 

Destabilization in 
stress 

*Not compared to an exponential phase culture within the same study. Stabilization report based on previously 

reported studies. 

†Our analysis of the source data. 
‡ Includes data for L. lactis at growth rates of 0.09, 0.24, 0.35 and 0.47 h−1 (Dressaire et al., 2013); and unpublished 

and previously published data for E. coli at growth rates of 0.04, 0.11, 0.38, 0.51 and 0.80 h−1 and stationary phase 

(Esquerre et al., 2014). 

  



61 

Chapter 2 : The impact of leadered and leaderless gene structures on 

translation efficiency, transcript stability, and predicted transcription 

rates in Mycobacterium smegmatis 

  



62 

The impact of leadered and leaderless gene structures on translation 

efficiency, transcript stability, and predicted transcription rates in 

Mycobacterium smegmatis 

Tien G. Nguyen1, Diego A. Vargas-Blanco1, Louis A. Roberts1, Scarlet S. Shell1,2 

1Department of Biology and Biotechnology, Worcester Polytechnic Institute, Worcester, MA, USA 
2Program in Bioinformatics and Computational Biology, Worcester Polytechnic Institute, Worcester, MA, 

USA 

Edited by: Tina M. Henkin. Ohio State University, Ohio 

 

This chapter corresponds to a manuscript that was published as: 

Nguyen, T.G., Vargas-Blanco, D.A., Roberts, L.A., and Shell, S.S. (2020). The impact of leadered and 
leaderless gene structures on translation efficiency, transcript stability, and predicted transcription rates 
in Mycobacterium smegmatis. J Bacteriol. doi: 10.1128/JB.00746-19. 

 

Author Contributions 

Conceptualization: T.G.N., L.A.R., and S.S.S. Methodology: D.A.V.-B. and T.G.N. Data Analysis: D.A.V.-B., 

T.G.N., and S.S.S. Writing – Original Draft: D.A.V.-B., S.S.S, and T.G.N. Writing – Review and Editing: D.A.V.-

B., L.A.R., and S.S.S. 

 

Abstract 

Regulation of gene expression is critical for Mycobacterium tuberculosis to tolerate stressors encountered 

during infection and for nonpathogenic mycobacteria such as Mycobacterium smegmatis to survive 

environmental stressors. Unlike better-studied models, mycobacteria express ∼14% of their genes as 

leaderless transcripts. However, the impacts of leaderless transcript structures on mRNA half-life and 

translation efficiency in mycobacteria have not been directly tested. For leadered transcripts, the 

contributions of 5′ untranslated regions (UTRs) to mRNA half-life and translation efficiency are similarly 

unknown. In M. tuberculosis and M. smegmatis, the essential sigma factor, SigA, is encoded by a transcript 

with a relatively short half-life. We hypothesized that the long 5′ UTR of sigA causes this instability. To test 
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this, we constructed fluorescence reporters and measured protein abundance, mRNA abundance, and 

mRNA half-life and calculated relative transcript production rates. The sigA 5′ UTR conferred an increased 

transcript production rate, shorter mRNA half-life, and decreased apparent translation rate compared to 

a synthetic 5′ UTR commonly used in mycobacterial expression plasmids. Leaderless transcripts appeared 

to be translated with similar efficiency as those with the sigA 5′ UTR but had lower predicted transcript 

production rates. A global comparison of M. tuberculosis mRNA and protein abundances failed to reveal 

systematic differences in protein/mRNA ratios for leadered and leaderless transcripts, suggesting that 

variability in translation efficiency is largely driven by factors other than leader status. Our data are also 

discussed in light of an alternative model that leads to different conclusions and suggests leaderless 

transcripts may indeed be translated less efficiently. 

 

IMPORTANCE. Tuberculosis, caused by Mycobacterium tuberculosis, is a major public health problem 

killing 1.5 million people globally each year. During infection, M. tuberculosis must alter its gene 

expression patterns to adapt to the stress conditions it encounters. Understanding how M. 

tuberculosis regulates gene expression may provide clues for ways to interfere with the bacterium’s 

survival. Gene expression encompasses transcription, mRNA degradation, and translation. Here, we 

used Mycobacterium smegmatis as a model organism to study how 5′ untranslated regions affect these 

three facets of gene expression in multiple ways. We furthermore provide insight into the expression of 

leaderless mRNAs, which lack 5′ untranslated regions and are unusually prevalent in mycobacteria. 

 

Introduction 

The pathogen Mycobacterium tuberculosis has evolved numerous strategies to survive in different niches 

within the human host. Bacterial adaptation to these harsh environments is usually achieved by gene 

regulation, both transcriptionally and posttranscriptionally. While promoters play critical roles in gene 
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regulation, other gene features and mechanisms have additional important regulatory roles. One such 

important gene feature is the 5′ untranslated region (5′ UTR), which contains the Shine-Dalgarno (SD) 

sequence within the ribosome binding site (RBS) and, therefore, can serve as a translation regulator (Shine 

and Dalgarno, 1974; Ringquist et al., 1992; Habib and Jackson, 1993; Chen et al., 1994; Sterk et al., 2018). 

For example, 5′ UTR interactions with cis and trans elements, such as complementary sequences within 

the UTR or coding sequence, small RNAs (sRNAs), and RNA-binding proteins, can modulate protein 

synthesis by blocking or improving accessibility to the RBS (Lease and Belfort, 2000; Mutalik et al., 2012; 

Takahashi and Lucks, 2013; Jagodnik et al., 2017). Importantly, it has been shown in Escherichia coli and 

other bacteria that transcription and translation are physically coupled, and thus 5′ UTR-mediated 

modulation of translation could have repercussions on transcription rate as well (Miller et al., 1970; 

Burmann et al., 2010; Proshkin et al., 2010; Zhang et al., 2014; Fan et al., 2017). Translation blocks 

in Mycobacterium smegmatis have been shown to decrease transcription as well (Vargas-Blanco et al., 

2019), suggesting that transcription-translation coupling occurs in mycobacteria, although the extent and 

consequences are unknown. 

The 5′ UTRs can also regulate gene expression by altering mRNA turnover rates. This can be a consequence 

of altered translation rates, as impairments to translation often lead to faster mRNA decay (Pato et al., 

1973; Wagner et al., 1994; Arnold et al., 1998; Braun et al., 1998; Jurgen et al., 1998; Hambraeus et al., 

2002; Sharp and Bechhofer, 2003). In other cases, mRNA stability is directly affected by sRNA binding to 

5′ UTRs or by UTR secondary structure (Unniraman et al., 2001; Moll et al., 2003; Skorski et al., 2006; 

Anderson and Dunman, 2009; Link et al., 2009; Pedersen et al., 2011; Jagodnik et al., 2017). In E. coli, the 

half-life of the short-lived transcript bla can be significantly increased when its native 5′ UTR is replaced 

with the 5′ UTR of ompA, a long-lived transcript (Belasco et al., 1986; Emory and Belasco, 1990; Chen et 

al., 1991). Conversely, deletion of ompA’s native 5′ UTR decreased its half-life by 5-fold (Emory and 
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Belasco, 1990). The longevity conferred by the ompA 5′ UTR was attributed to the presence of a 

nonspecific stem-loop as well as the specific RBS sequence (Emory and Belasco, 1990; Chen et al., 1991; 

Emory et al., 1992). Secondary structure formation in 5′ UTRs has been shown to play a major role in 

transcript stability in other bacteria as well, such as for ermC in Bacillus subtilis (Bechhofer and Dubnau, 

1987; Hambraeus et al., 2000) and pufBA in Rhodobacter capsulatus (Chen and Belasco, 1990; Heck et al., 

1996; Heck et al., 1999). Moreover, obstacles that hinder the linear 5′ scanning function of RNase E (a 

major RNase in E. coli and mycobacteria) can prevent access to downstream cleavage sites, increasing 

transcript half-life (Richards and Belasco, 2019). Such obstacles include the 30S ribosomal subunit bound 

to an SD-like site far upstream of the translation start site in one case (Agaisse and Lereclus, 1996). UTRs 

can also contain binding sites for the global regulator CsrA, which can both promote and prevent mRNA 

decay in E. coli (Romeo and Babitzke, 2018). Although effects of 5′ UTRs on mRNA stability, translation, 

and transcription rate have been widely studied in more common bacterial systems, there is a paucity of 

information of the regulatory effects of 5′ UTRs in mycobacteria. 

Compared to E. coli and most other well-studied bacteria, mycobacteria possess a large number of 

leaderless transcripts; approximately 14% of annotated genes are leaderless in both M. smegmatis and M. 

tuberculosis (Cortes et al., 2013; Shell et al., 2015; Martini et al., 2019). Studies in E. coli have shown that 

translation of leadered and leaderless transcripts is functionally distinct (Tedin et al., 1999; Grill et al., 

2000; Grill et al., 2002; Moll et al., 2002; O'Donnell and Janssen, 2002; Moll et al., 2004; Udagawa et al., 

2004), suggesting fundamental differences in their mechanisms of regulation. In contrast to E. coli, where 

leaderless transcripts are generally translated less efficiently (Baumeister et al., 1991; Van Etten and 

Janssen, 1998; O'Donnell and Janssen, 2001; Shell et al., 2015; Beck et al., 2016), leaderless transcripts in 

mycobacteria appear to be translated robustly (Cortes et al., 2013; Shell et al., 2015). However, direct 
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comparisons of translation rates for leadered versus leaderless transcripts in mycobacteria have yet to be 

reported. 

Among leadered transcripts, 5′ UTR lengths vary. We hypothesized that longer 5′ UTRs were more likely 

to play regulatory roles through modulation of translation, transcription rate, and mRNA turnover. One 

such long-leadered transcript in both M. tuberculosis and M. smegmatis encodes sigma factor alpha 

(sigA), the primary sigma factor in mycobacteria (Gomez et al., 1998; Manganelli et al., 2004). Here, we 

used the mycobacterial model M. smegmatis and a series of yellow fluorescent protein (YFP) reporters to 

investigate the effects of the sigA 5′ UTR as well as leaderless gene structures on transcription, translation, 

and mRNA half-life. We found that the sigA 5′ UTR caused lower translation efficiency, reduced mRNA 

half-life, and a higher predicted transcript production rate compared to those of a control 5′ UTR. 

Leaderless transcripts were translated at similar rates as those of transcripts bearing the sigA 5′ UTR and 

had similar half-lives but appeared to be transcribed less efficiently, leading to lower steady-state mRNA 

and protein abundances. Our results highlight the potential of 5′ UTRs to affect transcription efficiency as 

well as translation and mRNA half-life and support the idea that leaderless translation can be either more 

or less efficient than leadered translation in mycobacteria, depending on the characteristics of the leader. 

Alternative interpretations of our data are possible and would lead to different conclusions, particularly 

with respect to the efficiency of leaderless translation. These will be discussed. 

Results 

Validation of the sigA 5′ UTR boundaries. 

Transcription start site mapping has defined the 5′ ends of 5′ UTRs on a transcriptome-wide basis in 

both M. smegmatis and M. tuberculosis (Shell et al., 2015; Martini et al., 2019). Using annotated 

translation start sites to define the 3′ ends of the 5′ UTRs, the median 5′ UTR lengths in M. 
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smegmatis and M. tuberculosis are 48 and 56 nucleotides (nt), respectively, after excluding leaderless 

genes (Figure 2-1A; see also Table S1 in the supplemental material) (Shell et al., 2015; Martini et al., 2019). 

The 5′ UTR length distributions are skewed, with a mode of approximately 40 nt (Figure 2-1A). We 

hypothesized that longer-than-average 5′ UTRs are more likely to have regulatory roles and sought to 

investigate the role of the 5′ UTR of the M. smegmatis sigA gene. The M. tuberculosis sigA 5′ UTR (128 nt) 

is also predicted to be longer than the median. To ensure that the predicted 5′ UTR boundaries of M. 

smegmatis sigA were correct, we experimentally validated the predicted start codon at genome 

coordinate 2827625 in GenBank accession number NC_008596, which resulted in a 123-nt UTR. A second 

GTG codon 39 nt downstream at 2827586 also had an appropriately positioned Shine-Dalgarno-like 

sequence and could conceivably be used as a start codon. We therefore made reporter constructs in which 

the strong constitutive promoter pmyc1tetO (Ehrt et al., 2005) drove expression of a transcript containing 

the sigA 5′ UTR and the sequence encoding YFP, with a C-terminal 6×His tag and an N-terminal fusion of 

the sequence encoded by the first 54 nt of the annotated sigA coding sequence. We then individually 

mutated each of the two putative GTG start codons to GTC (Figure 2-1B). Mutations of the first GTG to 

GTC reduced fluorescence to levels indistinguishable from autofluorescence in a strain that lacked 

the yfp gene (Figure 2-1C and D, no plasmid). In contrast, mutation of the second GTG to GTC reduced 

fluorescence to an intermediate level (Figure 2-1C and D). We therefore concluded that the first GTG is 

likely to be the predominant site of translation initiation, while the second GTG may affect expression 

levels but is not by itself sufficient to produce above-background expression. For subsequent experiments, 

we considered the first GTG to be the most likely start of the coding sequence and thereby define 

the sigA 5′ UTR as 123 nt in length. 

  

https://www.ncbi.nlm.nih.gov/nuccore/NC_008596
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Assumptions made in subsequent data analysis. 

In subsequent sections, we will report data on mRNA abundance, mRNA half-life, and protein abundance 

for a series of reporter constructs. We will also report predicted transcription rates and apparent 

translation efficiencies, which are calculated from the abundance and half-life data. These calculated 

values rest upon a key assumption that most of the mRNA synthesized in the cell contributes to the 

measured abundance and half-life values. If this is not true, the data could be interpreted differently and 

different conclusions reached (Nogueira et al., 2001). These alternate interpretations are offered in 

Discussion. 

 

Figure 2-1. The M. smegmatis sigA gene has a longer-than-typical 5′ UTR. (A) Distributions of 5′ UTR lengths 

for M. smegmatis and M. tuberculosis genes reported to be transcribed from a single TSS (41, 42). (B) Constructs to 

confirm the predicted sigA translation start site. pmyc1tetO was described in reference 57. UTRsigA denotes the 123-nt 

sequence between the experimentally determined TSS (41) and the annotated translation start site. (C) Flow 

cytometry with YFP-expressing constructs diagrammed in panel B. (D) Median fluorescence intensities determined by 

flow cytometry. Error bars denote 95% confidence interval (CI). Fluorescence intensities were compared by Kruskal-

Wallis test followed by Dunn’s multiple-comparison test. ****, P < 0.0001; ns, P > 0.05.  
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The initial portion of the sigA coding sequence affects mRNA half-life and predicted 

transcript production rate. 

To capture 5′ UTR-dependent effects on transcription, mRNA stability, and translation, we sought to 

investigate the role of the sigA 5′ UTR (UTRsigA) in the context of a yfp transcript. UTR-mediated regulation 

of translation sometimes involves base pairing of 5′ UTR sequences with elements in the early portion of 

the coding sequence. Thus, we decided to include in our investigation the first 54 nt from the coding 

region of sigA (sigA54). To determine if sigA54 alone affected expression, we compared fluorescence from 

our YFP reporters with or without the sigA54 N-terminal extension, independent from UTRsigA. 

Transcription was driven by the pmyc1tetO promoter for these and all constructs used in this study. While 

this semisynthetic promoter contains TetR binding sites, the strains used in this study did not encode the 

corresponding Tet repressor, and the promoter was therefore constitutively active. Where indicated, 

constructs included the pmyc1tetO-associated 5′ UTR (UTRpmyc1tetO) as initially described in reference (Ehrt 

et al., 2005). To ensure that expression initiated only from the annotated promoter and not from spurious 

promoter-like sequences in UTRpmyc1tetO or sigA54, we built a control strain in which nt −53 through −1 of 

the promoter were deleted (Δpmyc1tetO) (Figure 2-2A). 

We first tested the impact of sigA54 on YFP fluorescence intensity using UTRpmyc1tetO. Interestingly, 

the sigA54 strain was ∼9-fold less fluorescent than the strain in which YFP lacked this N-terminal extension 

(Figure 2-2B). To confirm that the reduced YFP fluorescence in the presence of sigA54 indeed reflected 

reduced protein levels rather than altered YFP structure or intrinsic fluorescence, we measured protein 

levels directly by Western blotting. The Western blotting data were consistent with the flow cytometry 

result, showing an approximately 16-fold reduction of YFP levels with the inclusion of sigA54 compared to 

the no-sigA54 strain (Figure 2-2C; see also Figure S2-1). 
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Figure 2-2. The first 54 nt of the sigA coding sequence affects transcript production rate and mRNA half-life. 

(A) Constructs transformed into M. smegmatis to determine the impact of the first 54 nt of the sigA coding sequence 

(sigA54) on expression of a YFP reporter. (B) Median YFP fluorescence of strains bearing the constructs in panel A, 

determined by flow cytometry. Error bars denote 95% CI. Strains were compared by Kruskal-Wallis test followed by 

Dunn’s multiple-comparison test. (C) Lysates from strains bearing constructs with and without sigA54 were subject to 

Western blotting to detect the C-terminal 6×His tag on the YFP. The mass of total protein loaded per lane is stated. 

(D) yfp mRNA abundance for strains bearing the indicated constructs, determined by qPCR and normalized to 

expression of endogenous sigA. Error bars denote standard deviation. Strains were compared by analysis of variance 

(ANOVA) with Tukey’s honestly significant difference (HSD) test. (E) The half-lives of yfp mRNA produced from the 

indicated constructs were measured. Error bars denote 95% CI. Half-lives were compared using linear regression 

analysis (n = 3). (F) Protein abundance, mRNA abundance, mRNA half-life, and calculated transcript production rate for 

the construct containing sigA54 are shown as a percentage of the values produced by a construct that lacks sigA54 but 

is otherwise identical. ****, P < 0.0001. 
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To assess if the presence of sigA54 affected yfp transcript levels, we conducted quantitative PCR (qPCR) 

for the same set of strains. Indeed, sigA54 yfp levels were approximately 6-fold lower than those of 

the yfp strain (Figure 2-2D). This suggested that the decrease in YFP protein levels could be due to a 

reduction in yfp mRNA levels. Alternatively, the sigA54 yfp transcript could be translated less efficiently, 

leading to reduced mRNA stability and thus lower steady-state abundance. 

We then wondered if sigA54 affected transcript abundance by increasing the rate of transcript decay or by 

decreasing the rate of transcription. Thus, we determined mRNA half-life for yfp with and without sigA54. 

As shown in Figure 2-2E, we estimated the half-life of yfp alone to be ∼1.5 min and the half-life 

of yfp plus sigA54 to be ∼0.6 min. We concluded that the first 54 nt of sigA made the yfp transcript more 

susceptible to degradation. Knowing the abundance and decay rate of a transcript, the rate of 

transcription can be predicted mathematically (Esquerré et al., 2014). This predicted transcription rate 

encompasses initiation, elongation, and termination, and changes in the apparent transcription rate could 

therefore theoretically result from changes in any of those three facets. We will henceforth refer to this 

calculated rate as the predicted transcript production rate. The insertion of sigA54 as an N-terminal 

extension for YFP appeared to reduce the yfp transcript production rate by approximately 60% (Figure 

2-2F). 

The sigA 5′ UTR affects transcript half-life, translation, and predicted transcript 

production rate. 

In order to assess the effects of UTRsigA on transcription, mRNA stability, and translation, we replaced 

UTRpmyc1tetO with UTRsigA in our sigA54 yfp reporters as shown in Figure 2-3A. The presence of UTRsigA led to 

an approximately 2-fold reduction in YFP fluorescence intensity when compared to the 

UTRpmyc1tetO reporter strain (Figure 2-3B). We wondered if the reduction in fluorescence attributed to 

UTRsigA was associated with reduced yfp transcript abundance. However, qPCR revealed equivalent 
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transcript levels for strains with UTRsigA and UTRpmyc1tetO (Figure 2-3C), indicating that the reduced protein 

levels were more likely a consequence of reduced translation efficiency. Interestingly, yfp mRNA half-life 

was reduced to 0.28 min by the presence of UTRsigA (Figure 2-3D), suggesting that a higher transcript 

production rate is required to maintain the steady-state mRNA abundance that we observed (Figure 2-3E). 

Taken together, our findings suggest that UTRsigA may affect transcription, transcript decay, and 

translation. In Figure 2-3E, we summarize these results as percentages of yfp transcript production rate, 

mRNA abundance, mRNA half-life, and YFP protein levels relative to the UTRpmyc1tetO sigA54 strain. 

 

Figure 2-3. The sigA 5′ UTR affects translation efficiency, mRNA half-life, and transcript production rate. (A) 

Constructs transformed into M. smegmatis to determine the impact of the sigA 5′ UTR on expression of a YFP 

reporter. (B) Median YFP fluorescence of strains bearing the constructs in panel A, determined by flow cytometry. 

Error bars denote 95% CI. Strains were compared by Kruskal-Wallis test followed by Dunn’s multiple-comparison test. 

(C) yfp mRNA abundance for strains bearing the indicated constructs, determined by qPCR and normalized to 

expression of endogenous sigA. Error bars denote standard deviation. Strains were compared by ANOVA with Tukey’s 

HSD. 

(continued on next page) 
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We analyzed the sequences and predicted secondary structures of UTRsigA and UTRpmyc1tetO to 

investigate possible causes of the apparent difference in translation efficiency. The ribosome binding sites 

(RBSs) of these two UTRs have similar degrees of identity to a theoretically perfect mycobacterial SD 

sequence (the reverse complement of the 3′ end of the 16S rRNA) (see Figure S2-2A). We noted that the 

spacing between the SD and start codon differed between the two UTRs (see Figure S2A). However, both 

spacings are common among native M. smegmatis transcripts harboring these SD sequences (Figure S2B), 

suggesting that neither spacing is particularly extreme. Secondary structure predictions by Sfold (Ding et 

al., 2004; 2005) suggested that the UTRpmyc1tetO SD is likely to be in a single-stranded loop while the 

UTRsigA SD is likely to be partially base-paired (Figure S2-2C and D), suggesting that there may be 

differences in SD accessibility for ribosome binding. Either the differences in SD start codon spacing or the 

differences in predicted secondary structure could potentially be responsible for the observed differences 

in apparent translation efficiency. 

Leaderless mRNAs may be transcribed less efficiently. 

Leaderless transcripts are common in mycobacteria and were found to be associated with reduced protein 

abundance compared to that of leadered transcripts with near-consensus Shine-Dalgarno sites (Cortes et 

al., 2013), suggesting that leaderless translation may be generally less efficient as was shown in E. coli (Van 

Etten and Janssen, 1998; O'Donnell and Janssen, 2001; Beck et al., 2016).  However, this hypothesis was 

not experimentally tested in mycobacteria. We therefore built two leaderless yfp reporters under the 

control of the pmyc1tetO promoter, with and without the sigA54 N-terminal extension (Figure 2-4A).  

Figure 2-3. Legend (Continued) 

(D) The half-lives of yfp mRNA produced from the indicated constructs were measured. Error bars denote 95% CI. 

Half-lives were compared using linear regression analysis (n = 3). (E) Protein abundance, mRNA abundance, mRNA 

half-life, and calculated transcript production rate for the construct containing the sigA 5′ UTR are shown as a 

percentage of the values produced by a construct that contains the pmyc1tetO-associated 5′ UTR. Note that some 

data shown in Figure 2-2 are reproduced here to facilitate comparisons. ****, P < 0.0001; ns, P > 0.05.  
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Figure 2-4. Leaderless transcripts have altered translation efficiencies, mRNA half-lives, and predicted 

transcript production rates compared to those of leadered controls.  (Legend on next page) 
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When we compared YFP fluorescence between the leadered and leaderless reporters, we found that the 

leaderless fusions were substantially less fluorescent than those containing either 5′ UTR, regardless of 

the presence of sigA54 (Figure 2-4B). The leaderless constructs also had reduced yfp mRNA levels 

compared to those of all of the leadered constructs (Figure 2-4C). When comparing the leaderless 

constructs to the UTRpmyc1tetO construct, protein levels were decreased to a greater extent than mRNA 

levels, (Figure 2-4D), suggesting that the leaderless mRNAs were indeed translated less efficiently than 

mRNAs bearing UTRpmyc1tetO. However, the difference in protein abundance from constructs without 

leaders and with UTRsigA could be largely explained by the difference in mRNA levels (Figure 2-4D), 

suggesting that leaderless and UTRsigA-leadered mRNAs are translated with similar efficiencies. 

To further evaluate the relationship between leader status and translation efficiency, we compared the 

relative abundances of proteins and mRNAs in M. tuberculosis using published quantitative proteomics 

data (Schubert et al., 2015) and transcriptome sequencing (RNA-seq) data (Shell et al., 2015). For both 

leaderless transcripts and transcripts with 5′ UTRs ≥15 nt in length, mRNA abundance and protein 

abundance were significantly correlated (P < 0.0001, Spearman’s ρ) (Figure 2-4E). 

Figure 2-4.  Legend (Continued) 

(A) Constructs transformed into M. smegmatis to compare leaderless versus leadered gene structures. (B) Median 

YFP fluorescence of strains bearing the constructs in panel A, determined by flow cytometry. Error bars denote 95% 

CI. Strains were compared by Kruskal-Wallis test followed by Dunn’s multiple-comparison test. (C) yfp mRNA 

abundance for strains bearing the indicated constructs, determined by qPCR and normalized to expression of 

endogenous sigA. Error bars denote standard deviation. Strains were compared by ANOVA with Tukey’s HSD. (D) 

Transcripts containing the pmyc1tetO-associated 5′ UTR are translated more efficiently than leaderless transcripts or 

those containing the sigA 5′ UTR. (E) Published M. tuberculosis mRNA abundance (42) and protein abundance (62) 

levels for genes that have a single TSS and are leaderless or have 5′ UTRs of ≥15 nt. Protein and mRNA abundance were 

significantly correlated for both gene structures (P < 0.0001, Spearman’s ρ). Linear regression analysis revealed that 

the slopes were statistically indistinguishable (P = 0.44). (F) The half-lives of yfp mRNA produced from the indicated 

constructs were measured. Error bars denote 95% CI. Half-lives were compared using linear regression analysis (n = 3). 

(G) Protein abundance, mRNA abundance, mRNA half-life, and calculated transcript production rate for leaderless 

transcripts compared to transcripts with 5′ UTRs. Note that some data shown in Figure 2-2 and Figure 2-3 are 

reproduced here to facilitate comparisons. ****, P < 0.0001; ***, P < 0.001; ns, P > 0.05. 
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We omitted transcripts with 1- to 14-nt UTRs because it is unknown if these behave more like leadered 

transcripts or more like leaderless transcripts with respect the mechanisms of translation initiation. Linear 

regression of these correlations revealed that they were statistically indistinguishable for leadered versus 

leaderless transcripts, consistent with the idea that variability in translation efficiency among 

mycobacterial genes is largely driven by factors other than the presence or absence of a leader. 

We wondered if the reduced abundance of the leaderless yfp transcripts relative to the UTRpmyc1tetO-

leadered transcripts was associated with reduced mRNA stability. Indeed, yfp half-lives for the 

UTRpmyc1tetO leadered transcripts were longer than their leaderless counterparts (Figure 2-4F). In contrast, 

the leaderless transcripts had half-lives similar to the transcript bearing UTRsigA (Figure 2-4F). Interestingly, 

leaderless transcripts with and without the sigA54 N-terminal extension had equivalent half-lives. Taken 

together, the data indicate that the destabilizing effect of sigA54 observed in Figure 2-2F is dependent on 

the UTRpmyc1tetO present in those constructs. 

 

Figure 2-5. Translation efficiency is poorly correlated with mRNA half-life and predicted transcript production 

rate. Translation efficiency was defined as the ratio of protein abundance to mRNA abundance (arbitrary units). (A) 

Variability in mRNA half-life is largely not explained by variability in translation efficiency. (B) Variability in predicted 

transcript production rate is uncorrelated with translation efficiency.  
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The predicted yfp transcript production rates of the leaderless constructs were lower than those of their 

leadered counterparts (Figure 2-4G). This is consistent with the idea that transcription-translation 

coupling can cause transcription rates to be altered as a function of translation efficiency (Proshkin et al., 

2010). However, the UTRsigA-leadered transcript appeared to be translated with a similar efficiency as the 

leaderless constructs (Figure 2-4D) and yet had a substantially higher transcript production rate. 

Translation efficiency is a poor predictor of mRNA half-life and transcript production 

rate. 

The five constructs described above had identical promoters but produced strains that varied widely with 

respect to protein abundance, mRNA abundance, mRNA half-life, translation efficiency, and predicted 

transcript production rates. Given the reported impacts of translation efficiency on mRNA stability in 

bacteria (Pato et al., 1973; Wagner et al., 1994; Arnold et al., 1998; Braun et al., 1998; Jurgen et al., 1998; 

Hambraeus et al., 2002; Sharp and Bechhofer, 2003), we wondered to what extent the differences in half-

life among our constructs were explained by differences in translation efficiency. We defined translation 

efficiency as follows: 

Translation efficiency =
𝑝𝑟𝑜𝑡𝑒𝑖𝑛 𝑎𝑏𝑢𝑛𝑑𝑎𝑛𝑐𝑒

[𝑚𝑅𝑁𝐴]
 

However, the relationship between translation efficiency and mRNA half-life was weak (Figure 2-5A), 

indicating that the variability in mRNA half-life was largely due to other factors. Translation rate has also 

been reported to affect transcription rate (Proshkin et al., 2010), but these two properties did not appear 

to be correlated in our constructs (Figure 2-5B), suggesting that the differences in transcript production 

rate were not a consequence of differences in translation rate. Alternative interpretations of these and 

other analyses are discussed below. 
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Discussion 

The sigA transcripts in both M. tuberculosis and M. smegmatis were reported to have relatively short half-

lives (Rustad et al., 2012; Vargas-Blanco et al., 2019), and we hypothesized that this property was 

conferred in part by the 5′ UTR. We therefore sought to determine the impacts of the M. 

smegmatis sigA 5′ UTR on expression and mRNA stability. Compared to a 5′ UTR associated with high 

levels of protein expression and commonly used in mycobacterial expression vectors (Ehrt et al., 2005), 

the sigA UTR indeed conferred a shorter half-life as well as reduced translation efficiency (which could be 

the cause of the reduced half-life). However, the half-life of a sigA-leadered transcript was similar to that 

of a leaderless transcript. Insertion of part of the sigA coding sequence as an N-terminal translational 

fusion to our YFP reporter also caused a reduction in mRNA half-life. These findings suggest that the 

relative instability of the native sigA transcript is a product of multiple features, including the 5′ UTR and 

regions of the coding sequence. However, this effect was not observed for a leaderless version of the 

translational fusion, indicating the effect is context dependent. 

Our mRNA abundance and half-life data allowed us to calculate predicted transcript production rates. 

These calculated transcript production rates reflect the combined contributions of transcription initiation, 

elongation, and termination (with initiation and termination likely being the largest contributors), and our 

methodology did not allow us to distinguish between these processes. It is important to note that these 

rates were not directly measured but rather inferred from direct measurements of mRNA abundance and 

half-life; other interpretations of the data are therefore possible, as described below. Interestingly, 

the sigA 5′ UTR appeared to increase transcript production rates compared to the pmyc1tetO-associated 

UTR or leaderless transcripts. The promoter sequence upstream of the transcription start site (TSS) was 

identical for all constructs. The effect of the 5′ UTR on transcript production rate could therefore be 

mediated by at least three possible mechanisms. First, the sequence downstream of the TSS could affect 
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RNA polymerase binding and therefore initiation as has been reported in E. coli (Berg et al., 2009). This is 

consistent with the finding that the E. coli RNA polymerase footprint extends 20 nt downstream of the 

TSS in both the open and closed initiation complexes (Davis et al., 2007) and advises caution when using 

TSS data to predict promoters. Second, the composition of the 5′ UTR could affect rates of premature 

termination and therefore rates of production of full-length transcript as has also been reported 

(Hambraeus et al., 2002; Lale et al., 2011). We also note that the qPCR primers that we used to measure 

transcript abundance and half-life anneal to the coding sequence, so we only quantify transcripts that 

extend at least 89 nt into the coding sequence. Transcripts that terminate before this point are not 

detected in our experimental setup. Third, elongation rates could vary among constructs due to presence 

or absence of pause sites (Davenport et al., 2000) or DNA binding proteins that form roadblocks (Epshtein 

et al., 2003). Viewed broadly, this result highlights the complexity of bacterial transcription. 

An alternative interpretation of these data is possible if one considers the idea that newly synthesized 

mRNAs may be degraded nearly instantaneously if not immediately engaged by the translation machinery. 

To our knowledge first proposed in detail in (Nogueira et al., 2001), this hypothesis invokes a population 

of “dark matter” mRNAs that are synthesized but decay so rapidly that they are not detected by 

abundance and half-life measurements. In this model, measured half-lives reflect primarily the decay of 

those transcripts that are quickly engaged by ribosomes and therefore long enough lived to contribute to 

steady-state abundance. The model implies that steady-state abundance is a function not only of 

transcription rate and measured half-life, as assumed in our transcript production rate calculations, but 

also of partitioning between the translated pool and the “dark matter” pool. If more mRNA is partitioned 

into the translated pool, greater steady-state abundance could be achieved without increased 

transcription rates and vice versa. Importantly, changes in partitioning between these pools need not 

correspond with predictable changes in measured mRNA half-life or protein levels. For example, 
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transcripts containing the sigA 5′ UTR could conceivably engage ribosomes more quickly than transcripts 

containing the pmyc1tetO-associated UTR and therefore enter the translated pool at higher rates yet be 

more susceptible to degradation during or after translation, resulting in shorter half-lives and thus similar 

steady-state mRNA abundance as we observed (Figure 2-3). 

The relative efficiency of leaderless versus leadered translation in mycobacteria has not been 

experimentally established. Proteomics data from M. tuberculosis suggested that proteins encoded on 

leaderless transcripts were less abundant than those encoded on leadered transcripts with evident SD 

sequences, but this difference appeared to be explained by differences in mRNA levels (Cortes et al., 

2013). A subsequently reported quantitative proteomics data set (Schubert et al., 2015) allows for a more 

rigorous assessment of the relationship between mRNA abundance and protein abundance in M. 

tuberculosis. When comparing leaderless genes to leadered genes with a single TSS, we found that 

leaderless genes indeed on average had slightly but significantly lower levels of both mRNA and protein 

(Mann-Whitney tests for both, P < 0.01). However, the relationships between mRNA abundance and 

protein abundance did not differ for these two groups. 

There are at least two ways to interpret protein/mRNA ratios. In Results and the figures, we refer to these 

ratios as a measure of translation efficiency on the grounds that they reflect the number of protein 

molecules produced per mRNA molecule. This interpretation rests upon the assumption that most mRNAs 

are stable enough to contribute to measurements of steady-state abundance. There are various reports 

of mutations or modifications that affect mRNA levels and protein levels differently (Baumeister et al., 

1991; Hambraeus et al., 2002; Sharp and Bechhofer, 2003; Lale et al., 2011; Bhattacharyya et al., 2018), 

supporting the idea that translation efficiency can indeed be estimated by comparing protein levels to 

mRNA levels. Using this assumption and definition of translation efficiency, the M. tuberculosis data imply 

that there is no global difference in translation efficiency for leadered versus leaderless transcripts. Using 
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the same assumptions, the small number of controlled comparisons that we report here support that 

idea; transcripts with the pmyc1tetO-associated UTR were translated more efficiently than leaderless 

transcripts, but a transcript with the sigA UTR was translated with similar efficiency as its leaderless 

counterpart. Notably, the difference in translation efficiency between the two leadered transcripts might 

be attributable to differences in secondary structure rather than differences in favorability of the SD 

sequences. 

A positive correlation between mRNA half-life and translation efficiency was reported for E. coli (Boel et 

al., 2016), consistent with the idea that translation may protect mRNAs from degradation. We did not 

observe such a correlation within our set of five transcripts, indicating that translation efficiency is not the 

primary driver of the variability in half-lives that we observed. However, a broad analysis of this 

relationship in mycobacteria is warranted. 

The protein and mRNA abundance data must be interpreted differently if there is a “dark matter” mRNA 

pool that does not contribute to the mRNA abundance measurements. In this model, steady-state mRNA 

abundance is affected by translation efficiency as a consequence of partitioning between the translated 

pool and the “dark matter” pool. Translation efficiency would therefore affect steady-state mRNA 

abundance to a greater extent than that predicted by measured mRNA half-lives. Importantly, in this 

model, the relationship between protein abundance and mRNA abundance is not a reliable indicator of 

translation efficiency. In M. tuberculosis, lower average levels of both mRNA and protein from leaderless 

genes could therefore be a consequence of slower engagement of ribosomes and greater partitioning of 

mRNAs into the undetected “dark matter” pool. 

It is prudent to note the assumptions underlying our definition of mRNA half-life. We assume that 

following transcription block by rifampin, the initial rapid decrease in yfp transcript abundance that we 
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observe (see Figure S2-3) indeed reflects the degradation rate for most yfp transcripts produced in an 

unperturbed cell. This assumption could be invalid if rifampin immediately alters mRNA degradation rates. 

If there are populations of “dark matter” mRNAs, the measured half-lives presumably reflect only the 

decay rate of those mRNAs that are engaged by ribosomes. We also note that, for most constructs, we 

observed a second, slow phase of mRNA decay (see Figure S2-3 and Materials and Methods). This could 

reflect changes in mRNA decay in response to rifampin or reflect the presence of a second pool of 

transcripts with an inherently slower decay rate. As we could not distinguish between these possibilities, 

and the slow-decaying pool appeared to comprise at most 10% of the total, we did not further analyze it 

in this study. However, we cannot exclude the possibility that it is real and physiologically relevant. 

Materials and methods 

Strains and culture conditions. 

All experiments were done using a Mycobacterium smegmatis ΔMSMEG_2952 strain (Yang et al., 2017), 

which is less prone to aggregation (clumping) than its parent strain mc2155 and therefore permits higher 

confidence measurements by flow cytometry. This strain and its derivatives (Table 2-1) were grown in 

Middlebrook 7H9 medium with albumin-dextrose-catalase (ADC) supplementation (final concentrations, 

5 g/liter bovine serum albumin fraction V, 2 g/liter dextrose, 0.85 g/liter NaCl, and 3 mg/liter catalase), 

0.2% glycerol, and 0.05% Tween 80. Cultures were shaken at 200 rpm and 37°C to an optical density at 

600 nm (OD600) of ∼0.8 at the time of harvest. 

Plasmid construction. 

Plasmid pSS303 was built on a backbone derived from pGH1000A (Morris et al., 2008) by inserting 

a yfp cassette containing the gene sequence of a YFP reporter (sfYFP, obtained from Ivy Fitzgerald and 

Benjamin Glick) with a 6×His tag at the C terminus (complete amino acid sequence, 

https://jb.asm.org/content/202/9/e00746-19#T1
https://jb.asm.org/content/202/9/e00746-19#T1
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MASDSTESLFTGVVPILVELDGDVNGHKFSVRGEGEGDATNGKLTLKLICTTGKLPVPWPTLVTTLGYGVQCFARYPDH

MKQHDFFKSAMPEGYVQERTITFKDDGTYKTRAEVKFEGDTLVNRIELKGIDFKEDGNILGHKLEYNFNSHNVYITADK

QKNGIKANFKIRHNVEDGGVQLADHYQQNTPIGDGPVLLPDNHYLSYQSKLSKDPNEKRDHMVLLEFVTAAGITHGSS

GSSGCHHHHHH). Two synthetic transcriptional terminators were inserted flanking the cassette as 

follows: tsynA (Czyz et al., 2014) upstream and ttsbiB (Huff et al., 2010) downstream. Transcription was 

initiated by the pmyc1tetO promoter, which was constitutively active in our strains due to the absence of 

the corresponding tet repressor (Ehrt et al., 2005). All constructs (pSS303 and derivatives noted in Table 

2-1) were built using NEBuilder HiFi DNA assembly master mix (catalog number E2621). Each assembled 

plasmid was integrated in M. smegmatis ΔMSMEG_2952 (Yang et al., 2017) at the Giles phage site and 

selected with 200 μg/mL hygromycin. 

Cell fixation and flow cytometry. 

Several 1.5-mL aliquots of M. smegmatis cultures were pelleted, resuspended in 500 µL 2% 

paraformaldehyde in phosphate-buffered saline (PBS), and incubated at room temperature for 30 min. 

Cells were rinsed twice using 900 µL PBS + 0.1% Tween 20 and resuspended to a calculated OD600 of 15. 

Prior to flow cytometry analysis, cells were filtered using an 18-gauge 5-μm filter needle and diluted with 

Middlebrook 7H9 to an OD600 of 0.015. YFP fluorescence intensity was measured per manufacturer’s 

instructions using a BD Accuri C6 flow cytometer collecting 100,000 events per sample (Figure 2-1B and C) 

or a BD LSR II flow cytometer collecting 50,000 events per sample (Figure 2-2B, Figure 2-3B, and Figure 

2-4B) using appropriate controls and thresholds. FlowJo v10.6 was used to draw tight forward scatter and 

side scatter gates to limit analysis to similarly sized cells, and GraphPad Prism 8 was used for statistical 

analysis.  

https://jb.asm.org/content/202/9/e00746-19#T1
https://jb.asm.org/content/202/9/e00746-19#T1
https://jb.asm.org/content/202/9/e00746-19#T1
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RNA extraction and determination of mRNA abundance and stability. 

RNA extraction, measurement of mRNA abundance, and mRNA stability analyses from M. 

smegmatis cultures were conducted in biological triplicates as described in reference (Vargas-Blanco et 

al., 2019) Briefly, mRNA abundance was measured by quantitative PCR (qPCR) using iTaq SYBR green (Bio-

Rad) on an Applied Biosystems 7500 with 400 pg of cDNA and 0.25 μM each primer in 10-µL reaction 

mixtures. Cycle parameters were 95°C for 15 s and 61°C for 60 s. Primers used to determine mRNA 

abundance are listed in Table 2-2. 

For mRNA stability analysis, 5-mL M. smegmatis cultures were treated with rifampin at a final 

concentration of 150 μg/mL to halt transcription and snap-frozen in liquid nitrogen after 0, 1, 2, or 4 min. 

Abundance over time was determined for sigA and yfp using qPCR and used to estimate mRNA half-lives 

essentially as in reference (Vargas-Blanco et al., 2019). For each sample, the negative of the threshold 

cycle (CT) represents transcript abundance on a log2 scale. For each strain and gene, linear regression was 

performed on a plot of −CT versus time. Half-life was defined as −1/slope. sigA half-lives were equivalent 

in all strains and not shown. As we have observed for many other genes in mycobacteria, plotting 

log2 abundance over time produced a biphasic decay curve consistent with a period of faster exponential 

decay, followed by a period of much slower exponential decay (see Figure S2-3A). Similar biphasic decay 

curves have been reported by others for some E. coli genes (Hambraeus et al., 2003; Brescia et al., 2004; 

Chen et al., 2015; Sinha et al., 2018). The initial rapid decay phase reflects the rate of decay for at least 

90% of the yfp RNA present in our samples. We therefore used only this initial phase for mRNA half-life 

calculations (0, 1, and 2 min for strain SS-M_0489 and 0 and 1 min for strains SS-M_0493 and SS-M_0626) 

(see Figure S2-3B). The slower decay phase could reflect the presence of minority transcript species that 

inherently decay more slowly or could reflect perturbation of cellular physiology due to rifampin. 

https://jb.asm.org/content/202/9/e00746-19#T2
https://jb.asm.org/content/202/9/e00746-19#T2


85 

Calculation of transcript production rates. 

The rate of transcript production was estimated as described in reference (Esquerré et al., 2014). Briefly, 

transcript production rate (Vt) is described as follows: 

𝑉𝑡 = 𝑘 ∙ [𝑚𝑅𝑁𝐴] + 𝜇 ∙ [𝑚𝑅𝑁𝐴] 

Where [mRNA] is a given transcript’s concentration, μ is the growth rate of the cells (ln2/doubling time), 

and k is the degradation rate constant (ln2/half-life). Note that because [mRNA] is derived from our qPCR 

data and is therefore a relative value rather than absolute value, the calculated transcript production rate 

is also a relative rather than absolute value. 

Protein extraction and BCA assay. 

M. smegmatis cells were pelleted; rinsed three times with Middlebrook 7H9, 0.2% glycerol, and 0.05% 

Tween 80 at 4°C; resuspended in PBS + 2% SDS + protease inhibitor cocktail (VWR; catalog number 97063-

972); and transferred to 2-mL disruption tubes (OPS Diagnostics; 100-μm zirconium lysing matrix, 

molecular grade). Cultures were lysed using a FastPrep-24 5G instrument (MP Biomedical) using four 

cycles of 6.5 m/s for 30 s with 1 min on ice between cycles. Samples were clarified by centrifugation at 

21,130 × g at 4°C for 10 min, and the supernatant containing protein was recovered and stored at –20°C. 

Protein concentrations were calculated using the Pierce BCA protein assay (Thermo Scientific; catalog 

number 23225) according to the manufacturer’s instructions. 

Western blotting. 

Protein was normalized to the indicated masses in a final volume of 9 µL combined with 4 µL of 4× protein 

loading dye (200 mM Tris-HCl [pH 6.8], 400 mM dithiothreitol [DTT], 8% SDS, 0.4% bromophenol blue, 

40% glycerol) and heated to 95°C for 10 min. Using gradient gels (4 to 15% Mini-Protean TGX precast 
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protein gels; Bio-Rad; catalog number 4561086), the samples were electrophoresed for 60 min at 140 V 

and then transferred to a polyvinylidene difluoride (PVDF) membrane. The membrane was incubated in 

blocking solution (PBS plus 5% nonfat milk) for 30 min and washed once for 5 min using washing buffer 

(PBS 1× buffer plus 0.1% Tween 20). The membrane was probed with 1 μg/mL His tag antibody (polyclonal 

antibody, rabbit; GenScript; catalog number A00174) in blocking solution for 60 min at room temperature. 

The membrane was then rinsed twice with wash buffer and once with 1× PBS and incubated with anti-

rabbit IgG–peroxidase (Sigma-Aldrich; catalog number A4914), 1:30,000 in blocking solution, for 60 min 

at room temperature. The membrane was rinsed as previously described and incubated with horseradish 

peroxidase (HRP) substrate (Radiance Q; Azure Biosystems; catalog number AC2101) as recommended by 

the manufacturer. Imaging was done using an Azure C200 imaging system (Azure Biosystems). 

Software.  

GraphPad Prism was used for all linear regressions and comparisons (GraphPad Software, La Jolla, CA). 

The Srna program within Sfold was used for RNA secondary structure predictions (Ding et al., 2004; 

2005). 
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Tables 

Table 2-1. Strains and plasmids used 

Plasmid Strain Characteristics 

- ∆MSMEG_29521 mc2155, MSMEG2952::hygr 

pSS303 SS-M_0486 pmyc1tetO promoter + pmyc1 5’ UTR + yfp-6xHis 

pSS309 SS-M_0489 pmyc1tetO promoter + sigA 5’ UTR + first 54 nt of sigA + yfp-6xHis 

pSS310 SS-M_0493 pmyc1tetO promoter + no 5’ UTR + yfp-6xHis 

pSS314 SS-M_0497 pmyc1tetO promoter with a deletion of nt -53 through -1 + yfp-6xHis 

pSS316 SS-M_0521 pmyc1tetO promoter + Δ1GTG sigA + first 54 nt of sigA + yfp-6xHis 

pSS335 SS-M_0524 pmyc1tetO promoter + Δ2GTG sigA + first 54 nt of sigA + yfp-6xHis 

pSS359 SS-M_0623 pmyc1tetO promoter + pmyc1 5’ UTR + first 54 nt of sigA + yfp-6xHis 

pSS360 SS-M_0626 pmyc1tetO promoter + no 5’ UTR + first 54 nt of sigA + yfp-6xHis 

pSS365 SS-M_0629 
pmyc1tetO promoter with a deletion of nt -53 through -1 + first 54 nt of sigA + 
yfp-6xHis 

pSS384 SS-M_0636 
pmyc1tetO promoter with a deletion of nt -53 through -1 + sigA 5’ UTR + first 
54 nt of sigA + yfp-6xHis 

pSS385 SS-M_0639 
pmyc1tetO promoter with a deletion of nt -53 through -1 + pmyc1 5’ UTR + first 
54 nt of sigA + yfp-6xHis 

1 Strain source: (Yang et al., 2017) 

 

Table 2-2. Primers for qPCR 

Primer name Gene Directionality Sequence 5’ → 3’ 

JR273* sigA (msmeg_2758) Forward GACTACACCAAGGGCTACAAG 

JR274* sigA (msmeg_2758) Reverse TTGATCACCTCGACCATGTG 

SSS833 yfp Forward GATAGCACTGAGAGCCTGTT 

SSS834 yfp Reverse CTGAACTTGTGGCCGTTTAC 
*Sequence source: (Rock et al., 2017). 

 

Supplemental Table 

Table S1. Mycobacterium tuberculosis and M. smegmatis 5’ UTR information 

This table can be accessed online: 

https://jb.asm.org/highwire/filestream/303803/field_highwire_adjunct_files/1/JB.00746-19-sd001.xlsx 

 

 

https://jb.asm.org/highwire/filestream/303803/field_highwire_adjunct_files/1/JB.00746-19-sd001.xlsx
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Supplemental Figures 

 

Figure S2-1. Expression of YFP constructs does not appear to globally affect protein levels in M. smegmatis. 

Coomassie stained gel loaded with duplicate lysates from strains expressing the indicated YFP constructs (first six 

strains) or from the parental strain into which the YFP constructs were transformed (last strain). YFP is approximately 

27 kDa and does not appear to be expressed at high enough levels to be visible by Coomassie staining. 
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Figure S2-2. Comparison of Shine-Dalgarno (SD) sequences and predicted secondary structures for the sigA 

5’ UTR and the pmyc1tetO-associated 5’ UTR. (A) The sigA and pmyc1tetO-associated RBSs are shown aligned to the 

reverse complement of the 3’ end of the M. smegmatis 16S rRNA. Positions that match this theoretically perfect SD 

sequence are highlighted in red. Start codons are bolded and boxed. (B) Distributions of SD-start codon spacings for 

all genes that have the indicated SD sequences in the M. smegmatis genome. Yellow indicates the sigA SD sequence 

and green indicated the pmyc1tetO-associated SD sequence. Black arrows indicate the SD-start codon spacings for the 

sigA and pmyc1tetO-associated SD sequences. (C-D) Ensemble centroid predictions using Sfold (Ding et al, 2004) for 

secondary structures formed by the pmyc1tetO-associated (C) and sigA (D) 5’ UTRs plus the first 15 nt of the sigA coding 

sequence. The predicted core SD sequences are highlighted in red. Start codons are highlighted in gray. The structures 

of the RBS regions were predicted to be the same when folding was performed using only the UTRs and start codons 

or using the UTRs and 54 nt of the sigA coding sequence. 

(continued on next page) 
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Figure S2. (Continued) 
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Figure S2-3. mRNA decay curves used to calculate the half-lives reported in the main text. (A) Quantitative PCR 

was used to measure yfp abundance following treatment of M. smegmatis cultures with 150 g/mL rifampicin at time 

zero. The values displayed are normalized to the time zero abundance for the pmyc1
tetO5’UTR construct and log2 

transformed. A single exponential decay is expected to produce a strain line for log2 transformed values. In the main 

text we discuss possible reasons for the biphasic curves produced by some constructs. (B) The time-points used for 

calculating half-lives. The steepest portion of each curve was used, which in most cases was the earlier time-points. 

As further discussed in the main text, we predicted that the earlier, steeper decay rates were most likely to reflect the 

decay rates of the majority of the RNA molecules in cells not perturbed by rifampin. 
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Abstract 

The success of Mycobacterium tuberculosis as a human pathogen is due in part to its ability to survive 

stress conditions, such as hypoxia or nutrient deprivation, by entering non-growing states. In these low-

metabolism states, M. tuberculosis can tolerate antibiotics and develop genetically encoded antibiotic 

resistance, making its metabolic adaptation to stress crucial for survival. Numerous bacteria, including M. 

tuberculosis, have been shown to reduce their rates of mRNA degradation under growth limitation and 

stress. While the existence of this response appears to be conserved across species, the underlying 

bacterial mRNA stabilization mechanisms remain unknown. To better understand the biology of non-

growing mycobacteria, we sought to identify the mechanistic basis of mRNA stabilization in the 
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nonpathogenic model Mycobacterium smegmatis. We found that mRNA half-life was responsive to 

energy stress, with carbon starvation and hypoxia causing global mRNA stabilization. This global 

stabilization was rapidly reversed when hypoxia-adapted cultures were re-exposed to oxygen, even in the 

absence of new transcription. The stringent response and RNase levels did not explain mRNA stabilization, 

nor did transcript abundance. This led us to hypothesize that metabolic changes during growth cessation 

impact the activities of degradation proteins, increasing mRNA stability. Indeed, bedaquiline and isoniazid, 

two drugs with opposing effects on cellular energy status, had opposite effects on mRNA half-lives in 

growth-arrested cells. Taken together, our results indicate that mRNA stability in mycobacteria is not 

directly regulated by growth status but rather is dependent on the status of energy metabolism. 

 

IMPORTANCE. The logistics of tuberculosis therapy are difficult, requiring multiple drugs for many 

months. Mycobacterium tuberculosis survives in part by entering non-growing states in which it is 

metabolically less active and thus less susceptible to antibiotics. Basic knowledge on how M. 

tuberculosis survives during these low-metabolism states is incomplete, and we hypothesize that 

optimized energy resource management is important. Here, we report that slowed mRNA turnover is a 

common feature of mycobacteria under energy stress but is not dependent on the mechanisms that have 

generally been postulated in the literature. Finally, we found that mRNA stability and growth status can 

be decoupled by a drug that causes growth arrest but increases metabolic activity, indicating that mRNA 

stability responds to metabolic status rather than to growth rate per se. Our findings suggest a need to 

reorient studies of global mRNA stabilization to identify novel mechanisms that are presumably 

responsible. 
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Introduction 

Most bacteria periodically face environments that are unfavorable for growth. To overcome such 

challenges, bacteria must tune their gene expression and energy usage. Regulation of mRNA turnover can 

contribute to both of these. However, the mechanisms by which mRNA turnover is carried out and 

regulated remain poorly understood, particularly in mycobacteria. 

During infection, the human pathogen Mycobacterium tuberculosis faces not only the immune response 

and antibiotics but also non-optimal microenvironments, such as hypoxia and starvation (Via et al., 2008; 

Belton et al., 2016). Regulation of mRNA turnover appears to contribute to adaptation to such conditions. 

A global study of mRNA decay in M. tuberculosis showed a dramatic increase in transcriptome stability 

(increased mRNA half-lives) in response to hypoxia, compared to that with aerobic growth (Rustad et al., 

2013). This suggests that mRNA stabilization contributes to energy conservation in the energy-limited 

environments that M. tuberculosis encounters during infection. Similar responses have been shown for 

other bacteria under conditions that slow or halt growth, including carbon deprivation, stationary phase, 

and temperature shock (Albertson et al., 1990; Georgellis et al., 1993; Sakamoto and Bryant, 1997; Thorne 

and Williams, 1997; Redon et al., 2005; Anderson et al., 2006; Dressaire et al., 2013; Esquerre et al., 2014; 

Chen et al., 2015; Ignatov et al., 2015). However, the mechanisms responsible for global regulation of 

mRNA stability in prokaryotes remain unknown. 

A conventional model for RNA decay in Escherichia coli starts with endonucleolytic cleavage by RNase E, 

particularly in 5′-end-monophosphorylated mRNAs (Tomcsanyi and Apirion, 1985; Bouvet and Belasco, 

1992; McDowall et al., 1994). The resulting fragments are further cleaved by RNase E, producing 

fragments that are fully degraded by exonucleases, such as polynucleotide phosphorylase (PNPase), 

RNase II, and RNase R (Apirion and Gitelman, 1980; Donovan and Kushner, 1986). mRNA degradation is 

coordinated by the formation of a complex known as the degradosome. In E. coli, RNase E serves as the 
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scaffold for degradosomes containing RNA helicases, the glycolytic enzyme enolase, and PNPase 

(Carpousis et al., 1994; Py et al., 1994; Miczak et al., 1996; Py et al., 1996; Grunberg-Manago, 1999). Other 

organisms that encode RNase E form similar degradosomes (Vanzo et al., 1998; Ait-Bara and Carpousis, 

2010). In bacteria lacking RNase E, other endonucleases assume the scaffold function (Commichau et al., 

2009; Roux et al., 2011; Redko et al., 2013). Mycobacteria encode RNase E, but efforts to define the 

mycobacterial degradosome have produced inconsistent results (Kovacs et al., 2005; Csanadi et al., 2009). 

It is unclear if degradosome reorganization or dissolution contribute to the global regulation of mRNA 

degradation in any bacteria. Interestingly, the importance of degradosome formation in E. coli varies 

depending on the carbon sources provided, suggesting links between RNA degradation and metabolic 

capabilities (Tamura et al., 2013). Furthermore, the chaperones DnaK and CsdA associate with 

degradosomes in E. coli under certain stresses (Miczak et al., 1996; Prud'homme-Genereux et al., 2004; 

Regonesi et al., 2006). 

Global transcript stabilization in stressed bacteria may plausibly result from reduced RNase abundance, 

reduced RNase activity, and/or reduced accessibility of transcripts to degradation proteins. In E. coli, 

multiple stressors upregulate RNase R, possibly to mitigate ribosome misassembly (Chen and Deutscher, 

2005; 2010), and RNase III levels decrease under cold shock and stationary phase (Kim et al., 2008). 

Surprisingly, protein levels for most putative RNA degradation proteins in M. tuberculosis remain 

unaltered under hypoxic conditions (Schubert et al., 2015), suggesting that mRNA degradation is not 

necessarily regulated at the level of RNase abundance in mycobacteria. However, there is evidence that 

RNase activity may be regulated. For example, proteins such as RraA and RraB can alter the function of 

the RNase E-based degradosome in E. coli (Gao et al., 2006). Translating ribosomes can mask mRNA 

cleavage sites and stabilize mRNAs (Iost et al., 1992). In Caulobacter crescentus, subcellular localization of 

mRNA degradation proteins may affect global mRNA stability (Russell and Keiler, 2009; Bayas et al., 2018). 
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Furthermore, in some actinomycetes, PNPase might be regulated by the stringent response alarmones 

guanosine-3′-diphosphate-5′-triphosphate (pppGpp) and/or guanosine-3′,5′-bisphosphate (ppGpp), 

collectively referred to as (p)ppGpp (Gatewood and Jones, 2010; Siculella et al., 2010). Many bacteria 

synthesize (p)ppGpp in response to energy stress (Battesti and Bouveret, 2006; Atkinson et al., 2011; 

Frederix and Downie, 2011; Corrigan et al., 2016), where it generally facilitates adaptation by upregulating 

stress-associated genes and downregulating those associated with growth (Gentry et al., 1993; 

Chakraburtty and Bibb, 1997; Martinez-Costa et al., 1998; Avarbock et al., 2000; Artsimovitch et al., 2004; 

Corrigan et al., 2016). (p)ppGpp was reported to inhibit the activity of PNPase in two 

actinomycetes, Streptomyces coelicolor and Nonomuraea (Gatewood and Jones, 2010; Siculella et al., 

2010), suggesting that the stringent response may directly stabilize mRNA as part of a broader response 

to energy starvation. 

Another explanation for stress-induced transcript stabilization may be that reduced transcript abundance 

directly leads to increased transcript stability. mRNA abundance and half-life were reported to be 

inversely correlated in multiple bacteria, including Mtb (Bernstein et al., 2002; Redon et al., 2005; Rustad 

et al., 2013; Nouaille et al., 2017), and mRNA abundance is lower on a per-cell basis for most transcripts 

in non-growing bacteria. Nevertheless, the causal relationships between translation, mRNA abundance, 

RNase expression, and mRNA stability in non-growing bacteria remain largely untested. 

Given the importance of adaptation to energy starvation for mycobacteria, we sought to investigate the 

mechanisms by which mRNA stability is globally regulated. Here, we show that the global mRNA 

stabilization response occurs also in Mycobacterium smegmatis—a non-pathogenic model commonly 

used to study the basic biology of mycobacteria —under hypoxia and carbon starvation. Remarkably, we 

found that hypoxia-induced mRNA stability is rapidly reversible, with reaeration causing immediate mRNA 

destabilization even in the absence of protein synthesis. As expected, transcript levels from hypoxic cells 
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were lower on a per-cell basis than those from aerated cultures. However, our data are inconsistent with 

a model in which mRNA abundance dictates the degradation rate, as has been shown for log-phase E. coli 

(Bernstein et al., 2002) and Lactococcus lactis (Nouaille et al., 2017). Instead, our findings support the idea 

that mRNA stability is rapidly tuned in response to alterations in energy metabolism. This effect does not 

require the stringent response or changes in abundance of RNA degradation proteins and can be 

decoupled from growth status. 

Results 

mRNA is stabilized as a response to carbon starvation and hypoxic stress 

in Mycobacterium smegmatis. 

The mRNA pools of E. coli and other well-studied bacteria were reported to be globally stabilized during 

conditions of stress, resulting in increased mRNA half-lives (Albertson et al., 1990; Georgellis et al., 1993; 

Sakamoto and Bryant, 1997; Thorne and Williams, 1997; Redon et al., 2005; Anderson et al., 2006; 

Dressaire et al., 2013; Rustad et al., 2013; Esquerre et al., 2014; Chen et al., 2015; Ignatov et al., 2015). 

Rustad et al. reported a similar phenomenon in M. tuberculosis under hypoxia and cold shock (Rustad et 

al., 2013). We sought to establish M. smegmatis as a model for study of the mechanistic basis of mRNA 

stabilization in mycobacteria under stress conditions. We therefore subjected M. smegmatis to hypoxia 

and carbon starvation and measured mRNA half-lives for a subset of genes by blocking transcription with 

rifampin (RIF) and measuring mRNA abundance at multiple time points using quantitative PCR (qPCR). We 

used a variation of the Wayne and Hayes model (Wayne and Hayes, 1996) to produce a gradual transition 

from aerated growth to hypoxia-induced growth arrest by sealing cultures in vials with defined headspace 

ratios and allowing them to slowly deplete the available oxygen (Figure 3-1A and B). We tested a set of 

mRNAs that included transcripts with and without leaders, monocistronic and polycistronic transcripts, 

and transcripts with both relatively short and relatively long half-lives in log phase. We observed that all 
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of the analyzed transcripts had increased half-lives under hypoxia compared to those of log-phase 

normoxic cultures, and similarly, transcripts were more stable under carbon starvation than in rich media 

(Figure 3-1C and D). 

 

Figure 3-1. Transcript half-lives are increased in response to hypoxia and carbon starvation stress. (A) Growth 

kinetics for M. smegmatis under hypoxia using a variation of the Wayne and Hayes model (Wayne and Hayes, 1996), 

showing OD stabilization at 18 to 24 h. Oxygen depletion was assessed qualitatively by methylene blue discoloration. 

(B) M. smegmatis was sealed in vials to produce a hypoxic environment, and at 18 h, transcription was inhibited with 

RIF, and samples were collected thereafter. Transcript half-lives for the indicated genes were measured for M. 

smegmatis mc2155 after blocking transcription with 150 μg/mL RIF. (C and D) RNA samples were collected during log-

phase normoxia and hypoxia (18 h after closing the bottles) (C) or during log phase in 7H9 supplemented with ADC, 

glycerol, and Tween 80 (rich medium) or 7H9 with Tyloxapol only (carbon starvation, 24 h). 

 (continued on next page) 
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Thus, M. smegmatis appears to be a suitable model for investigating the mechanisms of stress-induced 

mRNA stabilization in mycobacteria. To ensure that the apparent mRNA stabilization was not an artifact 

of reduced RIF activity in non-growing cells, we confirmed that RIF indeed blocked transcription in 

hypoxia-arrested M. smegmatis (Figure 3-1E). We noted that transcripts became progressively more 

stable as oxygen levels dropped and growth ceased; 40 h after sealing the vials, mRNA half-lives were too 

long to be reliably measured by our methodology. We sought to focus our studies on the mechanisms 

that underlie the initial mRNA stabilization process during the transition into hypoxia-induced growth 

arrest. We therefore conducted most of our subsequent experiments 18 to 24 h after sealing the vials, 

when growth had nearly ceased and transcripts were 9-fold to 25-fold more stable than during log phase. 

We refer to these conditions as 18-h hypoxia and 24-h hypoxia. 

(p)ppGpp does not contribute to mRNA stabilization under hypoxia or carbon 

starvation. 

Given recent reports that (p)ppGpp may directly inhibit the enzymatic activity of the exoribonuclease 

PNPase (Gatewood and Jones, 2010; Siculella et al., 2010), we wondered whether mRNA stabilization as 

observed under carbon starvation and hypoxia is regulated by (p)ppGpp in mycobacteria. We obtained a 

double mutant strain of M. smegmatis (Weiss and Stallings, 2013) that lacks both genes implicated in the 

production of (p)ppGpp (Δrel Δsas2) and compared the mRNA half-lives of a subset of genes to those of 

wild-type mc2155 under hypoxia, log-phase normoxia, and carbon starvation. 

Figure 3-1. Legend (Continued) 

(D). mRNA degradation rates were compared using linear regression (n = 3), and half-lives were determined by the 

negative reciprocal of the best-fit slope. Error bars are 95% confidence intervals (CI). ***, P < 0.001; ****, P < 0.0001. 

When a slope of zero was included in the 95% CI (indicating no degradation), the upper limit for half-life was 

unbounded, indicated by a clipped error bar with a double line. (E) RIF blocks overexpression of an ATc-inducible gene 

(rraA) in hypoxic cultures. Forty hours after the bottles were sealed, cultures were treated with 50 ng/mL ATc and/or 

150 μg/mL RIF or the drug vehicle (DMSO) for 1 h. Expression levels (qPCR) are displayed relative to those with no 

drugs (DMSO treatment). ATc, RIF, and DMSO solutions were degassed prior to addition. Error bars are standard 

deviations (SD). 
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The Δrel Δsas2 strain had a growth defect during adaptation to hypoxia and carbon starvation (Figure 

3-2A and C), as predicted (Dahl et al., 2005). However, we found no significant decrease in mRNA 

stabilization in the mutant strain (Figure 3-2B and D), indicating that the mRNA stabilization observed 

under hypoxia and carbon starvation is independent from the stringent response. Interestingly, the 

mutant strain displayed increased mRNA stabilization for a few transcripts under carbon starvation 

conditions, which may be an indirect consequence of altered transcription rates (see Discussion). 

Hypoxia-induced mRNA stability is reversible and independent of mRNA abundance. 

We wondered if the observed stress-induced transcript stabilization could be reversed by restoration of a 

favorable growth environment. To test this, we prepared 18-h hypoxia cultures, opened the vials, and 

agitated them for 2 min to reexpose the bacteria to oxygen before blocking transcription with RIF and 

sampling thereafter (Figure 3-3A, top). We found that, for all transcripts tested, half-lives were 

significantly decreased compared to those observed under hypoxia and similar to those observed in log 

phase (Figure 3-3B). While the mechanisms of stress-induced mRNA stabilization are largely unknown, 

multiple studies have reported inverse correlations between mRNA abundance and half-life in bacteria 

(Bernstein et al., 2002; Redon et al., 2005; Rustad et al., 2013; Nouaille et al., 2017). mRNA abundance 

was decreased for most transcripts tested in hypoxia-adapted M. smegmatis. We therefore considered 

the possibility that the dramatic increase in mRNA degradation upon reexposure to oxygen was triggered 

by a burst of transcription. Indeed, we found increased expression levels for four of five genes tested after 

2 min of reaeration, showing that transcription is rapidly induced upon return to a favorable environment 

(Figure 3-3C). To test the idea that mRNA is destabilized by reaeration as a consequence of a 

transcriptional burst and/or increased mRNA abundance, we modified our reaeration experiment by 

blocking transcription with RIF 1 min prior to reaeration (Figure 3-3A). 



107 

 

Figure 3-2. Transcript stabilization in hypoxia and carbon starvation are not dependent on the stringent 

response. (A) Growth kinetics for M. smegmatis mc2155 (wild type [WT]) and Δrel Δsas2 strains cultured in 7H9 in 

flasks sealed at time zero. (B) Transcript half-lives for a set of genes 24 h after sealing of the hypoxia bottles (arrow in 

panel A). RNA samples were collected after transcription was blocked with 150 μg/mL RIF (degassed). (C) Bacteria 

were grown to log phase in 7H9 supplemented with ADC, glycerol, and Tween 80 and then transferred to 7H9 

supplemented with only Tyloxapol at time zero. (D) Transcript stability for a set of genes 22 h after transfer to carbon 

starvation medium (arrow in panel C). (A and C) The means and SD of triplicate cultures are shown. (B and D) Half-

lives were compared using linear regression analysis (n = 3). Error bars are 95% CI. ****, P < 0.0001; ns, not significant 

(P > 0.05). In cases where no degradation was observed or when the upper 95% CI limit was unbounded, the bar or 

upper error bar were clipped, respectively. 

Surprisingly, every transcript tested was destabilized by reaeration despite the absence of new 

transcription. For most transcripts, the reaeration half-lives were indistinguishable, regardless of whether 

RIF was added prior to opening the vials or 2 min after (Figure 3-3B). Our results therefore do not support 

the idea that changes in mRNA abundance alone can explain the mRNA stabilization and destabilization 

observed in response to changes in energy status. 
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Figure 3-3. Hypoxia-induced mRNA stability is reversible and independent of mRNA abundance. (A) M. 

smegmatis was sealed in vials for 18 h to produce a hypoxic environment and then reexposed to oxygen for 2 min 

before transcription was inhibited with RIF (top) or injected with RIF 1 min prior to opening of the vials and reexposing 

them to oxygen (bottom). (B) Transcript half-lives for a set of genes are displayed for log-phase normoxia cultures, 

hypoxia (18 h), and reaeration with RIF added either before or after opening of the vials. Half-lives were compared by 

linear regression analysis (n = 3). (C) Expression levels of transcripts under hypoxia (18 h) or with a 2-min reaeration 

relative to the expression levels in log-phase normoxia cultures (percentages). Error bars are SD. (D) Expression levels 

of transcripts under hypoxia (18 h) or log-phase normoxia after being treated with 200 ng/mL ATc for 1 h or 10 min, 

respectively, to induce dCas9 overexpression, relative to the expression levels in cultures treated with an H2O vehicle 

(percentages). Error bars are SD. (E) Transcript half-lives for dCas9 and sigA for log-phase normoxia and hypoxia (18 h) 

after induction of dCas9 with ATc or after vehicle treatment as shown in panel D. (B and E) Degradation rates were 

compared using linear regression (n = 3), and half-lives were determined by the negative reciprocal of the best-fit 

slope. Error bars are 95% CI. *, P < 0.05; **, P < 0.01; ****, P < 0.0001; ns, P > 0.05. RIF added to hypoxic cultures was 

degassed prior to its addition. 
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We wanted to further explore whether mRNA abundance alone could influence transcript degradation. 

We obtained a strain bearing dCas9 and a nonspecific sgRNA under the control of an anhydrotetracycline 

(ATc)-inducible promoter (Rock et al., 2017) and compared the dCas9 transcript stability under hypoxia 

and normoxia after ATc induction or at basal levels. We found that despite a 34-fold transcript 

upregulation following ATc induction, the half-life of dCas9 mRNA was not significantly different from that 

of the uninduced control in log phase. Under hypoxia, its 28-fold upregulation was associated with an 

increase in dCas9 mRNA half-life compared to in the no-drug control (Figure 3-3D and E). Together, our 

results show that increased mRNA abundance does not necessarily result in a faster decay rate. 

mRNA stability is modulated independently of RNase protein levels. 

Another potential explanation for increased mRNA degradation after reaeration is the upregulation of 

mRNA degradation proteins, such as RNase E. To assess the role of a sudden burst in protein levels, we 

used two approaches. First, we constructed strains encoding FLAG-tagged RNase E, cMyc-tagged PNPase, 

or cMyc-tagged msmeg_1930 (predicted RNA helicase). We determined protein levels by Western blotting 

in log phase, with 18 h of hypoxia, and after 18 h of hypoxia followed by 2 min of reaeration. Levels of all 

three of these predicted RNA degradation proteins remained unchanged under the three conditions 

(Figure 3-4A). 

Because we do not know all of the proteins that contribute to mRNA degradation in mycobacteria, our 

second approach was to test the global importance of translation in reaeration-induced mRNA 

destabilization. We blocked translation with chloramphenicol (CAM) in 18-h hypoxia cultures and then 

added RIF. Samples were collected for cultures that remained under hypoxia as well as those that were 

reaerated for 2 min (Figure 3-4B). For three of the five genes tested, we found that CAM caused increased 

mRNA stability under hypoxia. This is consistent with CAM’s mechanism of action and published work 

(Shaila et al., 1973; Wu et al., 2015; Srivastava et al., 2016). CAM inhibits elongation by preventing peptidyl 
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transfer (Wolfe and Hahn, 1965; Yukioka and Morisawa, 1971; Drainas et al., 1987) and causing ribosomal 

stalling (Lopez et al., 1998). Global stabilization of mRNA pools has been reported when elongation 

inhibitors, but not initiation inhibitors, are used for example in log-phase cultures of E. coli (Lopez et al., 

1998) or in yeast (Chan et al., 2018). We hypothesize that stalled ribosomes may increase mRNA stability 

by masking RNase cleavage sites. However, despite the stabilization caused by CAM itself, we observed 

mRNA destabilization in response to reaeration (Figure 3-4C). These results suggest that reaeration-

induced destabilization does not require synthesis of new RNA degradation proteins. Taken together, our 

data suggest that tuning of protein levels is not the primary explanation for mRNA stabilization during 

early adaptation to hypoxia. 

mRNA stability is modulated in response to changes in metabolic status. 

The rapidity of mRNA destabilization following reaeration suggested that mRNA degradation is tightly 

regulated in response to changes in energy metabolism. We tested this hypothesis by treating log-phase 

cultures with 5 μg/mL bedaquiline (BDQ), a potent inhibitor of the ATP synthase FoF1 (Lakshmanan et al., 

2013). We used minimal medium that contained acetate as the only carbon source (minimal medium 

acetate [MMA]) in order to make the respiratory chain the sole source of ATP synthesis. After 30 min of 

exposure, intracellular ATP levels were reduced by more than 90% compared to levels in cells treated with 

vehicle (dimethyl sulfoxide [DMSO]), without affecting viability (Figure 3-5A and B). 

We then measured half-lives for a set of transcripts under these conditions. mRNA half-lives were 

dramatically increased in BDQ-treated cells for most of the genes that we tested (Figure 3-5C), indicating 

that mRNA degradation rates are rapidly altered in response to changes in energy metabolism status. 
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Figure 3-4. mRNA stability is regulated independently of degradation protein levels. (A) Western blotting for 

FLAG-tagged RNase E and cMyc-tagged PNPase or RNA helicase (msmeg_1930) in M. smegmatis under log-phase 

normoxia and hypoxia (18 h) and with a 2-min reaeration. Samples were normalized to the total protein level, and 

levels were similar on a per-OD basis under all conditions. (B) Translation was inhibited in hypoxic cultures by 

150 μg/mL CAM 1 min before the addition of 150 μg/mL RIF. RNA was harvested at time points beginning 2 min after 

the addition of CAM. (C) Transcript half-lives for samples from hypoxic cultures with the drug vehicle (ethanol), for 

hypoxic cultures after translation inhibition, and for cultures with 2 min of reaeration after translation inhibition. 

Degradation rates were compared using linear regression (n = 3), and half-lives were determined by the negative 

reciprocal of the best-fit slope. Error bars are 95% CI. ns, P > 0.05; *, P < 0.05; ***, P < 0.001; ****, P < 0.0001. Drugs 

and drug vehicles added to the hypoxic cultures were degassed prior to their addition. 
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We then wondered if we could increase mRNA degradation rates by increasing intracellular ATP levels. To 

test this, we treated M. smegmatis cultures with isoniazid (INH), a prodrug that interferes with the 

synthesis of mycolic acids and also leads to an accumulation of intracellular ATP due to increased oxidative 

phosphorylation (Shetty and Dick, 2018). We exposed M. smegmatis to 500 μg/mL INH for 6.5 h to 

confirm that we had achieved bacteriostasis (the M. smegmatis doubling time in MMA medium is ∼6 h). 

As shown in Figure 3-5D, INH caused a dramatic increase in intracellular ATP after 6.5 h without affecting 

cell viability (Figure 3-5E). Remarkably, mRNA half-lives were significantly decreased in response to INH 

(Figure 3-5F). To our knowledge, this is the first report of bacterial mRNA being destabilized rather than 

stabilized in response to a growth-impairing stressor. Our results indicate that mRNA stability is regulated 

not in response to growth status per se but rather to energy metabolism. Although we interpreted ATP 

levels as a reflection of metabolic status in our INH and BDQ assays, the coupling between mRNA 

degradation and metabolic status does not appear to be mediated by ATP directly. 

To our knowledge, this is the first report of bacterial mRNA being destabilized rather than stabilized in 

response to a growth-impairing stressor. Our results indicate that mRNA stability is regulated not in 

response to growth status per se but rather to energy metabolism. Although we interpreted ATP levels as 

a reflection of metabolic status in our INH and BDQ assays, the coupling between mRNA degradation and 

metabolic status does not appear to be mediated by ATP directly. We measured ATP levels in cultures 

during the transition to hypoxia-induced growth arrest and found that although ATP levels ultimately 

decrease under hypoxia as has been reported elsewhere (Rao et al., 2008; Eoh and Rhee, 2013), mRNA 

stabilization precedes the drop in ATP levels (Figure 3-5G). 
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Figure 3-5. mRNA stability is modulated in response to changes in metabolic status. (A) M. smegmatis was 

cultured in MMA media for 22 h to OD600 0.8 before being treated with 5 μg/mL BDQ or the vehicle (DMSO) for 30 min. 

Intracellular ATP was determined using the BacTiter-Glo kit. (B) Growth kinetics for M. smegmatis from panel A in the 

presence of BDQ. (C) Transcript half-lives for a subset of transcripts collected during intracellular ATP depletion (30 min 

with BDQ) or at the basal levels (30 min with DMSO). (D) As in panel A, but for M. smegmatis treated with 500 μg/mL 

INH or the vehicle (H2O) for 6.5 h. (E) Growth kinetics for M. smegmatis from panel D in the presence of INH. (F) 

Transcript half-lives for a subset of transcripts after 6.5 h of INH or vehicle treatment. (G) Growth kinetics for M. 

smegmatis transitioning into hypoxia, and intracellular ATP levels at different stages. Bottles were sealed at time zero. 

The dotted line represents the time at which transcript stability analyses were made for the hypoxia (18 h) condition 

for Figure 1, 3, and 4. In C and F, half-lives were compared using linear regression analysis (n = 3). Error bars are 95% 

CI. *, P < 0.05; **, P < 0.01; ***, P < 0.001; ****, P < 0.0001. ATP was measured in biological triplicate cultures and is 

representative of at least two independent experiments. 
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Discussion 

Stressors that cause bacteria to slow or stop growth are typically associated with increased mRNA stability 

(Albertson et al., 1990; Georgellis et al., 1993; Sakamoto and Bryant, 1997; Thorne and Williams, 1997; 

Redon et al., 2005; Anderson et al., 2006; Rustad et al., 2013; Esquerre et al., 2014; Chen et al., 2015; 

Ignatov et al., 2015). Many of these same stressors reduce energy availability (Rao et al., 2008; Eoh and 

Rhee, 2013), requiring reductions in energy consumption and optimization of resource allocation. We 

speculate that the decreased mRNA turnover that accompanies such conditions may be an energy 

conservation mechanism. For M. tuberculosis, hypoxia can lead to generation of bacterial subpopulations 

with various degrees of antibiotic tolerance (Deb et al., 2009; Kim et al., 2013; Smith et al., 2013), 

facilitating bacterial survival and the acquisition of drug resistance-conferring mutations. Understanding 

the mechanisms that support the transitions into non-growing states and subsequent survival in these 

states is therefore a priority. 

The transcriptome of M. tuberculosis has been shown to be stabilized under cold shock and hypoxia 

(Rustad et al., 2013). Here, we found that M. smegmatis also dramatically stabilized its mRNA in response 

to carbon starvation and hypoxia. For the first time, to our knowledge, we tested the speed at which this 

stabilization is reversed in mycobacteria upon restoration of energy availability. Remarkably, mRNAs are 

rapidly destabilized within minutes of reaeration of hypoxic cultures, suggesting that tuning of mRNA 

degradation rates is an early step in the response to changing energy availability. 

The most straightforward explanation for stress-induced mRNA stabilization seems to be downregulation 

of the mRNA degradation machinery. Indeed, RNase E is downregulated at the transcript level under 

hypoxia, and abundance of cleaved RNAs is reduced (Martini et al., 2019). However, we found that protein 

levels were unchanged for RNase E and two other proteins predicted to be core components of the mRNA 

degradation machinery. This is largely consistent with what was reported for M. tuberculosis in a 
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quantitative proteomics study (Schubert et al., 2015), although in that case there was an apparent 

reduction in levels of an RNA helicase. To address this question in a more agnostic fashion, we tested the 

importance of translation for transcript destabilization upon reexposure of hypoxic cultures to oxygen. 

However, reaeration triggered increased transcript degradation even in the absence of new protein 

synthesis. Regulation of degradation protein levels therefore does not appear to contribute to mRNA 

stabilization during the initial response to energy stress. However, we found that upon longer periods of 

hypoxia, transcripts were stabilized to a greater extent than what we observed 18 h after sealing the vials. 

This suggests that mRNA stabilization progressively increases and may involve multiple mechanisms. As 

this work focused on the initial transition into hypoxia-induced growth arrest, we cannot discount the 

possibility that downregulation of the RNA degradation machinery is important for further mRNA 

stabilization in later hypoxia stages. 

Interestingly, we found greater mRNA stabilization in hypoxic cultures treated with CAM. This may result 

from stalled ribosomes (Wolfe and Hahn, 1965; Drainas et al., 1987) masking RNase cleavage sites. 

Furthermore, the burst of transcription upon reaeration is blocked by the presence of CAM, causing up to 

a 4-fold decrease in transcript abundance in the CAM-treated cultures compared to that in the vehicle-

treated cultures. This is consistent with the idea that transcription and translation are physically coupled, 

and blocking translation therefore prevents RNA polymerase from efficiently carrying out transcript 

elongation, as was reported for E. coli (Miller et al., 1970; Burmann et al., 2010; Proshkin et al., 2010; 

Zhang et al., 2014; Fan et al., 2017). The results obtained from the Δrel Δsas2 strain are also consistent 

with the idea that the presence of ribosomes affects mRNA stability. Under carbon starvation, this strain 

had rRNA levels 3-fold higher than those of the WT strain, consistent with the known role of (p)ppGpp in 

downregulating ribosome biogenesis (Tedin and Bremer, 1992; Krasny and Gourse, 2004; Stallings et al., 

2009). Interestingly, some transcripts were hyperstabilized in the Δrel Δsas2 strain under carbon 
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starvation, showing virtually no degradation (Fig. 2D). We speculate that the observed mRNA 

hyperstabilization is caused by increased ribosome abundance, resulting in augmented mRNA-ribosome 

associations that ultimately protect transcripts from RNases. Alternatively, the increased abundance of 

rRNA may protect mRNA indirectly by providing alternative targets that compete for interaction with 

RNases (Lopez et al., 1998).  

Transcript abundance has been found to be inversely correlated with mRNA stability in exponentially 

growing bacteria (Bernstein et al., 2002; Redon et al., 2005; Rustad et al., 2013; Esquerre et al., 2015; 

Nouaille et al., 2017), and experimental manipulation of transcription rates of subsets of genes affected 

their degradation rates (Rustad et al., 2013; Nouaille et al., 2017). Together, these studies suggest that 

high rates of transcription inherently increase degradation rates. We report here that during oxygen 

depletion, transcript levels are reduced in M. smegmatis, which led us to ask whether increased transcript 

half-lives under stress are a direct result of reduced mRNA levels. However, our data are inconsistent with 

this idea; mRNA is rapidly destabilized upon reaeration even in the absence of new transcription. We note 

that one study reported a weak positive correlation between mRNA abundance and stability in log-

phase E. coli (Chen et al., 2015), while another reported mRNA abundance to be positively correlated with 

stability in carbon-starved Lactococcus lactis (Redon et al., 2005). Together, these observations and our 

own suggest that the relationship between mRNA stability and abundance is not yet fully understood and 

may be fundamentally different in growth-arrested bacteria. 

The rapid reversibility of hypoxia-induced mRNA stabilization suggests that mRNA decay and energy 

metabolic status are closely linked. Consistently with this, we have shown that drug-induced energy stress 

causes mRNA stabilization but that mRNA decay is increased by a drug that induces a hyperactive 

metabolic state. To our knowledge, this is the first demonstration that the rate of bacterial mRNA 

degradation can be decoupled from growth rate and suggests that mRNA decay is controlled by energy 
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status rather than growth rate per se. The mechanism by which energy status and mRNA decay are 

coupled remains elusive; the stringent response is not required, and the stabilization of mRNA during 

adaptation to hypoxia precedes a decrease in ATP levels. Our data are consistent with two general 

(nonexclusive) models: mRNA decay may be regulated (i) by protection of transcripts from RNase attack 

and/or (ii) by direct regulation of the activities of the RNases. Possible explanations that fall within one or 

both of these frameworks include changes in ribosome occupancy, the presence of other RNA-binding 

proteins, regulation of the subcellular localization of mRNAs and/or the RNA degradation machinery, and 

altered degradosome composition. These possibilities should be investigated in future work. 

Materials and Methods 

Strains and culture conditions. 

Mycobacterium smegmatis strain mc2155 or its derivatives (Table 3-1) were grown in rich medium, 

Middlebrook 7H9 with albumin dextrose catalase (ADC; final concentrations, 5 g/liter bovine serum 

albumin fraction V [BSA], 2 g/liter dextrose, 0.85 g/liter NaCl, and 3 mg/liter catalase), 0.2% glycerol, and 

0.05% Tween 80, which was shaken at 200 rpm and 37°C to an optical density at 600 nm (OD600) of ∼0.8, 

unless specified otherwise. For hypoxic cultures, we modified Wayne and Hayes model (Wayne and Hayes, 

1996). Bacteria were cultured in 30.5- by 58-mm serum bottles (Wheaton; item 223687, 20 mL) using rich 

medium and an initial OD600 of 0.01. Bottles were sealed with a vial crimper (Wheaton; item W225303) 

using rubber stoppers (Wheaton; item W224100-181) and aluminum seals (Wheaton; item 224193-01). 

Oxygen levels were qualitatively monitored using methylene blue. 

For carbon starvation cultures, cells were grown to log phase (OD600 = 0.8) in rich medium, pelleted, and 

rinsed three times with carbon starvation medium (Middlebrook 7H9 with 5 g/liter BSA, 0.85 g/liter NaCl, 
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3 mg/liter catalase, and 0.05% Tyloxapol) at 4°C and then resuspended in carbon starvation medium to an 

OD600 of 0.8 and incubated at 200 rpm and 37°C. 

The RNase E-tagged strain (SS-M_0296) was built using a two-step process. Plasmid pSS250 was derived 

from pJM1 (Farrow and Rubin, 2008) and contained 1 kb of the sequence upstream and downstream of 

the rne (msmeg_4626) start codon, with the sequence encoding 6×His-3×FLAG-TEV-4×Gly inserted after 

the start codon. Constructs were built using NEBuilder HiFi (E2621). Integrants were selected with 

200 μg/mL hygromycin and confirmed by sequencing. Counterselection with 15% sucrose was followed 

by PCR screening to identify isolates that underwent second crossovers resulting in loss of the plasmid 

and retention of tagged rne. 

The PNPase-tagged strain (SS-M_0412) was built by inserting a second copy of pnp (msmeg_2656) with 

an N-terminal cMyc-4×Gly construct and its predicted native promoter and 5′ untranslated region (UTR) 

at the Giles phage integration site (plasmid pSS282) into strain SS-M_0296. The RNA helicase-tagged strain 

(SS-M_0416) was constructed in a similar way but with a C-terminal 4×Gly-cMyc tag on msmeg_1930 

(plasmid pSS285). 

RNA extraction and determination of mRNA stability. 

Biological triplicate cultures were treated with rifampin (RIF) to a final concentration of 150 μg/mL to halt 

transcription, and RNA was extracted at various time points thereafter. For exponential and carbon 

starvation cultures, 7 mL was collected per replicate and time point and snap-frozen in liquid nitrogen 

(LN2). For hypoxic samples, degassed RIF was injected using a 30-gauge needle, and all samples were 

sacrificially collected per time point and replicate (7 mL) and snap-frozen in LN2 within 6 s of unsealing.  
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Samples were stored at −80°C and thawed on ice immediately before RNA extraction. Cells were pelleted 

at 4°C, resuspended in 1 mL TRIzol (Invitrogen), transferred to 2-mL disruption tubes (OPS Diagnostics; 

100-μm zirconium lysing matrix, molecular grade), and lysed using a FastPrep-24 5G instrument (MP 

Biomedical) (3 cycles of 7 m/s for 30 s, with 2 min on ice between cycles). Chloroform (300 µL) was added, 

samples were centrifuged for 15 min at 21,130 × g and 4°C, and RNA was recovered from the aqueous 

layer and purified with a Direct-zol RNA Miniprep kit according to the manufacturer’s instructions with an 

in-column DNase treatment. Agarose gels were used to verify RNA integrity. 

For cDNA synthesis, 600 ng of total RNA was mixed with 0.83 µL 100 mM Tris, pH 7.5, and 0.17 µL 3-mg/mL 

random primers (NEB) in 5.25 µL, denatured at 70°C for 10 min, and snap-cooled. Reverse transcription 

was performed for 5 h at 42°C using 100 U ProtoScript II reverse transcriptase (NEB), 10 U RNase inhibitor 

(murine; NEB), a mix containing 0.5 mM each deoxynucleoside triphosphate (dNTP), and 5 mM 

dithiothreitol (DTT) in a final volume of 10 µL. RNA was degraded with 5 µL each 0.5 mM EDTA and 1 N 

NaOH at 65°C for 15 min, followed by 12.5 µL of 1 M Tris-HCl, pH 7.5. cDNA was purified using the MinElute 

PCR purification kit (Qiagen) according to the manufacturer’s instructions. mRNA abundance (A) over time 

(t) was determined for different genes (primers in Table 3-2) by quantitative PCR (qPCR) using iTaq SYBR 

green (Bio-Rad) with 400 pg of cDNA and 0.25 μM each primer in 10-µL reaction mixtures, with 40 cycles 

of 15 s at 95°C and 1 min at 61°C (Applied Biosystems 7500). Abundance was expressed as the negative 

threshold cycle (–CT) [reflecting the log2A(t)]. Linear regression was performed on –CT values versus time 

where the negative reciprocal of the best-fit slope estimates mRNA half-life (see Supplemental Methods 

and Figure S3-1). In many cases, the decay curves were biphasic, with a rapid period of decay followed by 

a period of slow or undetectable decay. In these cases, only the initial, steeper slope was used for 

calculation of half-lives. 
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mRNA stability during reaeration and translational inhibition. 

Translation was halted by 150 μg/mL chloramphenicol, rifampin was added 1 min later, and samples were 

collected starting 1 min after that. For reaeration experiments, 18-h hypoxia cultures were opened and 

the contents transferred to 50-mL conical tubes, and triplicate samples were taken 2, 7, 12, 17, and 32 min 

after we opened the bottles and snap-frozen in LN2. Rifampin was added either 1 min before 

(transcription inhibition during hypoxia) or 2 min after (transcription inhibition after reaeration) we 

opened the bottles. 

BDQ and INH treatments.  

Cultures were grown to an OD600 of ∼1.0 in rich medium, rinsed twice in minimal medium acetate (MMA) 

wash (final concentrations, 0.5 g/liter l-asparagine, 1 g/liter KH2PO4, 2.5 g/liter Na2HPO4, 0.5 g/liter 

MgSO4·7H2O, 0.5 mg/mL CaCl2, 0.1 mg/mL ZnSO4, 0.1% CH3COONa, 0.05% tyloxapol, pH 7.5) at 4°C, 

resuspended in MMA (MMA wash plus 50 mg/liter ferric ammonium citrate) to an OD600 of 0.07, and 

grown for 24 h to an OD600 of ∼0.8. To remove the extracellular ATP, 30 min before drug treatment, cells 

were pelleted and rinsed in prewarmed MMA wash, resuspended in prewarmed MMA, and returned to 

the incubator. Bedaquiline (BDQ), isoniazid (INH), or their vehicles were added to final concentrations of 

5 μg/mL (BDQ) or 500 μg/mL (INH). Samples were taken 30 min after the addition of BDQ or 6.5 h after 

the addition of INH for half-life and ATP determinations. 

For half-life measurements, BDQ cultures were sampled 0, 3, 6, 9, 12, 15, and 21 min after addition of RIF, 

and INH cultures were sampled 0, 4, 8, and 12 min after addition of RIF. RNA extractions were performed 

as described above, with the following modifications: cell disruption was performed using 2-mL tubes 

prefilled with lysing matrix B (MP Biomedical) and 3 cycles of 10 m/s for 40 s, RNA was recovered from 

the aqueous layer by isopropanol precipitation and resuspension in H2O, and samples were treated with 
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5 U of Turbo DNase (Ambion) in the presence of 80 U of RNase inhibitor, murine (NEB) for 1 h at 37°C with 

agitation. RNA was purified with an RNeasy Mini Kit (Qiagen) according to the manufacturer’s 

specifications. 

Intracellular ATP estimation. 

ATP was estimated by BacTiter-Glo (Promega). For BDQ or INH treatments, 1 mL of culture was pelleted 

at ∼21°C for 1 min at 21,130 × g, the supernatant removed, and cells resuspended in 1 mL of prewarmed 

MMA containing BDQ, INH, or vehicle to match the prior treatment conditions. Immediately after, 20-µL 

samples were transferred to a white 384-well plate (Greiner bio-one) containing 80 µL of BacTiter-Glo 

reagent and mixed for 5 min at room temperature. Luminescence was measured in a Victor3 plate reader 

(PerkinElmer) (intracellular ATP). We included controls for the supernatant collected (extracellular ATP), 

media plus drug/vehicle (background), and ATP standards for constructing standard curves. 

To estimate intracellular ATP in normoxia and hypoxia cultures, 20-µL samples were collected at 37°C and 

immediately combined with the reagent to measure total ATP (intracellular plus extracellular). From the 

same cultures, 1-mL samples were syringe filtered (PES; 0.2 μm) and the filtrate was combined with the 

reagent to measure extracellular ATP. Luminescence was measured as described above. Intracellular ATP 

was calculated by subtracting the extracellular ATP values from the total ATP values. Hypoxia samples 

were sacrificially harvested per time point/replicate and combined with the reagent in <6 s. 
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Tables 

Table 3-1. Strains used 

Strain Characteristics Source 

mc2155 M. smegmatis, WT (Snapper et al., 1990) 

SS-M_0072 
mc2155 derivative transformed with plasmid pSS162, 
containing an ATc-inducible copy of rraA. 

This work 

SS-M_0296 

mc2155 in which the native copy of RNase E (rne) is N-
terminally tagged with 6xHis-3xFLAG-TEV-4xGly linker 
(CACCACCACCACCACCACGATTACAAGGATCACGATGGCGATTAC
AAGGATCATGACATCGACTATAAGGACGATGACGATAAGGAGAAC
CTGTACTTCCAGGGCGGCGGCGGC). 

This work 

SS-M_0412 

SS-M_0296 derivative containing a second copy of PNPase 
(msmeg_2656) with its predicted native promoter and 5’ UTR, 
and N-terminally tagged with c-Myc-4xGly-linker 
(GAGCAGAAGCTGATCTCGGAAGAGGACCTCGGCGGCGGCGGC) 
contained on a Giles-integrating plasmid pSS282 (Hygr). 

This work 

SS-M_0416 

SS-M_0296 derivative containing a second copy of RNA 
helicase (msmeg_1930) with its predicted native promoter and 
5’ UTR, and C-terminally tagged with 4x Gly linker-c-Myc 
(GGCGGCGGCGGCGAGCAGAAGCTGATCTCGGA) contained on a 
Giles-integrating plasmid pSS285 (Hygr). 

This work 

ΔrelMsm mc2155 derivative, ∆rel ∆sas2 (Weiss and Stallings, 2013) 

SS-M_0203 
mc2155 derivative transformed with plasmid pJR962, 
containing an ATc regulated dCas9. 

(Rock et al., 2017) 
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Table 3-2. Primers for qPCR 

Primer name Gene Directionality Sequence 5’ → 3’ 

SSS903 atpB (msmeg_4942) Forward TGTTCGTGTTCGTCTGCTAC 

SSS904 atpB (msmeg_4942) Reverse CGGCTTGGCGAGTTCTT 

SSS909 atpE (msmeg_4941) Forward GGGTAACGCGCTGATCTC 

SSS910 atpE (msmeg_4941) Reverse GAAGGCCAGGTTGATGAAGTA 

SSS1241 dCas9  Forward GACAAGTCGAAGTTCCTGATGTA 

SSS1242 dCas9  Reverse GATCTGCTTGTTCGGGTAGTT 

SSS537 esxB (msmeg_0065) Forward GGTGAGGACACAGGGAAATAAG 

SSS538 esxB (msmeg_0065) Reverse CGGAGATGCGCTCGAAAT 

SSS856 katG (msmeg_6384) Forward GGCCCAATCAGCTCAATCT 

SSS857 katG (msmeg_6384) Reverse CGGACCGGTAGTCGAAATC 

SSS706 rnj  (msmeg_2685) Forward TCATCCTCTCATCGGGTTTC 

SSS707 rnj  (msmeg_2685) Reverse TTCGCGCTCAACCTTCT 

SSS697 rraA (msmeg_6439) Forward AACTACGGCGGCAAGAT 

SSS698 rraA (msmeg_6439) Reverse GTCGAGAGGATCGACTTCAG 

JR273* sigA (msmeg_2758) Forward GACTACACCAAGGGCTACAAG 

JR274* sigA (msmeg_2758) Reverse TTGATCACCTCGACCATGTG 
*Source: Rock et al., 2017. 
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Supplemental Methods 

mRNA half-life experiments were conducted using purified RNA that was reverse-transcribed into cDNA. 

cDNA samples were purified as described in Methods, which allowed us to quantify cDNA concentrations 

and use the same amount of cDNA in each qPCR reaction. Because total RNA is composed mostly of rRNA, 

our cDNA was also primarily composed of rRNA sequences. rRNA is much more stable than mRNA and 

does not appreciably decay over the RIF treatment periods that we used for measuring mRNA decay rates, 

as evidenced by our observations that total RNA per OD unit or per CFU was unaltered during these 

treatment periods. Hence, we assumed that as mRNA decays, its abundance will change relative to total 

RNA abundance. When performing qPCR for a gene of interest, we therefore interpreted the cycle 

threshold (CT) as a reflection of the log2 abundance of that transcript relative to total RNA levels. By 

performing qPCR on a defined amount of carefully quantified cDNA, we were able to measure abundance 

of specific mRNAs relative to total RNA content which consists mostly of stable rRNA.  

Half-lives were estimated as the negative reciprocal of the slope of the regression line for log2 mRNA 

abundance versus time. If we assume that the overall abundance of mRNA at time t (min) after 

transcription is arrested, A(t), follows an exponential decay curve, then 

𝐴(𝑡) = 𝐴(0) ⋅ 2−𝑡/𝜏, 

where A(0) is the initial abundance of mRNA and τ is the half-life (min). Taking the logarithm (base 2) of 

both sides gives 

log2 𝐴(𝑡) = log2 𝐴(0) −
𝑡

𝜏
 . 
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To measure A(t), we freeze samples after t minutes and determine the cycle threshold, CT (t), which is the 

number of duplications required to reach a fixed threshold (A*) when starting with A(t).  Thus, 

𝐴∗ = 𝐴(𝑡) ⋅ 2𝐶𝑇(𝑡) 

𝐴(𝑡) = 𝐴∗ ⋅ 2−𝐶𝑇(𝑡) 

Substituting into both sides of the equation for log2 abundance over time, 

log2(𝐴∗ ⋅ 2−𝐶𝑇(𝑡)) = log2(𝐴∗ ⋅ 2−𝐶𝑇(0)) −
𝑡

𝜏
  

log2 𝐴∗ − 𝐶𝑇(𝑡)  = log2 𝐴∗ − 𝐶𝑇(0) −
𝑡

𝜏
 

−𝐶𝑇(𝑡) = −𝐶𝑇(0) −
𝑡

𝜏
 . 

Thus, when –CT (which represents abundance on a log2 scale) is plotted as a function of time, the half-life 

τ = -1/slope. An example is shown in Figure S3-1 in the Supplemental Methods. 
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Figure S3-1. mRNA decay curves for a sample gene, rraA. The x axis denotes the time after transcription was 

blocked by addition of RIF. (A) –CT versus time data for rraA, giving a half-life estimate of 0.935 min. (B) Estimated 

mRNA abundance for rraA relative to the time of RIF addition, giving a half-life estimate of 0.935 minutes. 
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Mycobacterium smegmatis  



133 

The effects of ribosome occupancy on mRNA stability in Mycobacterium 

smegmatis 

 

Abstract 

As part of the bacterial stress response, mycobacteria quickly regulate gene expression. Because 

transcription and translation are impacted by these stress responses, it is possible that global mRNA 

stabilization could be a consequence of changes in translation elongation or ribosome occupancy. In E. 

coli, it has been shown that translation can interfere with transcript degradation by causing RNase 

occlusion. Moreover, stalled ribosomes can act as 5’ blockers that impair linear scanning by RNase E. 

Therefore, we wondered if changes in translation as a response to stress, such as hypoxia, could lead to 

global mRNA stability. We have previously reported mRNA stabilization in hypoxia using a small set of 

transcripts. Here, we validated those findings by measuring mRNA half-lives transcriptome-wide in M. 

smegmatis in hypoxia and log phase. Then, to determine if translation or ribosome occupancy impact 

global mRNA degradation, we used three approaches. 

First, we used a translational inhibitor to cause ribosome stalling on mRNA templates. Our results showed 

that in chloramphenicol-treated hypoxic M. smegmatis, mRNAs become more stable when compared to 

the vehicle treatment, and the observed mRNA stability was preserved even after reaeration. We also 

used a different translation inhibitor, puromycin, which showed dual effects on mRNA stability. Our 

second approach consisted of comparing mRNA degradation rates for two transcripts (mCherryOS and 

mCherryUT), once of which was modified to be untranslatable (mCherryUT). Unexpectedly, we found that 

mCherryUT was remarkably more stable than its counterpart. We reconciled these results as we found 

evidence of coupled transcription-translation that could have obscured our findings. Our third approach 

was to use polysome profiling to detect ribosome occupancy in M. smegmatis either in rich media or 
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under carbon starvation. Our results were surprising, as we found that during starvation most ribosomes 

were present as separate subunits, while a significantly smaller fraction corresponded to monosomes and 

polysomes. To discard the possibility of mRNA being associated with 30S and 50S subunits, we measured 

transcript abundance for different fractions corresponding to our polysome profiling samples. Our results 

showed different association profiles for distinct transcripts, but most importantly, that a greater 

proportion of each mRNA remained unassociated from ribosomes or subunits in carbon starvation 

compared to log phase. Altogether, we conclude that ribosome occupancy is not a mechanism of global 

stabilization as a response to carbon starvation stress in M. smegmatis. 

 

Introduction 

Bacterial adaptation to stress involves a stress response. To be effective and ensure survival, the stress 

response must be immediate. As such, bacteria actively sense the environment and within seconds alter 

the translatome, the collection of all mRNAs actively undergoing translation. Because the ultimate goal of 

bacteria is to survive and multiply, it is not surprising that transcription—an energetically demanding 

process—is tightly regulated. However, while transcription-oriented regulatory mechanisms have been 

broadly study in bacteria, those pertinent to mRNA degradation remains elusive. 

We and others have shown that mRNA degradation rates are slowed as part of bacterial stress responses 

[for example (Dressaire et al., 2013; Rustad et al., 2013; Vargas-Blanco et al., 2019; Morin et al., 2020)]. 

We also have proposed that mRNA stabilization is directly dependent on metabolic activity rather than 

growth rate, at least in M. smegmatis (Vargas-Blanco et al., 2019), and similar findings were later reported 

in E. coli (Morin et al., 2020). Several studies have highlighted an inverse correlation between growth rate 

and mRNA degradation in Bacillus subtilis (Melin et al., 1989), E. coli (Esquerre et al., 2014; Esquerre et 

al., 2015; Esquerre et al., 2016) and Salmonella dublin (Paesold and Krause, 1999). Moreover, analysis of 
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transcript degradation in E. coli at different growth rates reinforced the concept of mRNA degradation 

linked to gene function, as transcripts from the “Coenzyme transport and metabolism” and “Intracellular 

trafficking, secretion and vesicular transport” COGs were highly stabilized during slow growth conditions, 

while transcripts from the “Carbohydrate metabolism” COG comprised some of the most stable genes 

during normal growth rates (Esquerre et al., 2014; Esquerre et al., 2015). 

Stress-induced transcript stabilization could also be a consequence of changes in translation elongation, 

a parameter associated with growth rate (Dalbow and Young, 1975; Pedersen, 1984; Klumpp et al., 2013). 

In E. coli, nutrient limitation and hyperosmotic stress conditions caused slower elongation rates compared 

to rich media conditions (Dai et al., 2018; Zhu and Dai, 2019). Similar findings were also reported for E. 

coli under cold-induced stress (Dai et al., 2016; Zhang et al., 2018; Tollerson and Ibba, 2020). Interestingly, 

the relationship between cell growth and translation elongation rate is not linear. E. coli cells with 

doubling times of <60 min had an elongation rate (k) of ~17 aa∙s-1, while those with a doubling time of 20 

hours had a k of ~8 aa∙s-1, as determined by a β-galactosidase induction assay for LacZ and other LacZ-

derived proteins (Dai et al., 2016). These results suggest that even under stress conditions there is a basal 

level of translation with physiological relevance, and E. coli cells are capable of rapidly resuming protein 

synthesis upon encountering favorable conditions (Dai et al., 2016). Recent work on alternative ribosomes 

in M. smegmatis, found only under stress conditions, evidenced unusual translational patterns compared 

to canonical ribosomes, including preference for certain codons and a 5’ positional polarity shift (Chen et 

al., 2020). Do these translational changes during stress conditions impact transcript fate? We think this is 

plausible, as changes in ribosome trafficking, translational elongation rates and even translational defects 

can impair RNases access to the mRNA, presumably resulting in altered transcriptome degradation rates. 

In E. coli, active translation seems to prevent RNases from degrading transcripts. For example, 

experiments using distinct translation inhibitors resulted in disturbances in the degradation rate of the 



136 

RNA pool (Fry et al., 1972; Pato et al., 1973). However, while the presence of ribosomes on transcripts can 

impact transcript fate, it is not always associated with active translation, as shown for ermC and ompA 

(Hambraeus et al., 2002). Stalled ribosomes located at the 5’ end of a transcript can act as an obstacle 

during RNase E’s linear transcript scanning function, impairing its endonucleolytic activity (Richards and 

Belasco, 2019). For example, in Bacillus subtilis a stalled ribosome near the 5’ end of emrC increases its 

half-life (Bechhofer and Dubnau, 1987; Bechhofer and Zen, 1989). Other studies have shown that 

ribosomal binding site (RBS) mutations resulted in shorter half-lives of their associated transcripts (Hue et 

al., 1995; Jurgen et al., 1998; Hambraeus et al., 2002). Given the ability of ribosomes to protect transcripts 

even when not actively translating, as well as the increased rRNA:mRNA ratio that we have observed in 

energy-starved mycobacteria, we wondered if mRNA-ribosome associations are involved in the regulation 

of mRNA degradation as part of the mycobacterial response to stress. 

In the work described in this chapter, we used multiple approaches to study mycobacterial mRNA 

stabilization in response to stress. We used RNA-seq to calculate mRNA half-lives in a transcriptome-wide 

manner for Mycobacterium smegmatis cultures subject to hypoxic stress and normoxic conditions, 

reinforcing the concept of mRNA stabilization as a global stress response as detailed in Chapter 3. To 

address the question whether ribosomes are involved in regulation of mRNA degradation, we used three 

different approaches. First, we used two drugs (chloramphenicol and puromycin) to assess the role of 

ribosomal occupancy as a determinant of mRNA stability in M. smegmatis. Next, we designed three 

reporter constructs with different translational profiles to evaluate the role of translation in mRNA 

degradation. Finally, we used polysome profiling and qPCR to directly compare ribosome occupancy under 

carbon starvation and rich media conditions. Our results suggest that while mRNA half-lives can be 

modulated by active translation and stalled ribosomes, these associations do not regulate global mRNA 

stabilization as a response to energy stress. 



137 

Results 

mRNA is globally stabilized as a response to hypoxic stress in Mycobacterium 

smegmatis. 

We have previously shown that in M. smegmatis the atpB, aptE, katG, rnj, rraA, and sigA transcripts had 

increased half-lives under hypoxia and carbon starvation, compared to those of log phase normoxic 

cultures (Vargas-Blanco et al., 2019). Based on the diversity of transcript-specific features in our tested 

genes, as well as reports of global mRNA stabilization in M. tuberculosis as a response to hypoxia (Rustad 

et al., 2013), we offered the educated guess that stress-induced mRNA stabilization is also a global 

phenomenon in M. smegmatis. However, we had not provided evidence of stress-induced mRNA 

stabilization in a transcriptome-wide manner. Therefore, we used RNA-seq to determine transcript half-

lives in M. smegmatis under hypoxia and log phase normoxic cultures. We generated a hypoxic 

environment for M. smegmatis using a variation of the Wayne and Hanes model (Wayne and Hayes, 1996), 

consisting of a gradual transition from aerated growth to hypoxia-induced growth arrest over 19 hours, 

as detailed in Chapter 3 of this dissertation. M. smegmatis samples were collected in biological triplicate 

at different time points after transcription inhibition by degassed rifampicin. Total RNA was extracted 

from all samples, ribosomal RNA (rRNA) was depleted and RNA-seq libraries were constructed. The 

removal of rRNA meant that rRNA could not be used to normalize mRNA abundance as we did when 

determining mRNA half-lives by quantitative PCR (qPCR). Instead, we created a normalization factor by 

using qPCR to measure mRNA abundance for eight transcripts [msmeg_0065 (esxB), msmeg_2758 (sigA), 

msmeg_4626 (rne), msmeg_4665 (iolE), msmeg_4941 (atpE), msmeg_5691 (putative RBP), msmeg_6439 

(rraA), and msmeg_6941 (putative RBP)] in each sample. The RNA-seq reads were then transformed using 

the normalization factor and used to determine transcript half-lives (see Materials and Methods). As 

expected, hypoxic conditions lead to transcriptome-wide stabilization with a median half-life of 29.9 min 

for 3179 M. smegmatis genes. The median half-life for normoxia in M. smegmatis is 0.9 min (Figure 4-1). 
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Figure 4-1. Mycobacterium smegmatis stabilizes its mRNA transcriptome-wide as a response to hypoxia. RNA-

seq analysis shows dramatic mRNA stabilization for M. smegmatis cells under early hypoxic stress when compared to 

log phase. 

Chloramphenicol-induced ribosome stalling increases mRNA stability in 

Mycobacterium smegmatis under hypoxic stress. 

In Chapter 3 we have shown that chloramphenicol, an elongation inhibitor that prevents peptidyl transfer 

causing ribosome stalling along the transcript (Wolfe and Hahn, 1965; Lopez et al., 1998), causes mRNA 

stabilization for at least some genes in hypoxic M. smegmatis (Figure 4-2A, also shown in Chapter 3). This 

implies that some level of translation continues in hypoxia, and that increased ribosome occupancy 

protects mRNA from the already-slow degradation that occurs in this condition. Having previously shown 

that reaeration of hypoxic M. smegmatis causes swift resumption of mRNA degradation (Vargas-Blanco 

et al., 2019), we wondered if we could use chloramphenicol to preserve the ribosome-mRNA associations 

present in hypoxic conditions, carrying over transcript stability into a reaeration phase. We therefore 

redesigned our hypoxia experiment with two modifications. First, we included a reaeration step 2 minutes 

after translation inhibition. Second, we blocked transcription either one minute before or two minutes 

after reaeration (Figure 4-2B and C, bottom) in order to test the impact of transcriptional changes that 
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occur upon alteration of metabolic status. Our results showed that for each of our five tested genes, mRNA 

half-lives were higher for mycobacteria treated with chloramphenicol, regardless of whether transcription 

had been blocked before or after reaeration (Figure 4-2B and C, top). 

 

Figure 4-2. Ribosome stalling increases Mycobacterium smegmatis mRNA half-lives in hypoxia and re-

aeration. (A) Chloramphenicol-treated M. smegmatis cultures further stabilize their transcripts under hypoxic stress, 

suggesting that stalled ribosomes enhance protection from RNases. (B and C) Re-aeration of hypoxic M. smegmatis 

cultures leads to swift transcript degradation, a phenomenon that is prevented by the addition of chloramphenicol. 

Transcripts from chloramphenicol-treated cells show slower mRNA degradation upon reaeration, regardless of 

whether transcription inhibition occurred before (B) or after (C) disrupting the hypoxic environment. Error bars: 95% 

confidence intervals. * = p<0.05, **** = p<0.0001, ns = not significant; linear regression test, n=3. The → indicates 

the order of the events; E: ethanol (drug vehicle), cam: chloramphenicol, rif: rifampicin, O2: re-aeration. 
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Next, we analyzed the expression levels of our tested genes. In hypoxic M. smegmatis cultures, gene 

expression increased in two minutes of reaeration in the absence of chloramphenicol, as shown for 

three/five of our tested transcripts (Figure 4-3A). Interestingly, we found that atpB, atpE, rnj and sigA had 

similar expression levels for cells treated with chloramphenicol, regardless of when transcription was 

halted (i.e., chloramphenicol → reaeration → rifampicin or chloramphenicol → rifampicin → reaeration) 

as shown in Figure 4-3B. Chloramphenicol therefore prevented the transcriptional burst that occurred 

during two minutes of reaeration in untreated cells. Thus, as discussed below, it seems possible that in M. 

smegmatis translation and transcription are physically coupled. 

 

Figure 4-3. Translation inhibition impacts transcription in Mycobacterium smegmatis. (A) Expression level of 

transcripts under hypoxia + cam, re-aeration or normoxia (log phase) relative to hypoxia. (B) Expression level for five 

tested genes from re-aeration of hypoxic M. smegmatis cultures using rifampicin and chloramphenicol or the drug 

vehicle. After re-aeration, cultures treated with chloramphenicol had lower expression levels (for atpB, sigA, atpE and 

rnj) than those treated with ethanol, suggesting a possible coupling of translation and transcription processes. The → 

indicates the order of the events; E: ethanol (drug vehicle), cam: chloramphenicol, rif: rifampicin, O2: re-aeration. Error 

bars: standard deviation. *** = p<0.001, **** = p<0.0001, ns = not significant; ANOVA, Dunnett, n=3. 
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Translation inhibition by puromycin has dual effects on mRNA stability in 

Mycobacterium smegmatis. 

Having shown that stalled ribosomes can lead to mRNA stabilization, we hypothesized that in M. 

smegmatis, ribosome-depleted transcripts would have shorter half-lives compared to transcripts 

associated with ribosomes. In E. coli, puromycin was reported to cause faster RNA decay (Varmus et al., 

1971; Pato et al., 1973). Puromycin is a translation inhibitor that competes with aminoacyl tRNAs to bind 

the A site in the peptidyl transferase reaction, leading to premature chain termination (Traut and Monro, 

1964; Azzam and Algranati, 1973). Hence, if puromycin causes ribosomes to release from the transcripts, 

RNases would be more effective at accessing the unprotected transcripts. To test this hypothesis, we used 

M. smegmatis cultures in logarithmic phase (OD600 = 0.8) and inhibited transcription with rifampicin 30 

seconds prior adding puromycin. Samples were collected at different time points thereafter (Figure 4-4A). 

We also used chloramphenicol and ethanol (the drug vehicle) as control treatments. Contrary to our 

expectations, we observed that mRNA half-lives were longer for both puromycin-treated and 

chloramphenicol-treated cultures compared to the ethanol treatment (Figure 4-4B). In puromycin-treated 

cells, transcript half-lives were 1.1- to 2.8-fold those from the vehicle drug (Figure 4-4B). Nevertheless, 

the longest mRNA half-lives corresponded to chloramphenicol-treated cells, which were 2.1- to 7.1-fold 

those of the vehicle drug treatment (Figure 4-4B). 

We and others often observe biphasic and triphasic mRNA decay curves (Hambraeus et al., 2003; Selinger 

et al., 2003; Chen et al., 2015; Vargas-Blanco et al., 2019; Nguyen et al., 2020). Biphasic curves have a 

period of rapid decay followed by a slowing of decay at later time points. Triphasic curves also have an 

initial delay before the rapid decay phase. We attribute the “slow-fast” degradation pattern to continued 

synthesis of mRNA by RNA polymerases that had already begun elongation when rifampicin was added, 

as this drug only inhibits transcription initiation. Both of these typical bi- and triphasic decay patterns can 
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be seen in the vehicle control (Figure 4-4D). However, examination of the mRNA degradation pattern in 

puromycin-treated mycobacteria revealed an unusual pattern in which a short period of very rapid decay 

preceded the main decay period (Figure 4-4C). For all three genes tested, a faster mRNA degradation 

period, characterized by a steeper negative slope, took places between 0 and 30 seconds after 

transcription inhibition (Figure 4-4C). Interpretation of these results will be further discussed below. 

 

Figure 4-4. Puromycin has a dual effect on mRNA stability in Mycobacterium smegmatis. (A) Analysis of mRNA 

degradation in log phase M. smegmatis cultures treated with rifampicin (rif) and 30 seconds after with ethanol, 

puromycin (pur) or chloramphenicol (cam). (B) Drugs that cause ribosome stalling and premature ribosome release 

both lead to increased mRNA half-lives in log phase. mRNA half-life was calculated using the time points from the 

longest linear regression section in the transcript degradation plots (see next panels, region highlighted in yellow). * = 

p<0.05, **** = p<0.0001, ns= not significant; linear regression test, n=3. (C) Segmental linear regression for rifampicin 

→ puromycin. A segmental fitting shows a faster mRNA degradation trend for the first 30 seconds, followed by two 

slower mRNA degradation trends. (D), Segmental linear regression for rifampicin → ethanol showing a faster mRNA 

degradation trend for the first 4 minutes, followed by a slower mRNA degradation trend. In the case of rifampicin → 

chloramphenicol (E) only a single degradation rate is observed. The yellow highlighted region in panels (C), (D) and (E) 

shows the time points used for half-life determinations in panel B. Error bars for (C), (D), (E) are standard deviation. 
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The effects of start codon mutations on stability of a reporter transcript 

In order to further assess the impact of translation on mRNA stability we designed three reporter 

constructs using the coding sequence of mCherry in M. smegmatis. Our first reporter is unmodified 

mCherry, which contains the intact coding sequence for mCherry. Our two other reporters, mCherryOS 

and mCherryUT, both have mutations throughout their sequence to eliminate all possible start codons 

(GTG, ATG, and TTG) with the goal of reducing spurious ribosome binding. Most of the mutations were 

synonymous, but 11 amino acid residues were replaced by residues with chemically similar sidechains 

(see methods). mCherryOS is a translatable reporter that has 10 methionine-to-leucine replacements 

(M#L) and one lysine-to-arginine replacement at position 97 (K97R), keeping only M1 as a start codon. 

K97R was made to avoid the potential of coding for methionine in a different reading frame. mCherryUT 

is an untranslatable reporter in which we also made the M1L replacement (Figure 5A). Our three 

constructs were designed to be leaderless to avoid interactions with ribosomes upstream of the start 

codon. 

M. smegmatis with either unmodified mCherry, mCherryOS, or mCherryUT was grown to logarithmic 

phase (OD600 = 0.40). We inhibited transcription with rifampicin, collected samples at different time 

points, and used qPCR to determine mRNA half-lives as described before. Our results were surprising; the 

transcript half-lives of unmodified mCherry and mCherryUT were similar, while mCherryOS had a 

significantly shorter half-life compared to the other two reporters (Figure 4-5B). Moreover, the abundance 

of unmodified mCherry was 5.6-fold higher than mCherryOS, and 20-fold higher than mCherryUT (Figure 

4-5C and D). We had expected a modest difference in the expression levels of our reporters; however, 

these findings again suggest the possibility of physically coupled translation and transcription processes, 

with transcription consequently being reduced in the absence of translation. We revisited the coding 

sequence of mCherry and observed that two internal methionine codons (M10 and M17) could potentially 
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serve as start codons, as both were preceded by SD-like sequences. To explore this possibility, we 

designed two constructs in which the sequence upstream of M10 or M17 was removed to create Δ9 

mCherry and Δ16 mCherry, respectively (Figure 4-6A). 

 
Figure 4-5. Start codon mutations lead to changes in transcript stability. (A) Protein model structure showing 

the original sequence of mCherry in red, with amino acid residues replacements in cyan. Methionine (M) to leucine 

(L), and lysine (K) to arginine (R) replacements were introduced in the protein coding sequence to generate an 

untranslatable version of mCherry (mCherryUT), as well as other synonymous mutations. A translatable version with 

a single start codon was also created (mCherryOS), with no replacement at M1. (B) mRNA half-lives for the mCherry 

transcripts, as well as four transcripts used as controls. M. smegmatis cultures were in log phase (OD600 = 0.1) and 

aerated conditions. There was a significant difference between the mRNA half-lives of mCherryOS and mCherryUT. 

**** = p<0.0001, ns= not significant; linear regression test, n=3. (C) mRNA degradation pattern for the different 

versions of the mCherry transcript, from cells in log phase and aerated conditions. (D) Steady-state abundance of 

mCherryOS and mCherryUT transcripts relative to the unmodified mCherry mRNA, from 0-minute samples in (B and 

C). Error bars for (C) and (D): standard deviation. 

Using microscopy, we observed strong fluorescence intensity from M. smegmatis transformed with Δ9 

mCherry but not from the Δ16 mCherry strain (Figure 4-6B) (Franca, 2020). These results show that codon 

M10 can also be used as a start site, and may in fact be the primary start site. This is consistent with a 



145 

previous report from M. tuberculosis (Carroll et al., 2014). Hence, ribosomes could have stalled near L10 

and L17 in mCherryUT, protecting the transcript from degradation and posing challenges that would 

confound our ability to compare mRNA levels and mRNA degradation trends between our constructs (see 

Discussion). 

 

Figure 4-6. The coding sequence of mCherry has three possible start sites. (A) mCherry constructs modified to 

start either at the annotated M1 start, or at codons M10 (∆9 mCherry) and M17 (∆9 mCherry). (B) mCherry 

fluorescence is restricted to the strains carrying the unmodified mCherry gene or the M10 (∆9 mCherry) variant. 

mRNA association with ribosomes does not explain transcript stabilization under 

carbon starvation in M. smegmatis. 

Based on the high rRNA to mRNA ratio in M. smegmatis under carbon starvation stress (Vargas-Blanco et 

al., 2019), we hypothesized that mRNAs may be associated with more ribosomes or ribosomal subunits 

than in log phase growth, protecting transcripts from RNases and therefore increasing the transcriptome 

half-life. To capture a snapshot of the biological interactions between M. smegmatis ribosomes and 

mRNA, we performed polysome profiling on log phase and carbon-starved cells. We first exposed M. 

smegmatis to carbon starvation for 24 hours, leading to growth cessation but maintaining cell viability 

(Figure 4-7A). As reported previously, we determined mRNA half-lives of M. smegmatis in carbon 

starvation stress and in rich media. Our results showed increased mRNA stability in the former condition 

for each assessed gene (Figure 4-7B). Using additional cultures, we recovered M. smegmatis cells by rapid 
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filtration at room temperature (~23°C) and immediately froze them in liquid nitrogen; we also added 

frozen lysis buffer containing chloramphenicol. Frozen cells were lysed using a Retsch CryoMill at -196°C 

to preserve the structural integrity of RNA and ribosomal associations. We then used a sucrose gradient 

to separate subunits, monosomes, and polysomes, creating a polysome profiling chart while 

simultaneously binning each sample into 72 fractions. 

 

Figure 4-7. Ribosome occupancy is altered during carbon starvation in Mycobacterium smegmatis. (A) M. 

smegmatis growth curve, displaying viability and optical density (OD) measurements. The dotted line indicates the 

time at which samples were processed for mRNA half-life analysis (24 hours). (B) mRNA half-lives for M. smegmatis 

under carbon starvation stress (24 hours) or in rich media (log phase, OD: 0.8) showing dramatic transcript 

stabilization for cells under energy stress. *** = p<0.001, **** = p<0.0001; linear regression test, n=3. (C) Polysome 

profiling analysis to determine ribosome occupancy under carbon starvation. The polysome profiles of M. smegmatis 

in rich media and carbon starvation greatly differ, with the latter showing mostly 30S and 50S subunit peaks. 
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Figure 4-8. in vitro transcribed mCherry can be used to normalize transcript abundance in polysome profiling 

samples.(A) Polysome profiling fractions used for subsequent mRNA-ribosomal association analysis. (B) We spiked 

each sample with in vitro transcribed mCherry mRNA to compare the relative abundance of transcripts across 

polysome profiling fractions. Transcript abundance was estimated from qPCR data by normalizing the abundance of 

a target transcript to mCherry transcript abundance. (C) Expression levels of the controls targets 23S rRNA (large 

subunit); 16S rRNA (small subunit) (D); and the sRNA MS1, expected not to be associated with ribosomes/subunits 

(E). 
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Our results showed dramatically different profiles for the two conditions. In log phase samples the 

majority of ribosomes were present as monosomes and polysomes, consistent with active translation. In 

carbon starvation, most ribosomes existed as individual 30S and 50S subunits (Figure 4-7C). We confirmed 

which subunits were present in each peak by assessing rRNA size and abundance with a Fragment Analyzer 

(data not shown). These data suggested that transcripts were unlikely to have increased ribosome 

occupancy in carbon starvation compared to log phase growth. However, the possibility remained that 

mRNAs were associated with individual subunits in carbon-starved M. smegmatis. To exclude this 

possibility, we chose seven fractions corresponding to the highest concentrations of polysomes, 

monosomes, subunits and free mRNA for each condition (Figure 4-8A) and determined mRNA abundance 

in each fraction for a set of transcripts. To determine the mRNA abundance of a given transcript by qPCR 

we would typically normalize the sample to total RNA content (most of which is rRNA) or to a 

housekeeping gene. Such an approach was not possible in this experiment since samples contained 

varying amounts of both mRNA and rRNA. Thus, we transcribed mCherry in vitro and spiked 1 ng of 

mCherry mRNA into each of our seven fractions (Figure 4-8A and B). To verify our fractionation and 

normalization methods we included qPCR targets within both 16S and 23S rRNA and the small RNA Ms1. 

The 16S and 23S rRNA were abundant in the fractions corresponding to the small and large subunits, 

respectively, as well as distributed throughout the monosome and polysome fractions (Figure 4-8C and 

D), while Ms1 remained dissociated from rRNA (Figure 4-8E), as we had predicted. 

Then, we determined mRNA abundance for 4 target genes relative to that of mCherry. Our results showed 

that in carbon starvation samples, ribosomal associations with mRNA varied by gene (Figure 4-9). For 

example, a large proportion of sigA was associated with monosomes, while atpE was mostly associated 

with polysomes (Figure 4-9). On the other hand, the proportions of transcripts that interacted with 

monosomes and polysomes, interacted with 30S and 50S subunits, or did not interact with any were 
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similar for both rnj and rraA (Figure 4-9). In log phase samples there was also variability among genes with 

respect to the relative abundance of mRNA in various fractions. However, there was a consistent trend in 

which the distribution of mRNA abundance across fractions was heavily skewed toward the polysome and 

monosome fraction in log phase samples. This skew was absent or weaker in the carbon starvation 

samples. We can therefore conclude that mRNAs do not generally have greater ribosome occupancies in 

carbon starvation compared to log phase.  Overall, while mRNA associations with ribosomes can lead to 

transcript stabilization in other contexts, ribosomes do not seem to be part of the global mRNA 

stabilization response to low energy stress. 

 

Figure 4-9. mRNA association with ribosomes does not explain transcript stabilization under carbon starvation 

in Mycobacterium smegmatis. mRNA abundance for four tested genes to determine association of mRNA and 

ribosomes. Carbon starvation fractions show distinct mRNA-ribosomal association profiles, which does not explain 

global transcript stabilization under energy stress. 
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Discussion 

Rustad et al. reported that hypoxic conditions lead to transcriptome stabilization in M. tuberculosis 

(Rustad et al., 2013). We have previously shown that M. smegmatis plausibly has a similar stress response, 

as we reported increased mRNA half-lives for a set of transcripts during hypoxia (Vargas-Blanco et al., 

2019). But, is mRNA stabilization also a transcriptome-wide phenomenon in M. smegmatis? Here, we 

complemented our previous findings by reporting transcriptome-wide half-life data for M. smegmatis 

under normoxic and hypoxic conditions. We measured half-lives for 3179 of the ~6625 genes in M. 

smegmatis, considering only genes for which we had high-confidence half-life predictions in both 

normoxia and hypoxia. The median mRNA half-life for M. smegmatis when entering a non-growing phase 

in early-stage hypoxia is 29.9 min. In contrast, the average mRNA half-life for M. smegmatis in normoxic 

log phase growth (OD = 0.8) for the same set of genes is 0.8 min (Figure 4-1). We also observed that the 

average log phase mRNA half-life for M. smegmatis is shorter compared to that of log phase M. 

tuberculosis (9.5 min) (Rustad et al., 2013), a difference we attribute to the ~10-fold difference in doubling 

time between these mycobacteria. Furthermore, our median mRNA half-life for M. smegmatis in log 

phase is 6-fold lower than that obtained by Rustad et al., most likely due to the time-points used. Rustad 

et al. only considered 0, 5 and 10 min. In contrast, we obtained data for 0, 1, 2, 3, 4, 8 and 16 min after 

transcription was blocked, and only the first five time-points were used to determine half-lives, as 

degradation slows for most genes after 4 min. Regardless of these technique differences, our RNA-seq 

results validate our findings on transcript stabilization during hypoxia in M. smegmatis (Vargas-Blanco et 

al., 2019). As such, in subsequent sections we make the key assumption that mRNA half-life trends 

observed for a subset of genes using qPCR are generally representative of transcriptome-wide responses. 

We and others have shown that in low energy stress conditions the ratio of rRNA to mRNA greatly 

increases in M. smegmatis (Vargas-Blanco et al., 2019) and other bacteria (Betts et al., 2002; Wood et al., 
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2005), suggesting that the ratio of ribosomes to mRNA is correspondingly increased. Although active 

translation is presumably low in non-growing, energy-starved cells, it is plausible that large numbers of 

ribosomes or ribosomal subunits associate non-productively with mRNA leading to occlusion of RNase 

cleavage sites. We therefore wondered if increased ribosome occupancy could explain the global 

transcript stabilization we observed in mycobacteria during hypoxia. 

Translation can cause RNase occlusion, ultimately interfering with transcript degradation as we reviewed 

before (Vargas-Blanco and Shell, 2020). Experiments in E. coli using translation inhibitors showed major 

shifts in mRNA degradation, a role primarily attributed to ribosome stalling (Fry et al., 1972; Pato et al., 

1973). This means that active translation is not always necessary for ribosomes to protect mRNA from 

degradation. Indeed, ribosomes could act as obstacles during scanning function of endonucleases, such 

as RNase E in E. coli (Richards and Belasco, 2019). Our results are in agreement with these statements, as 

ribosome stalling in chloramphenicol-treated M. smegmatis caused mRNAs to become more stable when 

compared to the vehicle treatment in conditions of hypoxia and log phase (Figure 4-2A, Figure 4-4B and 

Figure 4-4E). We also induced ribosome stalling under hypoxia with chloramphenicol to determine if 

mRNA-ribosome associations formed under stress could confer mRNA stability even after reaeration. 

Indeed, transcript stabilization remained after M. smegmatis was re-exposed to O2 (Figure 4-2B and C). 

Importantly, we allowed chloramphenicol-treated mycobacteria to resume transcription for two minutes 

after reaeration (chloramphenicol → reaeration → rifampicin) and compared this treatment with another 

in which rifampicin was added before reaeration (chloramphenicol → rifampicin → reaeration). 

Surprisingly, the expression levels for most transcripts were similar between these two treatments, in 

contrast to untreated cells which demonstrated a burst of transcription in the two minutes following 

reaeration. We propose two explanations for these results. In the absence of ribosome translocation RNA 

polymerase could be less effective at transcript elongation, supporting the possibility that translation and 
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transcription are physically coupled processes in M. smegmatis as we suggested in Chapter 3, as well as 

others had previously shown for E. coli (Miller et al., 1970; Burmann et al., 2010; Proshkin et al., 2010; 

Zhang et al., 2014; Fan et al., 2017). Another possibility is that the chloramphenicol-induced translation 

stress causes an increased ratio of rRNA transcription to mRNA transcription, which would confound our 

ability to compare mRNA levels across conditions since we use total RNA as a normalizer. 

We reasoned that if ribosomes protect transcript from RNases, depleting ribosomes from mRNA would 

render transcripts more susceptible to degradation. Thus, we treated M. smegmatis cultures with 

puromycin to strip off ribosomes from mRNA templates. Unexpectedly, puromycin led to transcript 

stabilization, similarly to the outcome of chloramphenicol-treated cells but not to those with the drug 

vehicle (Figure 4-4). Upon closer inspection of the mRNA degradation trends, we observed an initial fast 

degradation phase from 0 s to 30 s in puromycin-treated cells, something not commonly found in other 

multiphasic degradation trends (Hambraeus et al., 2003; Selinger et al., 2003; Chen et al., 2015; Moffitt 

et al., 2016; Vargas-Blanco et al., 2019; Nguyen et al., 2020). We conceived a few explanations for this 

phenomenon, as it is possible that puromycin has direct and indirect effects on mRNA degradation. 

Puromycin could initially cause ribosomes to fall off, enabling RNases access to degrade most unprotected 

transcripts, as expected. A ribosome-to-mRNA ratio increase could explain the increase in transcript 

stability during the third phase; regardless of completing translation, ribosomes would be more likely to 

bind the RBS blocking the 5’end from RNase interactions. Alternatively, if ribosomes fall off rapidly upon 

puromycin addition, the RNA polymerase could end transcription prematurely, preventing residual 

transcription from elongating RNAPs which are unaffected by rif. This would further support transcription 

and translation being physically coupled in M. smegmatis, as we have previously discussed. Furthermore, 

studies in E. coli have shown that puromycin leads to faster degradation of lacZ and the RNA pool (Varmus 

et al., 1971; Pato et al., 1973). Conversely, another study reported that puromycin, as well as other 
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translational inhibitors, lead to mRNA stabilization (Lopez et al., 1998). A probable explanation for these 

contradictory findings is whether transcription was blocked before adding a translation inhibitor or not. 

In the case of Pato et al., transcription was blocked with rifampicin 2 min before adding puromycin. 

Varmus et., al used 3H-uridine lac labelling in a pulse-chase approach, where labelling was terminated 1 

min before adding puromycin. In the case of Lopez et al., the translation inhibitor was added 20 min before 

transcription was switched off for an IPTG-regulated gene reporter. Moreover, another group showed 

that kasugamycin—a drug that prevents initiation (Schluenzen et al., 2006)—also caused an increase in 

mRNA half-life when used 15 min before blocking transcription with rifampicin (Moffitt et al., 2016). 

Therefore, puromycin and other translational inhibitors could cause mRNA stability to increase if they 

promote a sudden increase in rRNA synthesis, a substrate that can titrate the activity of RNase E and other 

RNases. This was possible in the Lopez et al. and Moffitt et al. studies where cells were exposed to 

translation inhibitors in the absence of transcription inhibitors. In our experiments, mRNA stabilization in 

response to puromycin cannot be explained by increased rRNA transcription because we added rifampicin 

prior to puromycin. It is also possible that a combination of factors contribute to the biphasic degradation 

patterns we observed. 

To further explore the role of ribosomal occupancy on mRNA degradation we used mCherryUT, an 

untranslatable transcript, and compared its half-life with that of mCherryOS, a transcript with a single 

translation start site, and with the unmodified mCherry transcript. Our results were surprising; the half-

lives of mCherry and mCherryUT were approximately 1.5 min, while that of mCherryOS was ~0.6 min 

(Figure 4-5B). We had expected that a transcript unable to associate with ribosomes would be better 

targeted by RNases. Moreover, the expression level of mCherry was 5.6-fold higher than mCherryOS, and 

20-fold higher than the level of mCherryUT (Figure 4-5C and D), which could potentially explain the 

absence of fluorescence in mCherryOS (data not shown). We had expected a modest difference in the 
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expression levels of our reporters; however, these findings supported transcription and translation as 

physically coupled processes. We revisited the coding sequence of mCherry and observed that M10 and 

M17 could potentially serve as start codons, as both were preceded by SD-like structures (Figure 4-6A). 

Thus, it was possible that mCherryUT had a shorter half-life because of stalled ribosomes near L10 and 

L17, protecting the transcript from degradation. Indeed, we confirmed that M10 acted as the preferred 

start site in mCherry for M. smegmatis as shown in Figure 4-6B and by (Franca, 2020), findings also 

reported for mCherry in M. tuberculosis (Carroll et al., 2014). 

In E. coli at a fast growth rate (doubling time = 20 min) the number of ribosomes per cell was calculated 

to be ~70,000 (Bremer and Dennis, 2008), while in similar conditions the number of mRNA is ~10-fold 

lower (Bartholomaus et al., 2016). Therefore, it possible to have ~10 ribosomes committed to a single 

mRNA if we assume (1) an average mRNA length of 1,000 nucleotides (Ochman and Jones, 2000) and (2) 

a similar translation efficiency for each mRNA. Furthermore, considering a ribosome footprint of 23nt 

(Neuhaus et al., 2017; Mohammad et al., 2019) we estimated that ribosomes could be ~70 nucleotides 

apart from each other on the mRNA strand, similarly to reported estimates (Bremer and Dennis, 2008). 

These numbers, however, could drastically change in stress conditions that cause reductions in mRNA 

levels as shown by us and others (Betts et al., 2002; Wood et al., 2005; Vargas-Blanco et al., 2019). Hence, 

we hypothesized that an increased ratio of ribosomes to mRNA during low energy stress would lead to 

augmented mRNA-ribosome associations as part of the bacterial stress response, resulting in 

transcriptome stabilization. However, polysome profiling of M. smegmatis under carbon starvation 

revealed reduced mRNA associations with ribosomes compared to bacteria growing in rich media (Figure 

4-7C). Interestingly, we observed higher levels of individual 30S and 50S subunits compared to 

monosomes or polysomes in carbon starved cells. To determine the relative amounts of mRNA in 

ribosome-bound versus unbound states, we measured abundance levels of different transcripts across 
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our fractionated polysome profiling samples. We discovered that our transcript targets had distinct 

association patters with ribosomes and subunits in mycobacteria under carbon starvation stress (Figure 

4-9). More importantly, a greater proportion of rraA and rnj, and sigA, was not associated with ribosomes 

or ribosomal subunits in stressed mycobacteria compared to log phase mycobacteria (Figure 4-9). Yet, 

these transcripts were significantly stabilized under carbon starvation stress conditions. Overall, we 

conclude that while ribosomes do impact the fate of mRNA, transcriptome stabilization as a response to 

carbon starvation stress does not depend on mRNA-ribosome associations. 

Materials and methods 

Strains and culture conditions. 

Mycobacterium smegmatis strain mc2155 or its derivatives (Table 4-1) were grown in rich medium, 

Middlebrook 7H9 with albumin dextrose catalase (ADC; final concentrations, 5 g/L bovine serum albumin 

fraction V [BSA], 2 g/L dextrose, 0.85 g/L NaCl, and 3 mg/L catalase), 0.2% glycerol, and 0.05% Tween 80, 

which was shaken at 200 rpm and 37°C to an optical density at 600 nm (OD600) of ∼0.8, unless specified 

otherwise. For hypoxic cultures, we modified the Wayne and Hayes model as described in Chapter 3. 

Samples for all hypoxia RNA determinations were taken 18.5 to 19 hours after sealing the vials. 

For carbon starvation cultures, cells were grown to log phase (OD600 = 0.8) in rich medium, pelleted, and 

rinsed three times with carbon starvation medium (Middlebrook 7H9 with 5 g/liter BSA, 0.85 g/liter NaCl, 

3 mg/liter catalase, and 0.05% Tyloxapol) at 4°C and then resuspended in carbon starvation medium to an 

OD600 of 0.8 and incubated at 200 rpm and 37°C. M. smegmatis remained in these conditions for 24 hours 

before been used for RNA determination experiments. 

The mCherryOS strain (SS-M_0395) was built using the MOP promoter (Mycobacterial Optimized 

Promoter) (Hickey et al., 1996) in plasmid pSS271 with the synthetically synthesized one-start mCherry 
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sequence, and a synthetic bidirectional terminator region (ttsbiB) enclosed by two buffer regions. The 

strain mCherryUT (SS-M_0397) was similarly built using pSS273, except the starting codon was ATC 

(ATGGTAAGCAAGGGCGAGGAGGATAACCTCGCCATCATCAAGGAGTTCCTCCGCTTCAAGGTACACCTCGAGGG

CTCCGTAAACGGCCACGAGTTCGAGATCGAGGGCGAGGGCGAGGGCCGCCCCTACGAGGGCACCCAGACCGCCA

AGCTCAAGGTAACCAAGGGAGGCCCCCTCCCCTTCGCCTGGGACATCCTCTCCCCTCAGTTCCTCTACGGCTCCAA

GGCCTACGTAAAGCACCCCGCCGACATCCCCGACTACTTAAAGCTCTCCTTCCCCGAGGGCTTCCGCTGGGAGCGC

GTACTCAACTTCGAGGACGGCGGCGTAGTAACCGTAACCCAGGACTCCTCCCTCCAGGACGGCGAGTTCATCTAC

AAGGTAAAGCTCCGCGGCACCAACTTCCCCTCCGACGGCCCCGTACTCCAGAAGAAGACCCTCGGCTGGGAGGCC

TCCTCCGAGCGGCTCTACCCCGAGGACGGCGCCCTCAAGGGCGAGATCAAGCAGAGGCTCAAGCTCAAGGACGG

CGGCCACTACGACGCAGAGGTCAAGACCACCTACAAGGCCAAGAAGCCCGTACAGCTCCCCGGCGCCTACAACGT

CAACATCAAGTTAGACATCACCTCCCACAACGAGGACTACACCATCGTAGAACAGTACGAACGCGCCGAGGGCCG

CCACTCCACCGGCGGCCTCGACGAGCTCTACAAGTAGtagggcgttgcctcaatcggcctgctgcctgccaaaaaaaaaagcgccg

caactgcggcgcttttttttttatcagttctggaccagcgagtatcgatgtcgacgtagttaacta). The strain mCherry (SS-M_0362) 

was built in a similar manner, using pSS264 with the unmodified sequence for mCherry 

(ATGGTGAGCAAGGGCGAGGAGGATAACATGGCCATCATCAAGGAGTTCATGCGCTTCAAGGTGCACATGGAGG

GCTCCGTGAACGGCCACGAGTTCGAGATCGAGGGCGAGGGCGAGGGCCGCCCCTACGAGGGCACCCAGACCGC

CAAGCTGAAGGTGACCAAGGGTGGCCCCCTGCCCTTCGCCTGGGACATCCTGTCCCCTCAGTTCATGTACGGCTCC

AAGGCCTACGTGAAGCACCCCGCCGACATCCCCGACTACTTGAAGCTGTCCTTCCCCGAGGGCTTCAAGTGGGAG

CGCGTGATGAACTTCGAGGACGGCGGCGTGGTGACCGTGACCCAGGACTCCTCCCTGCAGGACGGCGAGTTCATC

TACAAGGTGAAGCTGCGCGGCACCAACTTCCCCTCCGACGGCCCCGTAATGCAGAAGAAGACCATGGGCTGGGA

GGCCTCCTCCGAGCGGATGTACCCCGAGGACGGCGCCCTGAAGGGCGAGATCAAGCAGAGGCTGAAGCTGAAG

GACGGCGGCCACTACGACGCTGAGGTCAAGACCACCTACAAGGCCAAGAAGCCCGTGCAGCTGCCCGGCGCCTA

CAACGTCAACATCAAGTTGGACATCACCTCCCACAACGAGGACTACACCATCGTGGAACAGTACGAACGCGCCGA

GGGCCGCCACTCCACCGGCGGCATGGACGAGCTGTACAAGGCAGCAAACGACGAAAACTACGCTCTGGCCGCGT
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AG). Constructs were built using NEBuilder HiFi (E2621). Integrants were selected with 50 µg/mL 

kanamycin and confirmed by sequencing. 

The mCherryOS protein sequence was designed using the BLOSUM62 scoring matrix for amino acid 

substitutions, and its structural sequence was modelled using MODELLER 9.18 (Sali and Blundell, 1993) 

and UCSF Chimera (Pettersen et al., 2004) using as template the crystal structure of mCherry, PDB entry 

2HQ5 (Shu et al., 2006).  

RNA extraction and determination of mRNA stability by qPCR. 

Biological triplicate cultures were treated with rifampicin to a final concentration of 150 μg/mL to halt 

transcription. For most culture conditions samples of 7 mL were frozen using liquid nitrogen and RNA was 

extracted at various time points thereafter. Details about cell culture sampling and RNA processing for 

qPCR analyses are described in detail in Chapter 3. 

Transcript abundance (A) over time (t) was determined for different genes (primers in Table 4-2) by 

quantitative PCR (qPCR) using iTaq SYBR green (Bio-Rad) with 400 pg of cDNA and 0.25 μM each primer in 

10-µL reaction mixtures, with 40 cycles of 15 s at 95°C and 1 min at 61°C (Applied Biosystems 7500). 

Abundance was expressed as the negative threshold cycle (–CT) [reflecting the log2 A (t)]. Linear regression 

was performed on –CT values versus time where the negative reciprocal of the best-fit slope estimates 

mRNA half-life (see Chapter 3, supplemental material). 

RNA processing and determination of mRNA stability by RNA-seq. 

Samples for hypoxic and normoxic cultures were obtained as described before and stored at −80°C. Cell 

cultures were thawed immediately before RNA extraction. Cells were pelleted, lysed and RNA was 

recovered as described in Chapter 3, with the following modifications: DNase treatment was not included 



158 

as an in-column step, instead we used 2.5 U of TURBO™ DNase and 80,000 U of NEB RNase inhibitor to 

treat 600 ng of RNA for 1 hour at 37°C, with mild agitation. A second RNA clean-up step followed using a 

Zymo RNA Clean & Concentrator™-25 kit according to the manufacturer’s instructions, but using 3 Wash 

Buffer steps. mRNA abundance was determined by qPCR, as described by the protocol detailed in 

Appendix I. RNA-seq libraries were constructed and sequenced by the Broad Institute Microbial ‘Omics 

Core. 

RNA-seq data was normalized for each time point using transcript abundance information collected by 

qPCR for eight transcript targets (shown in Table 4-2). Read counts per sample were expressed as RPKM 

(Reads Per Kilobase of transcript, per Million) and the summation of RPKMs within a qPCR target region 

was denoted ∑𝑅𝑃𝐾𝑀. For each of the 8 qPCR targets a calculated ∑𝑅𝑃𝐾𝑀 at any given time 

(𝑐𝑎𝑙𝑐. ∑𝑅𝑃𝐾𝑀𝑛) can be obtained using the transcript abundance at any given time (𝐴𝑛), the average 

transcript abundance at time zero (〈𝐴0〉) and the average ∑𝑅𝑃𝐾𝑀 at time zero (𝑒𝑥𝑝. ∑𝑅𝑃𝐾𝑀0) according 

to: 

𝑐𝑎𝑙𝑐. ∑𝑅𝑃𝐾𝑀𝑛 = (
𝐴𝑛

〈𝐴0〉
) × 〈𝑒𝑥𝑝. ∑𝑅𝑃𝐾𝑀0〉 

𝐴𝑛 and 𝐴0 are determined from the qPCR data. An RNA-seq normalization factor per gene can be obtained 

by dividing the 𝑐𝑎𝑙𝑐. ∑𝑅𝑃𝐾𝑀𝑛 by its corresponding experimentally determined ∑𝑅𝑃𝐾𝑀𝑛: 

𝑁𝑜𝑟𝑚𝑎𝑙𝑖𝑧𝑎𝑡𝑖𝑜𝑛 𝐹𝑎𝑐𝑡𝑜𝑟 =
𝑐𝑎𝑙𝑐. ∑𝑅𝑃𝐾𝑀𝑛

𝑒𝑥𝑝. ∑𝑅𝑃𝐾𝑀𝑛
 

RNA-seq data was normalized by multiplying each RPKM by the Normalization Factor average obtained 

for the eight qPCR transcript targets. 
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mRNA stability after translational inhibition in hypoxia and reaeration. 

Hypoxia cultures were used 18.5 hours after sealing the vials. For the chloramphenicol → rifampicin 

treatments, translation was halted by 150 μg/mL chloramphenicol, 150 μg/mL rifampicin was added 1 min 

later, and samples were taken 1 min afterwards. For the reaeration version of the previous treatment, 

samples were taken after a 1-min reaeration period. For the chloramphenicol → reaeration → rifampicin 

treatment, chloramphenicol was added 2 min before reaeration and rifampicin 2 min after reaeration. 

Chloramphenicol, ethanol (drug vehicle) and rifampicin solutions were degassed under vacuum for 20 min 

before use. Collected samples were immediately frozen in liquid nitrogen and stored at -80°C. 

mRNA stability after translational inhibition in exponential phase. 

M. smegmatis cells in logarithmic phase (OD600 = 0.8) were treated with 150 μg/mL rifampicin and 0.5 min 

after with 150 μg/mL chloramphenicol, 500 μg/mL puromycin or an equally matching volume of the drug 

vehicle (135 µL of ethanol). Samples were collected immediately after the translational inhibitor—or the 

drug vehicle—was added (Figure 4-4A). 

Polysome profiling. 

Biological triplicate cultures of M. smegmatis in logarithmic phase (OD600 = 0.94, 300 mL) or in 22-h carbon 

starvation (OD600 = 0.94, 600 mL) were filtered over 0.20 µm filters (VWR part number 10040-468) using 

a vacuum pump at room temperature (~23°C), and cells were scraped into 50 mL of liquid nitrogen. Lysis 

buffer (20 mM Tris pH 8, 10 mM MgCl2, 100 mM NH4Cl, 5 mM CaCl2, 0.4% Triton-X 100, 0.1% Igepal (NP-

40), 1 mM chloramphenicol, 100 U/mL RNase-free DNase) was carefully added to the same liquid nitrogen, 

forming small crystal spheres. Frozen cell pellets and crystalized lysis buffer were ground in a Retsch 

CryoMill using 10 mL grinding jars and a single 7 mm stainless steel ball (6 cycles of 3 min at 15 Hz, with a 

1 min pause in between). Cell lysates were thawed at 30° for 2 min and then on ice for 30 min. Lysates 
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were clarified by centrifugation at 21,130 x g and 4°C for 10 min. Three aliquots of 1 mg of RNA in 150 µL 

of RNase-free water, per sample, were layered onto a 5%-50% linear sucrose gradient (gradients made 

using a Biocomp Gradient Master). Sucrose gradients were fractioned using an Optima L90K ultra 

centrifuge (SW 41 Ti rotor) at 35,000 RPM (151,000 x g) for 2 h 45 min at 4°C, and analyzed using an EM-

1 Econ UV Monitor (Bio-Rad) while creating 72 x 150 µL fractions. A detailed protocol is included as 

Appendix J. 

in vitro mRNA synthesis and quantification of low-abundance mRNA samples. 

The mCherry (M10) sequence + T7 terminator (782 bp) was obtained from plasmid pSS374 using EcoRI.  

RNA was in vitro generated with a HiScribe T7 Quick High Yield RNA Synthesis Kit (NEB, E2050S) followed 

by RNA purification using the LiCl protocol, according to the manufacturer’s instructions. Size confirmation 

was done by the agarose gel electrophoresis. 

To estimate mRNA abundance from polysome profiling fractions, an 80 µL fraction aliquot was spiked with 

1 ng of mCherry mRNA. RNA was purified using acid phenol:chloroform:IAA (125:24:1, pH 4-5) and cDNA 

was synthesized as described in Appendix K. mRNA abundance was quantified by qPCR as described 

before. mRNA expression levels were calculated with respect to the mCherry’s abundance, per sample. 
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Tables 

Table 4-1. Strains used and sources 

Strain Characteristics Reference or source 

mc2155 M. smegmatis, WT (Snapper et al., 1990) 

SS-M_0362 
mc2155 derivative containing mCherry on an L5-integrating 
plasmid pSS264 (Kanr). 

This work 

SS-M_0395 
mc2155 derivative containing mCherryOS on an L5-integrating 
plasmid pSS271 (Kanr). 

This work 

SS-M_0397 
mc2155 derivative containing mCherryUT on an L5-integrating 
plasmid pSS273 (Kanr) 

This work 

SS-M_0436 
mc2155 derivative containing Δ9 mCherry on an L5-integrating 
plasmid pSS300 (Kanr) 

(Franca, 2020) 

SS-M_0437 
mc2155 derivative containing Δ16 mCherry on an L5-integrating 
plasmid pSS301 (Kanr) 

(Franca, 2020) 
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Table 4-2. Primers for qPCR 

Primer name Feature Directionality Sequence 5’ → 3’ 

SSS903 atpB (msmeg_4942) Forward TGTTCGTGTTCGTCTGCTAC 

SSS904 atpB (msmeg_4942) Reverse CGGCTTGGCGAGTTCTT 

SSS909 atpE (msmeg_4941) Forward GGGTAACGCGCTGATCTC 

SSS910 atpE (msmeg_4941) Reverse GAAGGCCAGGTTGATGAAGTA 

SSS706 rnj  (msmeg_2685) Forward TCATCCTCTCATCGGGTTTC 

SSS707 rnj  (msmeg_2685) Reverse TTCGCGCTCAACCTTCT 

SSS697 rraA (msmeg_6439) Forward AACTACGGCGGCAAGAT 

SSS698 rraA (msmeg_6439) Reverse GTCGAGAGGATCGACTTCAG 

JR273* sigA (msmeg_2758) Forward GACTACACCAAGGGCTACAAG 

JR274* sigA (msmeg_2758) Reverse TTGATCACCTCGACCATGTG 

SSS566 mCherry Forward GATGGTGTAGTCCTCGTTGTG 

SSS1233 mCherry Reverse GAGGTCAAGACCACCTACA 

SSS537 esxB (msmeg_0065) Forward GGTGAGGACACAGGGAAATAAG 

SSS538 esxB (msmeg_0065) Reverse CGGAGATGCGCTCGAAAT 

SSS1113 Ms1  Forward GCCGGAAGAGAAGGCTAGAT 

SSS1114 Ms1  Reverse CGTCCGCTTTTCGAAACTAC 

SSS1107 16S rRNA Forward AAGCGCAAGTGACGGTATGTG 

SSS1108 16S rRNA Reverse AAGCTGTGAGTTTTCACGAACAAC 

SSS1111 23S rRNA Forward AGCCTGTAGGGAGTCAGATAG 

SSS1112 23S rRNA Reverse GCAGCATAGGATCACCGAAT 

SSS846 rne (msmeg_4626) Forward TCAACACCGGCAAGTTCA 

SSS847 rne (msmeg_4626) Reverse CCATGTCGATGAAGTCGATGA 

SSS1298 iolE (msmeg_4665) Forward GCCTGGAACTCGGTGTG 

SSS1299 iolE (msmeg_4665) Reverse ACATCTCCGGGATGACGA 

SSS2041 putative RBP (msmeg_5691) Forward GCCAACATGCCCGGTTA 

SSS2042 putative RBP (msmeg_5691) Reverse GCACGAGCACCAGTTCA  

SSS2019 putative RBP (msmeg_6941) Forward CGAGGACGATCTCGAAGAG 

SSS2020 putative RBP (msmeg_6941) Reverse GAAGTCCAGGAGGTCCAAA 
*Source: Rock et al., 2017.  
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Chapter 5 : Conclusions and future directions 
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The role of a mycobacterial leader in transcription, translation, and 

transcript stability 

Approximately 14% of the annotated genes in both M. tuberculosis and M. smegmatis are expressed as 

leaderless transcripts (Cortes et al., 2013; Shell et al., 2015; Martini et al., 2019) (Figure 2-1), an unusually 

large proportion of messages compared to other bacteria. Surprisingly, not much is known about the role 

of 5’ UTRs—or their absence—in the regulation of gene expression in mycobacteria. We wondered if 

transcripts lacking 5’ UTRs are differently transcribed, translated and/or degraded compared to their 

leadered counterparts, possibly revealing a major regulatory trait. To investigate the role of 5’ UTRs in 

mycobacterial gene expression, we made a leadered construct using the YFP transcript (yfp) under the 

control of the pmyc1tetO promoter and its associated 5’ UTR (UTRpmyc1tetO) (Ehrt et al., 2005), or the 

promoter alone for a leaderless yfp construct. We also made the construct UTRsigA consisting of YFP 

associated to the 5’ UTR of sigA, a short-lived transcript in M. tuberculosis and M. smegmatis. We 

discovered that YFP levels were ~100-fold and ~10-fold higher for UTRpmyc1tetO and UTRsigA yfp compared 

to their leaderless counterparts, respectively (Figure 2-4B). Transcription rate and steady-state abundance 

were also highly increased for the leadered constructs compared to their leaderless counterpart. Yet, 

transcript half-lives were similar for UTRsigA-leadered and leaderless yfp, but twice as long for the 

UTRpmyc1tetO-leader yfp (Figure 2-4F). 

We also wondered, is translation efficiency generally higher or lower for leaderless transcripts? While our 

results for UTRpmyc1tetO seemed to suggest yes, the increased protein abundance produced by the UTRsigA-

leader yfp could be mostly explained by its steady-state mRNA level. Because our results were restricted 

to one transcript using different 5’ UTRs, we complemented our analysis with an evaluation of published 

proteomics (Schubert et al., 2015) and transcriptome data (Shell et al., 2015) for M. tuberculosis. We 

considered ~475 leadered and 503 leaderless transcripts and their products and found a correlation 
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between mRNA and protein abundance (Figure 2-4E). These correlations were similar for leadered and 

leaderless transcripts, causing us to conclude that leader status is not a generalizable predictor of 

translation efficiency in M. tuberculosis. 

Indeed, it has been difficult to predict the influence of 5’ UTRs mRNA fate and translation efficiency in 

other organisms as well. In E. coli, the composition of the leader can cause premature termination by 

affecting the rate of translation (Lale et al., 2011; Lodato et al., 2012). The stability of some mRNAs has 

also been shown to be impacted by ribosomal binding and secondary structures in the leader region, 

particularly for B. subtilis (Agaisse and Lereclus, 1996; Hambraeus et al., 2002; Sharp and Bechhofer, 

2003). Moreover, some proteins have been shown to contribute to mRNA stabilization and translation by 

interacting with the 5’ UTR, highlighting the complexity of the functions of the leader region. The 

chaperone CsrA is one of them, protecting ~78 mRNAs in E. coli from degradation by binding to their 5’ 

UTRs (Esquerre et al., 2016), also increasing expression (Yakhnin et al., 2013). Overall, it is clear that many 

5’ UTRs have regulatory roles in mRNA stability and translation. But, because of the complex combination 

of leader composition and the specificity of diverse leader-interacting elements, it may be impossible to 

predict consistent transcriptome-wide regulatory patterns. 

mRNA degradation is dependent on energy metabolism status 

To understand how mRNA stabilization is regulated during stress in mycobacteria, we conducted analyses 

on M. smegmatis under hypoxic and carbon starvation conditions. In order to identify elements that could 

regulate mRNA degradation rates, we used a set of transcripts with distinct features (e.g., 

monocistronic/polycistronic, leader/leaderless, short/long half-lives) whose half-lives were determined 

using qPCR. For each of these transcripts we observed stabilization under stress conditions. But are these 

transcripts representative of the global behavior of the transcriptome? Our research suggests they are, as 

we complemented our qPCR results using RNA-seq for M. smegmatis in normoxic and hypoxic conditions, 
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showing that mRNA stabilization is a global response to stress (Figure 4-1). Moreover, RNA-seq processing 

and analysis of M. smegmatis mRNA half-lives under 24-hour carbon starvation is underway. 

As we aimed to understand how mRNA stabilization occurred under stress we wondered if stress-induced 

mRNA stabilization could be reversed and if so, how rapidly. The answer to this compelling question is 

yes, at least for M. smegmatis in early-stage hypoxia. We observed that it only takes a few seconds of 

reaeration for M. smegmatis to resume mRNA degradation with rates similar to those observed in 

normoxic log phase conditions. Fascinatingly, we also gathered evidence that transcription and translation 

are closely coordinated processes in M. smegmatis and presumably in other mycobacteria. As reported 

for E. coli, it is likely that ribosome stalling impairs RNA polymerase activity or even causes premature 

termination (Miller et al., 1970; Burmann et al., 2010; Proshkin et al., 2010; Zhang et al., 2014; Fan et al., 

2017). We observed that the usual burst of transcription upon reaeration was prevented by 

chloramphenicol. These results were similar regardless of when transcription inhibition took place, either 

before or after reaeration (Figure 4-3). This conclusion is further supported by additional experiments, as 

discussed below. 

Our discovery of the rapid reversibility of mRNA stabilization shaped our thinking of how mRNA 

degradation is likely to be regulated, narrowing the list of candidate mechanisms for stress-induced mRNA 

stabilization. For example, we suspected that regulation of mRNA degradation by RNase abundance 

modulation was not feasible, as synthesis and degradation of proteins is a relatively slow process. Western 

blotting analysis of PNPase, RNase E, and a predicted RNA helicase (msmeg_1930) confirmed our 

predictions (Figure 3-4A). On the other hand, elements that would allow a more immediate response, 

such as the stringent response or energy metabolism status, became potential candidates. In the 

actinomycetes Streptomyces coelicolor and Nonomuraea, the alarmone that regulates the stringent 

response, (p)ppGpp, inhibits the activity of the ribonuclease PNPase (Gatewood and Jones, 2010; Siculella 
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et al., 2010). We hypothesized that (p)ppGpp leads to mRNA stabilization by repression of PNPase. Hence, 

we used a strain unable to synthesize (p)ppGpp, and determined mRNA half-lives for transcripts under 

hypoxia, carbon starvation and rich media log phase conditions. However, in absence of (p)ppGpp we 

observed no defect in mRNA stabilization under stress, meaning the stringent response does not act as a 

transcriptome stabilization mechanism. 

Given that ATP is used by RNA helicases, components of the RNA degradosome, we wondered if changes 

in ATP levels would influence the mRNA degradation machinery activity. This hypothesis was short-lived 

as we determined that mRNA stabilization precedes a drop in ATP levels when M. smegmatis transitions 

into hypoxia-induced growth arrest. Yet, the presence of oxygen is sufficient to resume mRNA 

degradation, as shown in reaeration of hypoxic M. smegmatis cultures (Figure 3-3B). Therefore, we 

decided to use ATP as a proxy to measure energy status by regulating its levels with bedaquiline (ATP 

synthase FoF1 inhibitor) or isoniazid (ATP synthesis stimulator). We discovered that alteration of metabolic 

status also causes changes in mRNA degradation rates. Fast mRNA degradation is observed after a burst 

of ATP, while mRNA stabilization is a response to ATP depletion (Figure 3-5). As both of these drugs are 

bacteriostatic, we designed our experiment to induce ATP depletion or ATP synthesis in non-growing 

bacteria. Therefore, we also discovered that mRNA stability in M. smegmatis is dependent on metabolic 

status rather than growth rate per se, as literature had previously suggested ((Nilsson et al., 1984; 

Resnekov et al., 1990; Esquerre et al., 2014; Esquerre et al., 2015)). Recently, similar findings were 

reported for E. coli (Morin et al., 2020). 

Energy metabolism impacts multiple cellular processes, but which is responsible for direct mRNA 

stabilization? This question remains unanswered. Future efforts should focus on addressing which is the 

signaling molecule that triggers mRNA degradation or stabilization. A possibility is GTP, a molecule with 

multiple regulatory functions. For example, in Myxococcus xanthus, the GTP cycle of MglA regulates cell 
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polarization (Zhang et al., 2010). In other microorganisms, GTP participates in the regulation of diverse 

cell functions via Obg and other GTPases. Some examples are cell differentiation in Streptomyces 

coelicolor (Okamoto and Ochi, 1998), sporulation in Streptomyces griseus (Okamoto et al., 1997), and late 

log phase growth in M. tuberculosis (Sasindran et al., 2011). We suggest measuring GTP levels in M. 

smegmatis under 18-h hypoxia, as mRNA was shown to be stabilized at that time-point while ATP levels 

were similar to those in normoxic log phase cells. A difference in GTP levels between stressed and non-

stressed mycobacteria would encourage further investigation on GTP as a regulator of mRNA stabilization. 

Recent findings on bacterial mRNA caps encountered only during stress conditions suggest that nucleotide 

modifications can alter mRNA stability (Bird et al., 2016; Luciano et al., 2018; Hudecek et al., 2020; Luciano 

and Belasco, 2020). However, even if nucleotide modifications exist in hypoxic mycobacterial mRNA, we 

have shown that pre-existing mRNA is promptly degraded once mycobacteria are re-exposed to oxygen. 

There are not reported mechanisms of cap modification consistent with such a rapid timescale. Yet, it is 

plausible that such mRNA modifications may contribute to mRNA fate if decapping enzymes undergo 

conformational changes as a response to metabolic status changes, having active and inactive forms (e.g., 

acetylation). A similar logic can be applied to RNases, in particular RNase E, as conformational changes 

could alter the efficiency or assembly of the degradosome. Moreover, BR-bodies have shown to be active 

centers of mRNA degradation in C. crescentus (Al-Husini et al., 2018; Al-Husini et al., 2020), future work 

should also focus on determining if similar structures exist in mycobacteria and if they play a role in stress 

response. Finally, it is possible that different mechanisms are involved in the stabilization of the mRNA 

pool at different stages in the progression into non-growing states. We have observed that 40 hours after 

sealing the bottles in our hypoxia model, mRNAs are more stable than at 18 hours, so much so that half-

lives can no longer be measured by our methodologies. Furthermore, only some transcripts were rapidly 

destabilized when 40-h hypoxia cultures were reaerated (data not shown). It is conceivable that some of 
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the mechanisms that we have excluded as contributors to stabilization at 18 hours do indeed have roles 

as cells progress further into semi-dormant states. 

The ribosome machinery stabilizes mRNA but is not responsible for global 

stabilization in response to energy stress 

Translation is regulated as part of the stress response. There is ample evidence that ribosome occupancy 

alters mRNA degradation, at least on a transcript-specific basis, for example (Emory and Belasco, 1990; 

Hue et al., 1995; Arnold et al., 1998; Jurgen et al., 1998). Therefore, we wondered if ribosomes can also 

contribute to transcriptome stabilization as a part of the mycobacterial stress response. We answered this 

question using three approaches: (1) by causing ribosome stalling and ribosome depletion on mRNA using 

chloramphenicol and puromycin, respectively; (2) by using translatable and untranslatable synthetic 

transcripts; (3) by doing polysome profiling of mycobacteria in rich media and carbon starvation and 

measuring the presence of mRNA associated to ribosome subunits, monosomes and polysomes. In the 

first case, we used an elongation inhibitor (chloramphenicol) to cause ribosome stalling in hypoxic 

mycobacteria and measured mRNA half-life in a set of transcripts. We discovered that some of our 

transcript targets were further stabilized while others remained similar compared the drug vehicle control 

(Figure 4-2A). These findings encouraged a link between ribosome occupancy and global mRNA 

degradation. We then validated our hypothesis that ribosome stalling in hypoxic mycobacteria would 

preserve mRNA stability, even after reaeration (Figure 4-2B and C). If stalled ribosomes protect the mRNA 

from degradation, would the absence of ribosomes make a transcript prone to faster degradation? We 

tested this hypothesis using M. smegmatis cultures in log phase treated with puromycin, a translation 

inhibitor that causes ribosomes to dissociate from the mRNA strand. Our results revealed a short period 

of mRNA hyper-degradation followed by stabilization. It is plausible that transcript degradation takes 

place faster when the mRNA is depleted from ribosomes. However, our results using puromycin had 
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unforeseen effects, possibly due to transcription and translation being coupled. Alternatively, it is possible 

that transcript stabilization occurs as part of a programed response to translation-related stress. Whether 

this response is caused by BR-bodies being sequestered or RNase activity being impaired by undefined 

regulators are just speculations that require further testing. In Chapter 4 we discussed these and other 

scenarios that could explain why puromycin also stabilizes mRNA. However, the question of whether 

mRNA degradation occurs faster in the absence of translation in mycobacteria remains unanswered. 

For the second approach, we compared degradation rates for two transcripts that were identical except 

for the presence (mCherryOS) or absence (mCherryUT) of a start codon. We hypothesized that mCherryUT 

would be less stable (no ribosome association) compared to mCherryOS (protected by translating 

ribosomes). Yet, our results were unexpected as mCherryUT had a longer half-life than mCherryOS and 

the unmodified mCherry transcript. What made mCherryUT less prone to degradation? We reconciled 

these results as we discovered that in M. smegmatis the translation of mCherry relies on a preferred start 

site (M10) located 10 codons downstream the annotated start site. These findings were similar to those 

reported for mCherry in M. tuberculosis (Carroll et al., 2014). Therefore, mCherryUT and mCherryOS 

contained an unintentional leader region with the potential to act as ribosome binding site, even though 

M10 was mutated to Leu to prevent translation from that position. It is conceivable that ribosomes would 

engage the ribosome binding site upstream of L10 in mCherryUT, increasing transcript stability by 

interfering with the linear scanning function of RNase E (Richards and Belasco, 2019). If true, this would 

suggest that in M. smegmatis ribosomes can impact mRNA stability even in the absence of translation. 

We also observed that the expression level of mCherryUT was 20-fold lower than mCherry and 3-fold 

lower than mCherryOS. These results could be explained by translation and transcription being physically 

coupled, with RNA polymerase being less efficient at transcribing mCherryUT in the absence of translation. 

The unexpected complications with mCherryOS and mCherryUT led us to redesign our untranslatable 
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transcript approach. Specifically, we created new mCherry constructs to be under the control of the T7 

promoter using M10 as the start codon. The resulting M. smegmatis strains transcribe mCherry using the 

bacteriophage T7 RNA polymerase, such that transcription is effectively uncoupled from translation (Iost 

et al., 1992). However, measuring the mCherry half-lives requires further work, as neither rifampicin nor 

actinomycin-D block T7 RNA polymerase transcription (data not shown). We envisioned using a strain that 

constitutively expresses mCherry under a Tet-Off dCas9-regulated T7 promoter, that can quickly stop 

mCherry transcription in the presence of ATc. This would allow us to track mRNA degradation for a 

particular gene, without affecting the transcriptome degradation rate. 

Is the mycobacterial transcriptome stabilized by ribosome occupancy as a response to stress? To answer 

this question, our third approach was based on polysome profiling for M. smegmatis cells grown in rich 

media (7H9) or under carbon starvation. The readouts revealed that carbon-starved mycobacteria are 

characterized by a large accumulation of 30S and 50S ribosome subunits, while monosome and polysome 

peaks were dramatically lower than in log phase growth (Figure 4-7C). To eliminate the hypothesis that 

mRNA stabilization is driven by transcript association with individual subunits, we quantified mRNA 

abundance by qPCR in different polysome profiling fractions. We discovered that in carbon starvation 

different transcripts had distinct ribosome-association profiles (Figure 4-9). Although we observed some 

association of mycobacterial mRNA with monosomes and polysomes during stress, there was overall a 

greater proportion of free mRNA compared to log phase. We therefore concluded that mRNA stabilization 

is not a consequence of increased ribosome occupancy during carbon starvation. 
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 Cell density and viability analysis for M. smegmatis in 

hypoxia 

To generate a hypoxic environment for M. smegmatis strains, we modified the Wayne and Hayes hypoxia 

model (Wayne and Hayes, 1996). First, we tested serum vials of 40 mL and 20 mL capacity (Wheaton, cat. 

223687); each of these bottles had a maximum volume of 54 mL and 27 mL, respectively. In order to 

maintain a 1:1 headspace to culture volume ratio, we used cultures of 27 mL (large vial) and 13.5 mL (small 

vial). In each case we cultured M. smegmatis mc2155 in 7H9 at 37°C and 125 rpm in an orbital shaker, 

starting at an initial OD600 of 0.01. Vials were sealed with a vial crimper (Wheaton, cat. W225303) using 

rubber stoppers (Wheaton, cat. W224100-181) and aluminum seals (Wheaton, cat. 224193-01). Culture 

density (OD600) and viability (Colony Forming Units per mL, CFU∙mL-1) were monitored at different time 

points using three biological replicates (individual vials) per time point. Oxygen levels were qualitatively 

monitored using methylene blue. Our results indicated that size of the culture did not affect the viability 

or culture density, but methylene blue discoloration was reached at 36 h when using the small vials 

compared to 40 h when using the large ones (Fig. A-1A). 

We observed that with a low shaking speed (125 rpm) bacteria were not homogeneously dispersed, as a 

sediment formed in the vials when the cultures reached the non-growing phase, exacerbating thereafter. 

Hence, we compared cell density and viability between cultures at 125 and 200 rpm (Fig. A-1B). As 

expected, cultures subject to a more vigorous agitation did not form the sediment and reached higher cell 

density and viability compared to the low agitation cultures, and as a consequence oxygen depletion 

occurred faster (methylene blue discoloration at 24 h). In addition to strain mc2155, we also evaluated SS-

M_0424 under hypoxia. SS-M_0424 is an mc2155 derivative that contains an ATc regulated dCas9 and a 

nonspecific sgRNA. This strain was used in Chapter 4. As expected, SS-M_0424 behaved similarly to 

mc2155 under hypoxia (Fig. A-1C). 
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Fig. A-1. Cell density and viability analysis for M. smegmatis strains in hypoxia. (A) Growth curve of mc2155 using 

13.5 mL cultures (small) or 27 mL cultures (large). Dotted lines show the time at which methylene blue discoloration 

(qualitative indicator of oxygen levels) occurred. (B) as in (A), but using the small flask system (13.5 mL cultures) and 

varying culture agitation from 125 rpm to 200 rpm. (C) Growth curve of SS-M_0424 and mc2155 using the small flask 

system and an agitation of 200 rpm. SS-M_0424 is an mc2155 derivative that contains an ATc regulated dCas9 and a 

nonspecific sgRNA (strain used in Chapter 4). 
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 Considerations for intracellular ATP determinations 

Reagent: BacTiter-Glo (Promega), Ref: G8230, G8230, G8230 or G8230.  

The following are results from experiments designed to assess intracellular ATP determinations for M. 

smegmatis under our experimental conditions. The BacTiter-Glo reagent contains a lysing reagent to 

release ATP from bacterial cells, as well as Mg2+, luciferin and luciferase, which under the presence of ATP 

catalyze the mono-oxygenation of luciferase to emit light (Fig. B-1). Luminescence measurements were 

done using a Victor3 plate reader (PerkinElmer). We estimated the half-life of the reagent at room 

temperature to be 36.2°C min (data not shown). However, because our ATP readings required immediate 

sampling from M. smegmatis cultures at 37°C, we estimated the half-life of the reagent at that 

temperature to be 27.5 min (Fig. B-2A).  

 

Fig. B-1. BacTiter-Glo luminescence reaction for the determination of ATP. In the presence of ATP, O2 and Mg2+, 

luciferin undergoes mono-oxygenation catalyzed by luciferase. Source: (Technical Bulletin: BacTiter-Glo™ Microbial 

Cell Viability Assay, 2020). 
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We also determined the BacTiter-Glo reagent can be used after 8 hours at room temperature (23°C), 

providing similar readings when compared to BacTiter-Glo used after a short (~15 min) period of 

equilibration (Fig. B-2B). This makes BacTiter-Glo adequate for time-sensitive and sequential readings over 

large periods of time without having to freeze the reagent. An ATP standard must be used within every 

determination. We recommend an equilibration time of 60 min, as the reagent is stored at -80/-20°C. 

 

Fig. B-2. BacTiter-Glo is stable at room temperature but its enzymatic half-life in reaction is short. (A) Half-life 

determination of BacTiter-Glo at 37 °C. The results of one representative reading are displayed as log2 of Arbitrary 

Luminescence Units. BacTiter-Glo Luminescence reaction half-life = 27.5 min. (B) Efficiency of the BacTiter-Glo reagent 

used immediately or after being exposed to room temperature for 8 hours. Both (A) and (B) used four different 

concentrations of pure ATP, as indicated. 

ATP determination of M. smegmatis cultures using centrifugation at RT (23°C) or at 4°C provided similar 

results (Fig. B-3A). However, when M. smegmatis was exposed to 4°C for ~15 min, bacteria increased the 

production of ATP without releasing it to the media (Fig. B-3B). Additional experiments showed that the 

production of ATP by M. smegmatis is very sensitive, as even shorter periods of time or the exposure of 

bacteria to cold media triggered increased ATP synthesis (data not shown). 
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Fig. B-3. Different techniques used to determine ATP highlighting their differences on intracellular ATP 
estimations. ATP levels determined after centrifugation at 4°C or at RT (~23°C), no significant difference between 

treatments. (B) Cell cultures were incubated for 15 min at 4°C or RT (~23°C) before measurement of ATP levels. (C) 

Techniques used to estimate intracellular ATP: Filtration (measures extracellular ATP and total ATP, intracellular ATP 

is the difference) and Centrifugation (intracellular ATP is measured directly from a rinsed pellet). (D) ATP levels 

determined at RT (~23°C) using Filtration or Centrifugation. Due to the difference between these techniques, we also 

included a Centrifugation followed by Filtration experiment (pellet rinsed and resuspended in new media [technique 

2] was filtered [technique 1] to obtain the data shown). In this experiment, “total” indicates the reading of the 

centrifuged cells following resuspending in new media. Statistics: ANOVA and Sidak for (A) and (B), or ANOVA and 

Tuckey’s HSD for (D). **** = p<0.0001; ns = no significant. Error bars: standard deviation. Measurements from (A), (B) 

and (D) do not correspond to the same cell culture growth stage, hence the difference in readings. Total (exp.) 

represents the total amount of ATP experimentally measured. Total (calc.) represents the total amount of ATP 

calculated from intracellular and extracellular ATP measurements. 
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ATP determinations can be done using a 30 s centrifugation of M. smegmatis cultures (~1 mL), 

resuspending the cell pellet in prewarmed media. The luminescence reading of the initial M. smegmatis 

culture minus the luminescence reading of resuspended pelleted cells will provide the intracellular ATP. 

Alternatively, ATP determinations can be done using filtration with a 0.2 µm syringe filter, determining 

the intracellular ATP by subtracting the luminescence values from the cell culture with the filtered media 

(Fig. B-3C). In both cases ATP measurements must be normalized to cell culture OD600.  

The determinations of intracellular ATP with centrifugation and filtration differ (Fig. B-3D). Cells that have 

been pelleted and resuspended in media produce high levels of ATP; summing the total ATP in the pellet 

plus the supernatant results in a higher value than obtained from the total culture prior to centrifugation. 

On the other hand, cell filtration seems to provide a more accurate ATP profile of intracellular ATP 

readings. However, because determination of ATP is based on 1) lysis of cells to release ATP, and 2) the 

luminescence reaction using the released ATP, cell-free samples (e.g., filtered media) will emit 

luminescence faster and at a higher intensity than those with cells, as cell lysis is required for the latter 

ones. This disparity is accounted for in our ATP determination protocols by reading luminescence from 

cell cultures after reading luminescence from cell-free samples. The use of centrifugation allows higher 

sample uniformity, as the initial culture and the resuspended pelleted cells are both read simultaneously 

(equal lysis and luminescence reaction times). However, the intracellular ATP levels appear to increase 

during the process of centrifugation and are therefore not an accurate reflection of levels in the culture. 

Additionally, this technique cannot be used to estimate intracellular ATP levels from M. smegmatis 

hypoxic cultures, as cells also produce high levels of ATP within seconds of reaeration (see Appendix E). 
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 ATP determination protocols 

Reagent: BacTiter-Glo (Promega), Ref: G8230, G8230, G8230 or G8230. 

Plates: White solid 384-well plates (Greiner-bio-one), Ref: 781080. 

Note 1: Record the OD of the cultures used for ATP estimation. 

1. Equilibrate the BacTiter-Glo reagent to room temperature for ~60 min. 

2. Prepare ATP standards using fresh media: 1 µM, 100 nM, 10 nM and 1 nM. 

3. Add 25 µL of the BacTiter-Glo reagent to each well to be used (e.g., for the standard, samples). If using 

a 96-well plate, add 50 µL instead. 

4. Equilibrate the plate with the reagent at 37°C for a few minutes. 

Note 2: For a more accurate ATP determination combine the reagent and the samples at 37°C, as M. 

smegmatis can synthesize ATP at low temperatures. 

Note 3: Intracellular ATP estimations can be done using two techniques as explained in Appendix B: (1) 

Filtering the cell culture using 0.2 µm syringe filters, and measuring ATP in both the filtered media and the 

cell culture; or (2) by centrifugation of the cell culture for 30 s at ~20,000 x g at RT, removing the 

supernatant and resuspending the cells in 1 mL of fresh media. ATP is then measured in the resuspended 

pellet, in the supernatant and in the cell culture. Nonetheless, centrifuged cells show higher levels of 

intracellular ATP, so we do not recommend the latter technique for most ATP estimations. Below we 

describe in detail the protocol using the filtration technique. 

5. Add 25 µL of mycobacteria cultures (cell culture for total ATP determinations) to their respective wells 

containing the reagent, and mix by pipetting up and down a few times. Additionally, filter ~1-2 mL of 

the samples (filtered media for extracellular ATP determinations). Add 25 µL of the ATP standards, 

media controls and Filtered media to their respective wells (Fig. B-3C). 

6. Mix the content of the plate for 1 minute using an orbital shaker. 



187 

7. Bring the plate to a plate reader with capable of doing luminescence readings (e.g., Victor3 multi label 

reader, PerkinElmer) and follow the next steps: 

a) Shake: 180 s, normal speed, shaker diameter 5 mm, orbital mode. 

b) Delay 10 s. 

c) Measurement 1: CPS/luminescence reading (the settings usually come determined by default). 

d) Delay 2 min. 

e) Measurement 2: CPS/luminescence reading. 

8. Estimate the ATP as follows: 

a) Use the results from Measurement 1 to obtain the luminescence readings for the standard, media 

control and filtered media. 

b) Use the results from Measurement 2 to obtain the luminescence readings for the cell culture. 

c) Use the media control to normalize for background luminescence. Use the ATP standards to 

estimate the ATP content. 

d) Normalize ATP content to OD. 

Note 3: Extracellular ATP (filtered media) as well as ATP from the standards do not require cell lysis. Thus, 

free ATP molecules will react with the reagent faster. We did internal tests to determine reliable time 

points for sampling and measuring luminescence based on luminescence decay. Additionally, cells need 

to be exposed to the reagent for a longer time to reach a maximum ATP release point, which occurs close 

to 10 min after getting in contact with the reagent (~5 min of sample processing/loading time before being 

inserted in the plate reader + ~5 min within the plate reader). If these conditions are met, the results are 

highly reproducible, but we encourage the use of standards with every reading. 
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 Minimal Media 0.1% Acetate (MMA) 

Note: This media was used in Chapter 3 for determination of intracellular ATP in combination with drugs 

that affect ATP production (e.g. bedaquiline). 

2x Minimal media base (1 L) 

 1 g asparagine 

 1 g KH2PO4 

 5 g Na2HPO4 

 100 mg ferric ammonium citrate 

 Adjust to 1 L using dH2O 

Sterilize by autoclave and store at 4°C. 

1000x Salts (100 mL) 

 50 g MgSO4 ∙ 7H2O 

 50 mg CaCl2 

 10 mg ZnSO4 

 Adjust to 100 mL using dH2O 

Sterilize by autoclave and store at room temperature. 

20x Carbon source (acetate) (100 mL) 

 33.2 g C2H9NaO5 

 Adjust to 100 mL using dH2O 

Sterilize by filtration (0.22 µm) and store at 4°C 

20% Tyloxapol (20 mL) 

 4 mL tyloxapol 

 Adjust to 20 mL using dH2O 

Dissolve at 55°C, sterilize by filtration (0.22 µm) and store at 4°C. 

Media Preparation (1 L) 

Combine 500 mL of 2x Minimal media base, 1 mL of 1000x Salts, 5 mL of 20% Carbon source and 2.5 mL 

of 20% tyloxapol. Adjust volume to 1 liter using dH2O. Adjust pH to 7-7.5, if necessary. Store at 4°C. 
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 Intracellular ATP profile after reaeration of hypoxic cultures 

Reaeration of 40-hour hypoxic cultures of M. smegmatis led to a rapid production of ATP (Fig. E-1A), 

reaching similar ATP levels to those of log phase cells 3 to 5 minutes after re-oxygenation. Interestingly, 

this phenomenon was not observed for mycobacteria in earlier hypoxia stages. For example, reaeration 

of 24-hours and 18-hours hypoxic cultures leads to a drop in intracellular ATP (Fig. E-1B, C and D). It is 

possible that because intracellular ATP levels are highly reduced in late hypoxia, cellular components 

depending on ATP are present in reduced levels (i.e., proteins degrade, molecules dilute after cell 

division). Hence, once M. smegmatis resumes production of ATP after reaeration there is no immediate 

use for this molecule, resulting in a positive energy balance. On the other hand, for early hypoxia cultures 

ATP levels are ~60% of those observed in log phase. As such, cellular elements dependent on ATP are 

likely to be present but not active. Thus, we propose a scenario where upon reaeration the ATP demand 

is greater than its production, resulting in a negative energy balance, at least for a short period of time. 

Consistent with this idea, mRNA synthesis resumes quickly in 18-hour hypoxic M. smegmatis cultures 

upon re-exposure to oxygen, but slowly in 40-hour hypoxic cultures re-exposed to oxygen. 

We also observed that altering the agitation speed of the cultures lead to changes in the extracellular ATP 

levels for 24-h hypoxia cultures (Fig. E-1B and D), and we suspect this is caused by better access to 

nutrients, including oxygen, and reduced cell death. 
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Fig. E-1. Determination of ATP in M. smegmatis after reaeration. Intracellular and extracellular ATP levels of M. 

smegmatis cells after reaeration using BacTiter-Glo (filtration technique). Mycobacteria samples were collected from 

cultures agitated at 125 rpm and (A) 40 hours or (B) 24 hours after sealing the vials, reflecting late and early hypoxic 

conditions, respectively. For (C) and (D) cultures were instead agitated at 200 rpm and samples collected (C) 18 hours 

or (D) 24 hours after sealing the vials. Error bars denote standard deviation. 
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 Rifampicin induces increased intracellular ATP levels 

Following our work with isoniazid and its effect on ATP levels in M. smegmatis (Chapter 3), we wondered 

if rifampicin could also have an impact on intracellular ATP levels. We used M. smegmatis in logarithmic 

phase in Minimal Media 0.1% Acetate (MMA, see Appendix D), and treated them with 150 µg∙mL-1 

rifampicin (RIF) or DMSO (vehicle control). We then measured ATP with BacTiter-Glo using our 

centrifugation protocol. Our results show that 40 min after RIF was added, the intracellular ATP level had 

increased almost 3-fold compared to the DMSO treatment while the extracellular ATP levels did not 

change (Fig. F-1A). Similar results were observed after 2.5 h (data not shown). A possible explanation for 

the sudden burst of ATP is that RIF makes mycobacteria more permeable, allowing ATP to be released 

more readily upon exposure to the BacTiter-Glo reagent. To rule out this possibility, we reasoned that if 

RIF triggers ATP synthesis, cells unable to generate new ATP will not have a burst of ATP upon RIF 

treatment. Therefore, we used M. smegmatis in MMA and treated them for 30 min with 5 µg∙mL-1 

bedaquiline (BDQ), a potent inhibitor of the F1F0 ATP synthase (Lakshmanan et al., 2013) (Fig. F-1B). Then, 

we treated the same cultures with either DMSO or RIF for 30 min before measuring ATP. Indeed, cells 

treated with BDQ and then RIF did not show an increase in intracellular ATP levels (Fig. F-1C), but rather 

had decreased ATP levels compared to cells treated with BDQ alone. These results suggest that in the 

absence of BDQ, RIF stimulates the synthesis of ATP in M. smegmatis. An alternative explanation for the 

increase in ATP levels following RIF treatment is that there could be an accumulation of nucleotides that 

would otherwise be incorporated into mRNA. Bedaquiline-treated cells likely have reduced rates of mRNA 

synthesis, given that they have slower rates of mRNA decay (Chapter 3) but do not have noticeably higher 

steady-state RNA abundance (data not shown). To assess if a RIF-induced ATP burst also occurred in rich 

media, we treated M. smegmatis in 7H9 with RIF and measured intracellular levels of ATP after 5, 10 or 

15 min. Our results show that within 5 min, RIF caused a 3-fold increase in intracellular ATP compared to 

DMSO, and this increase was sustained for the whole length of the experiment (Fig. F-1D).  
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Fig. F-1. Rifampicin triggers ATP synthesis in M. smegmatis. (A) ATP levels from M. smegmatis cultures in Minimal 

Media 0.1% Acetate (MMA) treated with 150 µg∙mL-1 rifampicin (RIF) or the drug vehicle (DMSO) for 40 minutes. (B) 

M. smegmatis treated with 5 µg∙mL-1 bedaquiline (BDQ) or DMSO for 30 min. When cells are grown in MMA, BDQ 

prevents the synthesis of ATP, as acetate is the sole carbon source and ATP therefore cannot be synthesized by 

glycolysis. (C) M. smegmatis cultures in MMA were treated with BDQ for 30 min, followed by 30 min with DMSO or 

RIF. (D) M. smegmatis cultures in rich media (7H9) were treated with RIF for 5, 10 or 15 minutes (‘), or with the drug 

vehicle DMSO. Intracellular ATP levels are displayed as bars. Statistics: t-test for (A), (B) and (C); ANOVA and Holm-

Sidak for (D). **** = p<0.0001; ns = not significant. Error bars: standard deviation; n = 3. “Intracellular” and 

“Extracellular” refer to intracellular and extracellular ATP levels, respectively. ATP determinations were done using 

BacTiter-Glo and the centrifugation protocol. All cultures correspond to logarithmic growth phase M. smegmatis cells. 
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 Overexpression of dCas9 by ATc in log phase and hypoxic M. 

smegmatis cultures 

As reported in chapter 3, we used a strain expressing dCas9 and a non-specific sgRNA (SS-M_0203) under 

the control of anhydrotetracycline (ATc). We evaluated the expression level of dCas9 in M. smegmatis 

cultures during hypoxia (18.5 hours after sealing the vials, OD600: 0.81) and during logarithmic growth (OD 

~0.82). M. smegmatis cultures were treated with ATc to a final concentration of 200 ng/mL, and samples 

collected at 0, 5, 10, and 20 min (log phase) or at 0, 5, 10, 20, 40 and 60 min (hypoxia). We normalized the 

expression levels of dCas9 to sigA (data not shown) and to dCas9 basal levels (no ATc, time zero). Our 

results show that the highest levels of dCas9 overexpression (~38-fold) are reached 10 to 20 minutes after 

ATc treatment for hypoxia (Fig. G-1A). For log phase cultures, a similar increase in expression (~45-fold) 

was reached between 10 and 20 min (Fig. G-1B). 

 

Fig. G-1. Overexpression of dCas9 under the control of ATc is rapidly regulated. Expression levels of dCas9 from 

M. smegmatis from (A) hypoxic cultures (18.5 h) or (B) log phase cultures after being treated with 200 ng/ml ATc for 

the indicated times to induce dCas9 overexpression. Expression levels are relative to dCas9 expression level at time 0 

min. Error bars: standard deviation; n=2 [for (B), only one replicate was used at 5 min]. Log phase data collected with 

help of Gregory Zamalloa Gutierrez. 
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 Tests for qPCR sensitivity at low sample concentrations 

using mCherry mRNA 

Quantitative PCR (qPCR) is a very sensitive technique. It is possible to obtain inaccurate data because of 

technical errors (user technique) or sample abundance (low amounts of template). During mRNA 

degradation analysis, later time points contain smaller amounts of mRNA compared to the first ones. This 

is of relevance, particularly for hypoxia samples (or similar stress conditions) where the levels of mRNA 

are inherently low. To confirm that our methods result in accurate quantification of mRNA at various 

abundance levels, we used purified M. smegmatis RNA aliquots of 600 ng (corresponding to the sample 

“hypoxia, time 0 min A – 9.21.18 – DVB”) and spiked in in vitro transcribed mCherry mRNA (mCherry) at 

concentrations ranging from 0.012 pg to 200 pg in two-fold increments. 

cDNA was made by mixing spiked RNA samples with 0.83 µL 100 mM Tris (pH 7.5) and 0.17 µL 3-mg/mL 

random primers (NEB), adjusting with DNase/RNase-free water to 5.25 µL. RNA was denatured at 70°C 

for 10 min, and snap-cooled. Reverse transcription was performed using 100 U ProtoScript II reverse 

transcriptase (NEB); 10 U RNase inhibitor, murine (NEB); 0.5 µL of a mix of deoxynucleoside triphosphates 

(0.5 mM each dNTP), and 0.5 µL 5 mM dithiothreitol (DTT) in a final volume of 10 µL. The reverse 

transcription reaction was performed for 5 h at 42°C. RNA was degraded with 5 µL each 0.5 mM EDTA and 

1 N NaOH at 65°C for 15 min, followed by 12.5 µL of 1 M Tris-HCl, pH 7.5. cDNA was purified using the 

MinElute PCR purification kit (Qiagen) according to the manufacturer’s instructions. mRNA abundance 

was determined for mCherry and sigA targets by quantitative qPCR using samples of 400 pg of purified 

cDNA, 0.25 μM each primer and iTaq SYBR green (Bio-Rad) in 10-µL reaction mixtures. Amplification 

conditions were set to 40 cycles of 15 s at 95°C and 1 min at 61°C (Applied Biosystems 7500). mRNA 

abundance for mCherry dilutions at the different ranges are displayed in Fig. H-1A and B, in both cases 

following a linear trend and confirming the technique sensitivity. 
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Moreover, mCherry abundance was normalized to each sample’s respective levels of sigA (housekeeping 

gene). The resulting expression levels matched our expectations for the full range of mCherry spiked in 

samples (Fig. H-1C). 

 

Fig. H-1. Analysis of mCherry mRNA abundance using qPCR highlights the technique’s sensitivity. Amplification 

of an mCherry target sequence by qPCR. Purified mCherry mRNA in vitro transcribed was used to determine the linear 

range of qPCR detection. mCherry was spiked at the indicated concentrations (0.01 pg to 200 pg) to M. Smegmatis 

RNA samples (600 ng) before cDNA synthesis. (A) Lower range of mRNA abundance (R2 = 0.995). (B) Higher range of 

mRNA abundance (R2 = 0.9964). Both results originated from two independent qPCR experiments. Error bars: standard 

deviation and 95% CI (linear regression); n = 2. (C) Expression level of mCherry spiked in M. smegmatis RNA samples, 

normalized to the mRNA abundance of the housekeeping gene sigA. Error bars: standard deviation and 95% CI (non-

linear fit); n = 2. 

 



196 

 RNA extraction and cleanup for RNA-seq samples 

Suitable for M. smegmatis cultures, OD600= ~0.74, volume= 5-7 mL. 

Before starting: Turn on the centrifuge and microcentrifuge and set the temperature to 4°C 

Part 1: Cell lysis, RNA extraction and first purification 

Required: Invitrogen TRIzol reagent (cat. 15596026). OPS Diagnostics 100 µm zirconium lysing matrix, 

molecular grade (cat. PFMB 100-100-12). 

1. Centrifuge the cultures at 3,900 rpm for 5 min at 4°C. Remove supernatant. 

2. Fast-spin for 5 to 10 sec and remove any supernatant remaining with a micropipette. 

3. On ice and in a fume hood: Add 1 mL of TRIzol to each sample. Then, resuspend the pellet and 

transfer it to a labelled bead-beating tube. 

4. Lyse the cells in the MP FastPrep 5G using 3 cycles of 7 m/s, 30 seconds each, placing samples on 

ice for 2 min after each cycle. 

5. On ice and in a fume hood: Add 300 µL of chloroform. 

6. Vortex for 15 sec and centrifuge at 15,000 rpm for 15 min at 4°C. 

7. In the meantime, label and fill a 1.5 mL tube with 500 µL of 100% ethanol, per sample. 

8. Carefully, transfer 500 µL of the aqueous phase to the tubes containing ethanol. Avoid disruption of 

the other phases. Mix thoroughly. 

Note: Centrifugation steps are now at 15,000 x g for 30 s and at room temperature. 

9. Transfer 500 µL of the mix to the column and centrifuge. Carefully, discard the flow through by 

aspiration using a p1000 micropipette (you may re-use the tip). 

10. Transfer the remaining 500 µL of the mix and centrifuge. Discard the flow through. 

11. Add 400 µL of Direct-zol RNA Pre-wash to the column and centrifuge. Discard the flow through. 

Repeat step 6. 
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12. Add 700 µL of RNA Wash Buffer to the column and centrifuge for 2 min. Transfer column to a labeled 

1.5 mL tube. 

13. Add 50 µL of RNase-free H2O, directly to the matrix, and centrifuge. 

14. Vortex for <2 s three times at low speed to ensure a proper RNA resuspension. 

15. Take a 1.4 µL aliquot in a PCR tube, per sample, and determine the concentration loading 1 µL in a 

Nanodrop. 

16. Store samples at -80°C or continue with DNase treatment. 

Part 2: DNase treatment 

Required: TURBO™ DNase, 2 U/µL (cat. AM2238). NEB RNase Inhibitor, murine, 40,000 U/mL (cat. 

M0314). 

1. Use up to 20 µg of RNA per sample resuspended in RNase-free H2O to a final volume of 85.5 µL. 

2. Prepare a DNase master mix as follows: 

Reagent 1x 

10x Turbo Buffer  10 µL 

TURBO™ DNase (2 U/µL) 2.5 µL 

RNase Inhibitor, Murine (40,000 U/mL) 2 µL 

TOTAL (per sample) 14.5 µL 

3. Add 14.5 µL of DNase master mix to each sample. 

4. Incubate samples for 1 h at 37°C with agitation. 

5. Proceed immediately with RNA Clean Up. 

Part 3: Second RNA purification 

Required: Zymo RNA Clean & Concentrator™-25, catalog number: R1017 or R1018 

Note: Centrifugation steps at 15,000 x g for 30 s and at room temperature. 

1. Quick spin (1-3 s) to bring the content to the bottom of the tube. 
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2. Add two volumes of Binding Buffer (200 µL) to each sample and mix well. 

3. Add one volume of 100% ethanol (300 µL) to each sample and mix well. Transfer to a Zymo column 

with a collection tube. 

4. Centrifuge and carefully discard the flow through by aspiration using a p1000 micropipette (you 

may re-use the tip). 

5. Add 400 µL of Prep Buffer. Centrifuge. Discard flow through. 

6. Add 500 µL of Wash Buffer. Centrifuge. Discard flow through. 

7. Add 700 µL of Wash Buffer. Centrifuge. Discard flow through. 

8. Add 400 µL of Wash Buffer. Centrifuge for 2 min. Transfer column to a labeled 1.5 mL tube.  

9. Add 40 µL of RNase-free H2O, directly to the matrix, and centrifuge. 

10. Briefly vortex at low speed to resuspend the RNA. 

11. Take a 1.4 µL aliquot in a PCR tube, per sample, and determine the concentration loading 1 µL in a 

Nanodrop. 

12. Store clean RNA samples at -80°C. 
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 Polysome profiling and sample fractioning protocols 

Lysis Buffer reagents and preparation 

10x salts (5 mL, 100 mM MgCl2, 1 M NH4Cl, 200 mM Tris pH 8.0) 

 101.65 mg MgCl2 

 267.45 mg NH4Cl 

 121.14 mg Tris 

 4 mL DEPC H2O 

 ~210 µL HCl to regulate pH to 8.0 

 Adjust to 5 mL using DEPC H2O 

Store at -20°C 

10x Igepal (5 mL, 1%): 

 50 µL Igepal (previously known as NP-40) 

 4950 µL DEPC H2O 

Store at room temperature 

10x Triton X-100 (5 mL, 4%): 

 200 µL X-100 Triton 

 4.8 mL DEPC H2O 

Store at room temperature 

10x Chloramphenicol (1 mL, 10 mM): 

 323.13 µg chloramphenicol (Cam) 

 Adjust to 1 mL using DEPC H2O 

Store at -20°C 

10x CaCl2 (5 mL, 50 mM): 

 27.75 mg CaCl2 

 Adjust to 5 mL using DEPC H2O 

Store at -20°C 
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Prepare 1x Lysis Buffer before using due to this solution is unstable (recommended: <24 hours before 

milling). Combine 65 µL of each of the previously prepared 10x solutions + 6.5 µL (10 U∙µL-1) of 

Recombinant DNase I, RNase-free (Roche, cat. 04716728001) and complete with 318.5 µL DEPC H2O to a 

final volume of 650 µL per sample. 

Lysis Buffer 1x concentrations: 10 mM MgCl2, 100 mM NH4Cl, 5 mM NaCl2, 1 mM Cam, 100 U∙mL-1 DNase, 

0.4% Triton-X 100, 0.1% Igepal, 20 mM Tris pH 8.0. 

Gradient buffer composition 

10x gradient buffer (40 mL, 1M NaCl, 0.1M MgCl2, 0.3M Tris-HCl pH7.5) 

 813.2 mg MgCl2 

 2.34 g NaCl 

 1.46 g Tris 

 Adjust to 38 mL with DEPC H2O 

 Adjust pH to 7.5 

 Adjust to 40 mL using DEPC H2O 

Store at 4°C 

Note: Prepare a parallel solution to estimate how much HCl is needed to adjust the pH to 7.5. Using 

Henderson-Hasselbalch equation, we estimated 200 µL. 

50% sucrose (40 mL), prepare two: 

 4 mL 10x Gradient Buffer 

 36 mL DEPC H2O 

 20 g sucrose (RNase free/DNase free) 

5% sucrose (40 mL), prepare two: 

 4 mL 10x Gradient Buffer 

 36 mL DEPC H2O 

 2 g sucrose (RNase free/DNase free) 

Store solutions at 4°C 
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Sample collection 

Culture information: >300 mL of M. smegmatis cells 

Fill ~40 mL of liquid nitrogen in a 50 mL conical tube. Collect cells by filtration using a 500 mL filter upper 

cup (VWR, cat. 10040-468) and a vacuum pump at room temperature. Scrape cells before media runs out 

using ~3 cell scrapers (VWR, cat. 70-1180) and transfer them to the liquid nitrogen tube. Add 650 µL of 

lysis buffer, drop by drop, to the liquid nitrogen tube to form small crystal spheres. Keep samples on 

ice/dry ice until liquid nitrogen evaporates. Store samples at -80°C. 

Polysome recovery protocol (using a CryoMill) 

1. Turn on CryoMill and the liquid nitrogen supply. 

2. Fill a large container with ~1 gallon of liquid nitrogen. Inside, pre-chill a 10 mL jar (Retsch, cat. 

014620331) and a 7 mm stainless steel grinding ball (Retsch, cat. 053680035) for approx. 5 min. 

3. While jar is being chilled, work on dry ice to carefully detach the cells and lysis buffer from their 

collection tubes using a chilled plastic spatula (plastic cell scrapers also work). 

4. Transfer Lysis Buffer and cells with the chilled plastic spatula to jar, place in the 7 mm stainless 

steel ball, close the jar and insert the jar in the CryoMill. Do not tighten strongly. 

5. Perform 6 cycles of 3 min at 15 Hz, with 1 min pauses in between. 

6. In the meantime, pre-chill plastic spatula and a plastic funnel in liquid nitrogen. Pre-chill a 5 mL 

conical tube on dry ice. 

7. Transfer the pulverized samples using the funnel and a pre-chilled plastic spatula into the 5 mL 

conical tube (note: for carbon starvation cells the powder should be slightly yellow/orange; for 

log phase cells the powder should be white, a yellowish coloration indicates inefficient milling). 

8. Store samples at -80°C or continue with the next step. 
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Lysate preparation 

Prepare only one or two biological replicate samples at a time and within 24 hours of using them. Each 

biological replicate will produce three aliquots (technical replicates) for the gradient separation step. 

1. Initiate the thawing of pulverized samples at 30°C for 2 min and then on ice for 20 to 30 min. 

2. Transfer samples to a 1.5 mL tube and centrifuge at max speed and at 4°C for 10 min. 

3. Transfer supernatant to a new 1.5 mL tube. Repeat steps 2 and 3. 

4. Take 1 µL and dilute with 99 µL of RNase-free H2O to measure the concentration. 

5. Calculate and set up three aliquots of 1 mg of RNA (or two aliquots of similar mass if less than 1 

mg RNA). Adjust with RNase-free H2O to a final volume of 150 µL. These are technical replicates. 

6. Continue with a separation in sucrose gradient, or flash freeze in LN2 and store at -80°C until 

further use (within 24 hours). 

Gradient formation 

Required: RNase-free polypropylene tubes (Beckman Coulter, cat. 331372), Polypropylene/Polyallomer 

centrifuge tubes, 14X89mm (VWR, cat. BK331372). Biocomp Gradient Master model 107. 

1. Load a 50 mL syringe with the 5% sucrose solution. Add 5% sucrose gradient buffer until the 6 mL 

mark is reached in the polypropylene tubes (use the Gradient Master calibrated holders). 

2. Load a 50 mL syringe with the 50% sucrose solution. Carefully introduce the metal needle until 

reaching the bottom of the tube and release 6 mL of 50% sucrose gradient buffer. 

3. Prepare the gradient using the Gradient Master 11-step protocol (see Table  J-1). Allow the tubes 

to stabilize for at least 20 min at 4°C. 

Store at 4°C until use. 
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Table  J-1. Gradient Master protocol for gradients of sucrose 5-50% w/v using 11 Steps. 

Step Time, s Angle, ° Speed, RPM Step Time, s Angle, ° Speed, RPM 

1 0.05 87 30 7 0.05 87 30 

2 0:15 87 0 8 0:15 87 0 

3 0.05 87 30 9 0.05 87 30 

4 0:15 87 0 10 0:15 87 0 

5 0.05 87 30 11 0:19 80 20 

6 0:15 87 0     

 

Gradient separation 

Required: Optima L90K ultra centrifuge with a SW 41 Ti rotor 

1. Remove 500 µL of the top sucrose layer, weigh and bring each tube to a similar weight (<0.01 g 

difference between tubes). 

2. Carefully load the gradient tubes with 150 µL of the lysate sample and load them in the centrifuge 

buckets. Then, insert the buckets into the rotor. Insert the rotor into the centrifuge. 

3. Start the vacuum function setting the temperature to 4°C and pressing “Vacuum”. 

4. Set speed = 35,000 RPM (151,000 x g), temp = 4°C, time = 2 h 45 min and enter. Start. 

5. Wait until the RPMs reach to 35,000 and the vacuum shows <20 µ. 

6. Once the centrifugation has finished, press vacuum and wait until the door unlocks. Allow the 

tubes to sit in the rotor for ~15 min after the centrifugation to stabilize the gradients. 

7. Unload the contents, clean the centrifuge and the rotor, write down the revolutions counter in 

the log book and turn off the centrifuge. 
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Sample analysis and fractionation 

Required: Econ EM-1 UV monitor (Bio-Rad) and a fraction collector device. Sarstedt 1.5ml capless tubes 

(VWR, cat. 101093-233) and Push caps (VWR, cat. 101093-502) 

Note: Turn the monitor and lamp at least 15 min before starting the fractioning analysis. 

1. Turn ON the Fraction Collector, set to manual collection. Parameters should be: delay time: 0.00; 

collect start to end; rack code 1 or 0; do not press START. 

2. Turn on the pump and using the capillary tube run dH2O through the device for ~15 min. Then, 

run 50% sucrose for ~5 min. (Dead volume is ~2 mL.) 

3. Log in to the PC controlling the equipment and open “Gradient Profiler”. Select COM4, “alper” as 

user, and hit “continue”. Select preset run “polysome150uL.txt” for ~150 µL fractions. Parameters 

should be: AUFS as EM-1 (2.0). Hit “Okay” and DO NOT set AutoZero using the software (instead, 

use the hardware button). Hit “Graph”. Name the run, hit “Graph”. 

4. Make sure the Y axis maximum is the same as AUFS or greater. Set the window size to 113.2 mm. 

5. Place and lock the collection tubes in the Fraction Collector apparatus. Make sure the fraction 

Collector is in the “Home” position. 

6. Clean the capillary tube with a tissue and carefully insert it into the gradient near the wall, to avoid 

disrupting the gradient. 

7. Simultaneously press “frac adv” (software) and start the pump. Collect fractions and hit “stop 

recording”. Save run. Hit “end”. If planned, start another run by hitting “New Run?” and repeat 

steps 7-10. 

8. Once finished, rinse with dH2O for 20 min. Fill the Flow Cell with 20% ethanol in water and seal 

openings with parafilm. 



205 

 Low-volume/low-concentration RNA purification protocol 

For extraction of RNA from polysome profiling fractions or other solutions; not for extraction from 

cultures. 

Sample volume: 80 µL, but the protocol can be adapted to different volumes. 

RNA purification: as low as 3 ng of RNA were recovered in a final volume of 10 µL. 

Normalizing sample RNA abundance by spike in (optional): add 2 µL of 0.5 ng/µL mCherry (or another 

RNA) to RNA samples in step 1. 

Note 2: Warm an aliquot of acid phenol:chloroform:IAA (125:24:1, pH 4-5; Sigma, cat. 77619) to 65°C. 

1. Prepare 80 µL aliquot samples in Eppendorf tubes. 

2. Add 14.5 µL of 10% SDS (Promega, cat. V6551) to samples. 

3. Add 127.3 µL of, 65°C pre-warmed, acid phenol:chloroform:IAA to the samples and wrap tube in 

parafilm. Vortex. 

4. Incubate for 5 min at 65°C. 

5. Incubate for 5 min on ice. 

6. Centrifuge at max speed, RT for 2 min. 

7. Transfer upper phase to a new tube containing 127.3 µL of phenol:chloroform:IAA at RT. Vortex. 

8. Incubate for 5 min at RT. 

9. Centrifuge at max speed, RT for 2 min. 

10. Transfer upper phase to a new tube containing 127.3 µL of chloroform (to remove the phenol). 

Vortex. 

11. Centrifuge at max speed, RT for 2 min. 

12. For this step, use 0.5 mL in 1.5 mL nested tubes (USA Scientific, cat. 1405-9700). Transfer upper 

phase to a new tube, measure volume. Add 0.1 volume (~7 µL) of 3M sodium acetate (pH 5.5, 

Invitrogen, cat. AM9740) + 1 volume (~70 µL) of isopropanol. Vortex. 

13. Precipitate at -20°C for ~3 hours to overnight, or for 1.5 hour at -80°C. 
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14. Centrifuge for 15 minutes at max speed and at 4°C. 

15. Remove supernatant and add 400 µL of 70% ethanol. Centrifuge for 10 min at 4°C. Repeat step. 

16. Incubate for 5 min at RT. 

17. Centrifuge at max speed, RT for 2 min. 

18. Dry pellet at RT for ~10 min. 

19. Remove any remaining liquid using a p2 pipette. 

20. Resuspend pellet in 10 µL of RNase-free H2O. 

21. Take a 1.3 µL aliquot in a PCR tube, per sample, and determine the concentration loading 1 µL in 

a Nanodrop. 

22. Store samples at -80°C or use immediately. 
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