Reaction Engineering Implications of
Using Water for the Conversion of
Lignocellulosic Biomass
by
Maksim Vasilev Tyufekchiev
A Dissertation
Submitted to the Faculty of
Worcester Polytechnic Institute
In partial fulfillment of the requirements for the
Degree of Doctor of Philosophy
in

Chemical Engineering

December 2019
Dr. Michael Timko, Academic Advisor Dr. Aaron Deskins, Committee Member
Chemical Engineering Department, WPI, Chemical Engineering Department, WPI
Dr. Ronald Grimm, Committee Member Dr. Christopher Lambert, Committee Member,
Chemistry and Biochemistry Department, WPI Chemistry and Biochemistry Department, WPI

Dr. Susan Roberts, Head of Chemical
Engineering Department, WPI



Executive Summary

Utilization of renewable lignocellulosic plant biomass feedstocks to fuels and chemicals is
gaining ever increasing attention as a sustainable and carbon neutral alternative to fossil fuels.
However, conversion strategies are not economically competitive preventing adoption and
commercialization of commodity products. Cellulose hydrolysis is a potential route for the
utilization of lignocellulosic biomass and its conversion to renewable fuels and chemicals. During
that process, the chemical bonds in the cellulose polymer structure are broken via the action of
water and a catalyst to produce glucose or other soluble products. However, substrate reactivity
and lack catalyst recyclability contribute to the high cost of biomass processing. We addressed the
use of solid acids as recyclable catalysts for cellulose hydrolysis and the effect of water on
interpreting the activity and on the recyclability of the materials. Further, we studied the effects of
water on the reactivity of the cellulose substrate and proposed an alternative to hydrolysis.

Solid acid catalysts have emerged as a recyclable alternative to liquid homogeneous acids and
enzymes for the depolymerization of cellulose and selective production of glucose. However, still
in the developmental stage, there is little mechanistic understanding of how such materials catalyze
cellulose hydrolysis. A challenge to developing structure-reactivity relationships is the incomplete
structural characterization of solid acids. To elucidate, we focused on a chloromethyl polystyrene
based polymeric solid acid catalyst CMP-SO3H-0.3 that had exhibited remarkable activity towards
depolymerizing cellulose. In CMP-SO3H-0.3 benzyl chloride groups are hypothesized to interact
with cellulose via a hydrogen bonding and sulfonic acid groups catalyze the split of the glycosidic
bond. However, nuclear magnetic resonance spectroscopy analysis revealed the presence of

hydroxyl groups in the catalyst structure. Detailed radial analysis of polymer beads with Raman



microscopy showed that the external catalyst surface, which would hypothetically interact with
cellulose, lacks chlorine groups. In conjunction with the catalytic activity, which was greater than
the activity of catalysts without binding-capable groups, suggested contribution from the hydroxyl
groups. However, analysis of CMP-SO3H-0.3 post hydrolysis revealed further increase of the
content of hydroxyl groups. This indicated benzyl chloride group hydrolysis by water to hydroxyl
moieties with hydrochloric acid as the other product, implying catalytic effects of the leached acid.
Indeed, we quantified the content of the leached hydrochloric acid and confirmed that it was mostly
responsible for the observed catalytic activity of CMP-SO3H-0.3.

We addressed the implications of homogenous acid leaching due to hydrothermal degradation
of solid acid catalysts by testing selected catalysts representative of different structural classes
used for cellulose hydrolysis. Treatment of the catalysts at 150 °C for identical periods of time
applied in cellulose hydrolysis generated leachates, whose activity was compared to the apparent
cellulose hydrolysis activity of the solid acid catalysts. The leachates resulted in greater cellulose
hydrolysis, implying there are no solid-solid interactions between solid acid catalysts and the
cellulose substrate. We developed an analytical framework for facile testing of solid acid catalysts
and determining whether there are solid-solid interactions with cellulose. The catalysts tested did
not provide conclusive evidence of such interactions. We used kinetic modeling to quantify the
contribution of the homogeneous acid and compare them to experimental results. However, this
analysis revealed that homogenous acid catalyzed cellulose hydrolysis; further, we discovered that
the soluble products interact with the solid acid catalyst resulting in further leaching of
homogenous acid. The overall conclusion for solid acid catalyzed cellulose hydrolysis in water is

summarized in the following cartoon:
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Cellulose crystallinity has been implicated a structural parameter determining the reactivity of
cellulose. This has motivated decrystallization pretreatment methods to enhance cellulose
hydrolysis. However, it has been known for quite a while that amorphous cellulose recrystallizes
in liquid water, which calls into question current theoretical understanding of cellulose reactivity.
We decrystallized cellulose via ball milling, measured the crystallinity, and subjected the substrate
to hydrolysis with hydrochloric acid in water. Initial correlation between crystallinity and
reactivity yielded a direct proportionality. To further examine the effect of water-induced
recrystallization we treated ball-milled cellulose in hydrothermal conditions at which cellulose
hydrolysis doesn’t occur and observed an increase of substrate crystallinity. We then subjected the
recrystallized cellulose to acid hydrolysis and compared the reactivity to the ball-milled-only
substrate. The hydrolysis results of the two substrates did not differ, implying that crystallinity was

not responsible for determining the reactivity of cellulose. However, we treated the ball-milled



substrate in the acid hydrolysis conditions for 5 minutes, time interval not enough to result in
release of soluble sugars and discovered that within this timeframe the crystallinity had already
reached its final value. The recrystallized substrate was still more reactive than highly crystalline
cellulose. Nuclear magnetic resonance analysis revealed that the recrystallized cellulose consists
of allomorphs type | and Il with greater crystal surface. Rapid water-induced recrystallization
prevented determining the intrinsic reactivity of amorphous cellulose. For this purpose, we used
ethanolysis as a probe reaction, since ethanol does not promote recrystallization. Indeed, ball-
milled cellulose was more reactive than either recrystallized or highly crystalline substrates. The

conclusions from that study were used to update the mechanism of cellulose hydrolysis:
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Cellulose conversion was studied in ethanol as a means to avoid limitations imposed by water-
induced recrystallization and increase depolymerization rates. Crystalline cellulose resulted in only
3% conversion after 60 minutes, while ball-milled substrate in 38% and 24% vyield of ethyl
glucopyranoside at 140 °C and 0.1M HCI as catalyst. Hydrolysis at the same conditions afforded
only 21% conversion. Increasing ethanolysis reaction time to 90 minutes did not result in a
commensurate increase of conversion and yield, indicating either exhaustion of amorphous
cellulose regions or solubility and equilibrium limits. Further treatment of already ethanoyzed
substrate with fresh solvent provided support of the solubility-equilibrium hypothesis as additional
conversion was observed. Treatment of ethanolyzed ball-milled cellulose with hot liquid water

resulted in release of soluble oligomeric species. X-ray diffraction and nuclear magnetic resonance



of ethanolyzed ball-milled cellulose revealed increase of crystallinity post reaction. These results
suggested that soluble oligomers are trapped in the cellulose structure due to recrystallization
during ethanolysis. The recrystallization was attributed to the scission relaxation phenomenon. To
suppress this effect, we used co-solvents capable of swelling cellulose. Interestingly, water was
the only solvent capable of increasing cellulose conversion and ethyl glucopyranoside yield to
48% and 26%, respectively. Alternatively, additional ball milling and ethanolysis of ethanolyzed
cellulose increased the values to 62% and 42%, respectively. Using ethanolysis as a process to
depolymerize cellulose to constituent monomers provides the opportunity to lower costs by
circumventing the stabilizing effects of water and by decreasing energy requirements due to the
lower heat capacity of ethanol compared to water. Therefore, it merits further investigation. The

ethanolysis mechanism is summarized in the following scheme:
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CHAPTER 1

Introduction and Motivation

Despite global inaction, the scientific evidences are conclusive that global warming is taking
place.! Several of the warmest years ever to be recorded have occurred since the 1980’s which
directly correlates with the ever-increasing atmospheric CO2 concentration.> 3 The majority of
anthropogenic CO, emissions are attributed to the burning of fossil fuels.> Climate change
mitigation strategies involve CO2 emission reduction, which ultimately requires divestment from
fossil fuels and a transition to renewable and carbon neutral or negative energy sources and
technologies.*® Currently, however, fossil resources account for approximately 80% of the total

energy consumed in the United States (see Figure 1.1.).

2.53% Hydroelectric

Petroleum

4.84% Biomass

Natural Gas 2.42% Wind

31% 0.88% Solar

\0.22% Geothermal

Figure 1.1. U.S. energy consumption by source in 2018. Data was obtained from Energy Information

Administration (eia.gov).



Energy generated by combustion of fossil fuels powers virtually every sector of the modern
economy, from electricity, transportation, and industry, to residential and commercial needs.
Considering the enormity of their utility and penetration, a widespread replacement would require
both technological advances as well as resource diversification.® Future industrial and energy
needs will be satisfied by rationally integrated net zero emission systems including solar, wind,
and nuclear power, carbon dioxide capture and conversion, and biomass utilization.” However,
carbon intensive sectors such as steelmaking, aviation, shipping, and long-distance transport will
continue to rely on energy generated by fossil fuels.” Accordingly, liquid fuels will have to satisfy
a significant portion of the energy demands in the coming decades, which cannot be provided by
wind, solar, or hydrothermal power generation.® In addition, petroleum, natural gas, and coal are
main feedstocks in the chemical industry, solidifying their dominant role which imposes additional
requirements on renewable sources.® Emerging energy and industrial approaches will have to meet
the challenges that replacement of fossil fuels posits.

Biomass a renewable plant-based resource that can be utilized to produce both fuels and
chemicals.’® Through photosynthesis, biomass absorbs CO2 and stores it in its structure, later to be
emitted back in the atmosphere after a conversion process, such as combustion, a cycle that does
not result in atmospheric accumulation of CO.. In fact, proper land management and rational
utilization practices can result in CO, negative overall process.!! Therefore, biomass utilization
represents an opportunity for net zero greenhouse gas emissions alternative to fossil fuels and the
technological role they play in human civilization. Undoubtedly, biomass will play a central role
in the transition from fossil fuels.?

Currently, biomass constitutes approximately 5% of the US energy mix (see Figure 1.1.).

Department of Energy projects sustainable production of 1.3 billion tons per year by 2030 of non-



edible plant matter, enough to replace 30% of current US fossil fuel usage.’®> Non-edible plant
structures have an advantage over starch-based feedstocks as they do not serve as a source for food
production.* The huge potential is exemplified by the passing of the Renewable Fuel Standard
(RFS) by the US Congress in 2005.2° The projections introduced in the RFS posed an increasing
role of lignocellulosic (non-edible) biomass as a source of fuels.®

Ultimately, economic competitiveness determines the adoption of lignocellulosic and
displacement of fossil-based fuels.!” However, the price of the renewable lignocellulosic fuels is
greater than its gasoline energy equivalence.!® The main reason stems in the fact that
lignocellulosic biomass conversion requires substantial capital investments which hinders large
scale production.’® As a corollary, the volume of lignocellulosic based fuels produced was an
order of magnitude lower than the RFS targets.?’ Despite its potential, widespread utilization and
commercialization of lignocellulosic biomass remains an elusive goal.

The studies presented here are guided by the overarching theme of cost reduction of
lignocellulosic biomass conversion. The approach is bottom-up: generating a theoretical
framework of promising deconstruction technologies and addressing a fundamental aspect of the

susceptibility of lignocellulosic biomass to chemical breakdown.
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CHAPTER 2

Background and Objectives

The renewability of lignocellulosic biomass and its technological potential for displacement of
fossil feedstock has attracted significant research interest in its conversion to commercially
relevant products.! Furthermore, the utilization of biomass represents an economic opportunity for
revitalizing rural communities by providing employment and source of income.? Considering its
environmental and socioeconomic benefits it is important to address the technological barriers that
prevent competitive conversion of lignocellulosic biomass and commercialization of
lignocellulosic fuels and chemicals.® 4

This section will provide a brief overview of certain technological aspects of lignocellulosic
biomass conversion to low molecular weight products and will focus on two main aspects of

cellulose depolymerization.
2.1. Structure and Composition of Lignocellulosic Biomass

The difficulties of converting lignocellulose to commercial products are routed in its chemical
structure. Lignocellulosic biomass is composed mainly of three polymers — hemicellulose,
cellulose, and lignin (see Figure 2.1.). In plants, the three polymers are linked and form a complex
composite structure, called cell wall, that encapsulates the inner contents of the cell.> The structure
of the cell wall and specifically the organization of the polymer complex has evolved to provide

structural support and protection against biological and chemical agents and deconstruction.®
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Figure 2.2. Artistic representation of the composite structure of lignocellulosic biomass forming the plant

cell walls. The individual polymer components and their monomers are identified.®

2.2. Cellulose

Cellulose accounts for 35-55% of lignocellulose by mass, making it the most abundant polymer
on earth.® It is a homopolymer composed of glucose units connected by B-1,4 glycosidic bonds.’
Cellulose polymer chains interact with one another via hydrogen bonding and van der Vaal forces
which results in highly organized crystalline structure.” The arraignment of the hydrogen bonding
between the hydroxyl groups of the polymers determines the crystalline allomorph of cellulose
crystals.2 While several crystalline organizations are known, crystalline allomorph I (o and B) are
present in lignocellulosic plant biomass.” The details of the crystalline structure of cellulose and
its implications on conversion processes will be addressed later in this section. In the cell wall,
cellulose chains are organized in microfibrils that are embedded in a lignin-hemicellulose matrix,

which limits accessibility to depolymerization agents.®



2.3. Hemicellulose

Hemicellulose, composing 25-35% of lignocellulose, is a heteropolymer composed of five-
carbon (pentoses) and six-carbon (hexoses) monomer carbohydrates, and acetylated sugar
monomers connected by different glycosidic linkages.'® Due the heterogeneity of its structure,
hemicellulose does not form crystalline organization like cellulose.* In the plant cell wall it binds
to both cellulose and lignin via hydrogen bonding and covalent linkages, resulting in a lignin-

carbohydrate complex.®
2.4. Lignin

Lignin contributes between 20% and 30% to the mass of lignocellulose, depending on the plant
species.! Lignin is a three-dimensional amorphous heteropolymer composed of phenylpropanoid
units.!! The constituting monomers can be characterized by the aromatic residues in their structure.
p-hydroxyphenyl (H) monomer exhibits a hydroxyl group in para position to the propanoid chain.
Guaiacyl (G) features two hydroxyl groups in meta and para positions. In addition to a hydroxyl
group in para position, synapyl (S) monomer contains two methoxy groups in meta position.!!
Unlike the carbohydrate monomers, which are linked mainly by glycosidic bonds, lignin
monomers are connected by a various C-O and C-C linkages which complicates its

depolymerization.!
2.5. Depolymerization of Lignocellulosic Biomass

Synthesis of lignocellulosic fuels and chemicals relies on the deconstruction of cellulose,
hemicellulose, and lignin to its monomeric structural components.t 214 The overall goal is
depolymerizaiton of lignocellulosic biomass to low-molecular weight species that either are
commodity chemicals or fuels or can serve as platform molecules for further upgrading.® Several

engineering approaches exist for deconstruction of biomass; conversion can be classified based on



the process parameters such as temperature, residence time, solvent use, and targeted product.®: /
While the aim here is not to focus on the details of each process, a brief description is provided.

Gasification is an energy intensive process carried out at temperatures greater than 600 °C in
the presence of water and aims to break the carbon-oxygen, carbon-carbon, even carbon-hydrogen
bonds present in the biomass polymers producing syngas, a mixture of COz, CO, Hz, and CHa, 1%
19 1n addition to the gaseous products, heavier hydrocarbons classified as tar can be formed.?° The
chemical nature of tars depends on the process parameters used for gasification; low temperature
result in oxygenated species, while higher temperatures favor heavier hydrocarbons.?° The syngas
can be upgraded to wide range of hydrocarbon products similar to those produces by fossil fuels.?:
While tars are an undesirable product from gasification, they can be valorized by cracking and
converted to diesel-like molecules.??

Pyrolysis is a thermal approach for depolymerization of lignocellulose that typically takes
place at temperatures below 800 °C and in inert environment employing various reactor
configurations and residence times.*® As a slightly less severe process than gasification, pyrolysis
can retain some of the chemical bonds present in the polymeric molecules resulting in the
formation of low molecular weight volatile species, liquid products, CO, and solid residue of
carbonized material.%* Retaining some of the bonds during this depolymerization approach offers
for direct yield of desired products, potentially reducing the necessity further upgrading processes.
The engineering challenges that currently are the focus of intense research include increasing
yields and selectivities of desired products.?* Significant efforts attempt to fundamentally

understand the underlying reactions and minimize side pathways, ensuring optimum selectivity.?
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Significant reduction of temperature can be achieved by using water as a reaction medium in
a thermochemical processes termed hydrothermal liquefaction where reaction takes place between
200° C and 400 °C.* 27 Such conditions favor scission of carbon-oxygen bonds, but breaking as
well as reformation of carbon-carbon bonds also occurs. Typically, this approach targets a complex
bio-oil mixture as a product, whereas side products are gaseous, aqueous soluble, and solid
species.?” 28 The bio-oil is composed of large number of oxygenated species and finds several uses.
Its heating value is similar to fossil oil which makes it suitable for use as a combustion fuel. While
the bio-oil can also serve for the production of specialty chemicals the high number of species
necessitates separation processes that result in additional increase of the cost of an already
expensive process.?® The lower yields of bio-oil compared to pyrolysis, but better quality, has
motivated strategies for increasing the product.?® Maximizing the oil yield is typically achieved by
the use of catalysts that assist the deoxygenation of species or by upgrading the aqueous soluble
species. 3% 3!

The abovementioned processes require significant energy inputs to achieve the reaction
temperatures employed in the depolymerization of lignocellulosic biomass. In addition, at those
severe conditions the depolymerization products are highly reactive and can further decompose.
This leads to large number of reactions involving complex mechanisms that complicate or
completely prevent selective control of desired pathways. As a result, a mixture of products is
obtained, and carbon can be lost to CO>. Further upgrading to specific products requires additional
separation and purification units, which increases the overall cost of conversion.

On the other hand, the polymers can be selectively deconstructed to their monomeric units by
rational reaction engineering design. For example, hydrolysis of the carbohydrate fraction of

lignocellulosic biomass is a selective process that depolymerizes and solubilizes the hemicellulose
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and cellulose components in water.!® 32 3% From a process perspective, since lignocellulosic
biomass characteristically contains certain amount of moisture, hydrolysis is an appropriate
approach as it doesn’t require energy intensive feedstock drying.3* In addition, water is a non-toxic
solvent which renders the process inherently environmentally friendly.>® The main goal of
hydrolysis is selective scission of the glycosidic carbon-oxygen bonds linking the sugar
monomers; these linkages are typically the most reactive bonds in the carbohydrate fractions. At
the conditions at which hydrolysis is typically carried out (below 300 °C and dilute or no acid) the
cellulose is in solid state and does not undergo phase changes, inherent for gasification, pyrolysis,
and liquefaction, which reduces complexity and offers greater control of the deconstruction
reaction.®® Therefore, the process is inherently heterogeneous, occurring on the surface of the solid
substrate, progressing by polymer chain length reduction and release of soluble molecules in the
reaction medium.®*% The sugar monomers can then be upgraded via fermentation or via
chemocatalytic processes to targeted products.™ #* Upgrading, especially fermentation, can be
carried out in the same aqueous sugar solutions resultant from hydrolysis which reduces the
necessity for additional purification steps.

Even greater control of the depolymerization reactions of lignocelluosic biomass can be
achieved due to differences in reactivity of the hemicellulosic and cellulosic fractions. The two
biopolymers can be depolymerized separately by adjusting the process conditions, despite the
structural nature of the lignocellulosic complex (see Figure 2.1.).1° Due to its heterogeneous and
amorphous structure, hemicellulose is more reactive and can be solubilized at conditions at which
cellulose remains relatively intact.® For example, Nitsos et al treated lignocel (a type of wood
feedstock) in hot liquid water at temperatures between 100 °C and 220 °C and reported progressive

removal of hemicellulose from the biomass substrate and a corresponding production of sugar
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monomers.*? At the same time virtually no conversion of cellulose to glucose monomers was
observed. Similarly, Kumar et al. reported that treatment of switchgrass at temperature up to 190
°C resulted in nearly 80% of hemicellulose removal, with minimal losses of cellulose.*® Dilute
acid treatment can achieve similar results. Li et al treated switchgrass with 1.2 wt% H>SO4 at 160
C for 20 minutes and removed the majority of xylan, arabinan, and galactan, components of
hemicellulosic fractions, while cellulosic glucan was only partially solubilized.** In contrast,
cellulose requires significantly harsher conditions for depolymerization and solubilization.*>*
Therefore, hydrolysis offers a selective and highly controllable approach for the
depolymerization of the carbohydrate fractions of lignocellulosic biomass. In fact, one of the main
biorefinery concepts employs hydrolysis of cellulose and upgrading of the produced monomeric
sugar to ethanol via fermentation. However, this strategy for converting biomass has failed to

materialize on a commercial scale.
2.6. Cellulose Hydrolysis

The success of a hydrolysis-based biorefinery depends on the efficient depolymerization of
cellulose.®® Considering that cellulose composes the majority of the lignocellulosic complex,
extracting its carbohydrates followed by subsequent upgrade to commodity products such as fuels
and chemicals has to be economically competitive to conventional routes based on utilization of
fossil-based resources.*® 5° The main focus of cellulose hydrolysis is the targeted scission of the
glycosidic bond by the addition of a water molecule and solubilization of its glucose monomer
unit, thereby, achieving near quantitative product selectivity (see Scheme 2.1.). Generating a
relatively pure glucose product solution, with minimum byproducts such as oligomeric cellulosic
molecules or degradation compounds eliminates downstream purification units and thus reduces

process costs.>?
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Scheme 2.1. Hydrolysis of cellulose polymer chains to glucose by addition of a water molecule. The

glycosidic bond that is broken during the reaction is colored in red.

2.7. Utilization of Glucose

The glucose released from hydrolysis of cellulose can be converted to wide range of platform
molecules and end products. For example, the hydrolysate solution can be directly inoculated, and
glucose can be fermented to various acids or alcohols which find application as fuels or platform
chemicals.™® In addition, glucose can be converted via chemocatalytic routes.! > %2 Dehydration
produces hydroxymethyl furfural, a fuel and polymer precursor.>® Oxidation yields glucaric acid,
which according to US Department of Energy report, is a building block for the production of
industrially relevant chemicals.®® %° Glucose hydrogenation produces sorbitol, which finds
applications in wide range of industries.** Conveniently, glucose conversion reactions are carried
out in the presence of water which allows for the design of an integrated process from hydrolysis
to value added product synthesis reducing the necessity for additional solvents.*! Clearly, selective
cellulose hydrolysis to glucose is a technologically relevant route for the utilization of
lignocellulosic biomass.

Despite the benefits of greater reaction control, selectivity, and downstream processing,

cellulose hydrolysis has remained economically uncompetitive process. Cellulose hydrolysis can
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be carried out at various conditions employing the use of different catalysts. Efforts to decrease
conversion costs merit from detailed understanding of the hydrolysis reaction that would allow

identifying and selecting pathways resulting in minimizing costs.
2.8. Enzymatic Hydrolysis

Cellulose can be depolymerized to glucose via the action of biological catalysts called
enzymes, collectively termed cellulases.®® Three types of enzymes act synergistically to break
down the glucan polymer. Endoglucanases randomly cleave glycosidic bonds in the interior of a
polymer chain, cellobiohydrolases act on the polymer chain ends releasing cellobiose, and -
glucosidase hydrolyzes cellobiose to glucose.®* 4° Endoglucanases generate new chain ends which
are attacked by the cellobiohydrolases; B-glucosidase, on the other hand, reduce the concentration
of cellobiose which has a poisoning effect on cellobiohydrolases.® 40

The enzymes from the cellobiohydrolazes family are typically composed of 3 structural
domains: a catalytic domain is connected to a cellulose (or carbohydrate) binding domain (CBD)
via a peptide linker.2® The enzyme first adsorbs on the cellulose surface, diffuses until a chain end
is located and complexation with the catalytic domain occurs, followed by scission of a glycosidic
bond and release of cellobiose decomplexation and desorption of the enzyme.

Enzyme adsorption plays a significant role in the activity of the enzymes as cellobiohyrolases
whose structure has been modified and their CBD structurally altered or completely removed
exhibit lower activity.%® Structural studies have elucidated the nature of the enzyme-cellulose
recognition and complexation. For example, binding modules interact with crystalline cellulose
surface via aromatic residues via non-specific CH-n interactions entropically displacing water.>’
Hydrogen bonding contributes to CBD-carbohydrate complexation by stabilizing the CH-n

conformation and interacting with the hydroxyl groups of cellulose.>®
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Enzyme-catalyzed depolymerization occurs at relatively low temperatures — typical optimal
temperature is 50 °C and reaction times are on the order of tens of hours to a few days.33 %
Increasing reaction rates cannot be achieved by raising temperature because the enzymes will
undergo structural transformation and lose their activity, a processes termed denaturation.®
Alternatively, increasing cellulose hydrolysis rates can be achieved by altering the reactivity of the
lignocellulosic substrate as conceptually shown in Scheme 2.2. Considering that hydrolysis of
solid cellulose substrate is a heterogeneous reaction it is likely limited by the accessible cellulose
surface area.®’ Indeed, hydrolysis rates correlate with the accessibility of the lignocellulosic
substrate to a molecule the size of enzymes.5? Pretreatments that remove hemicellulose or lignin,
such as hydrothermal, dilute acid, solvolysis and chlorite delignification, increase the access of
enzymes and result in shorter reaction times and greater glucose yields.® In addition, unproductive
binding of cellulase to lignin is reduced after delignification pretreatments, allowing further
benefits for enzyme processivity.5 Further, studies on pure cellulosic substrates further reveal that

enzymes are more active at hydrolyzing cellulose with lower degree of crystalline organization.®

Biomass — | Hydrolysis » Products

N

Hydrolysis |—— Products

Pretreatment

Y
\ 4

* Increases the * Lower enzyme loading
susceptibility of biomass * Shorter reaction times
to depolymerization

* Requires energy and
chemical input

Scheme 2.2. Hydrolysis of biomass is enhanced by pretreatment that renders the lignocellulosic substrate
more amenable to depolymerization. Hydrolysis of pretreated biomass has lower process requirements and

results in greater product yields. Pretreatment requires energy and/or chemical inputs.
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Therefore, achieving greater glucose yields in shorter reaction times, which ultimately results
in lower conversion costs and greater process profitability, by enzyme-catalyzed hydrolysis of
cellulose in a lignocellulosic matrix is heavily dependent on pretreatment methods that render the
biomass more amenable to deconstruction. In addition, reducing the cost of producing enzymes is
also an approach to make hydrolysis more economically competitive; however, there are still

challenges in this area.®
2.9. Hydrothermal and Acid-catalyzed Cellulose Hydrolysis to Glucose

The rate of cellulose hydrolysis to glucose can be increased by elevating the temperature in a
simple hydrothermal treatment (no catalyst) or with the use of homogeneous acids as catalysts.®”
68 Such processes are a case of hydrothermal liquefaction, however, where the conditions favor
production of cellulose depolymerization species instead of bio-oil. Hydrothermal hydrolysis of
cellulose can be carried out at relatively mild temperatures (150 °C), where the reaction time is in
the range of tens of minutes, or at more severe conditions such as near critical or supercritical
water, at which the reaction time is in the order of a few seconds.®® 7° To further increase the rate,
homogeneous acid catalysts at various concentrations are employed;** ¢ however, typically dilute
acid conditions (concentrations of up to 2 wt% acid) are favored to reduce reactor corrosion issues
and product degradation.*6 7% 72

Increasing temperature and/or acid concentration reduces reaction times by an order of
magnitude compared to cellulose hydrolysis by enzymes. However, since the glucose product can
react further at those condition, parallel increase of the glucose decomposition reactions also
occurs (see Scheme 2.3).72 73 Specifically, glucose can dehydrate to hydroxymethylfurural (HMF);
the activation energy of glucose dehydration to hydroxymethyl furfural is lower than the activation

energy of cellulose hydrolysis to glucose, which imposes a balance between cellulose conversion
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and glucose yields by means of increasing reaction temperature.*®: > Moreover, the acid catalyst
used for cellulose hydrolysis also catalyzes glucose decompositon.’? In addition, hydroxymethyl
furfural is a highly reactive intermediate which can be decomposed to levulinic and formic acids
or polymerize to form insoluble humin species.”* ™ Effectively the increase of the cellulose
hydrolysis rate by means of increasing temperature and acid catalysts is accompanied by product

degradation and loss of selectivity.

Levulinic Acid
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Scheme 2.3. Glucose degradation in hydrothermal environment. Glucose initially dehydrates to
hydroxymethylfurfural (HMF). Further decomposition of HMF produces Levulinic acid and Formic acid.
In addition, glucose and HMF can degrade to form insoluble humin species. These reactions are typically

Bransted acid catalyzed.

To mitigate the effects of glucose degradation, two strategies can be employed. First, reactor
design can accommodate the necessity to limit glucose exposure to the severe reaction
environment. For example, replacing batch reactors with semi continuous packed bed reactors,
where the solid biomass substrate is packed in the reaction zone of the reactor, while the glucose
is removed by continuous flow, offer greater yields and selectivities.’® Despite that, the solid
substrate can undergo reactions that result in char formation on the surface and trap the
carbohydrates in the interior.”” This can be circumvented by continuous flow reactors where

biomass slurry is fed, hydrolyzed, and the products are rapidly evacuated from the reactor zone.”
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Such an approach requires sophisticated reactor design and biomass slurry delivery system.”
However, slurries are limited to around 5 to 10% mass loading due to the high pressure required
for pumping limiting the concentration of glucose that can be achieved, necessitating additional
downstream separation units.

Analogously to enzymatic hydrolysis, pretreatment of cellulose by means reducing its
crystalline organization increases its conversion and product yields, allowing for reduction of
process severity.” 8 For instance, cellulose pretreatment via ball milling increases the rate of
conversion and glucose release.®! The relationship between cellulose structure and its reactivity
will be addressed later in the text.

Alternatively, cellulose hydrolysis can be used to produce hydroxymethyl furfural
selectively.*! 8 Since it is more reactive than glucose an approach to prevent it from reacting
further is to employ two phase systems, where a solvent with greater hydroxymethyl furfural

partition coefficient than water extracts the product as soon as it is formed.*

2.10. Engineering Considerations of Enzyme, Hydrothermal, and Acid

Hydrolysis of Cellulose

Despite the promise that cellulose hydrolysis can be successfully applied for selective
production of highly concentrated sugar solutions that can serve as a feedstock for synthesis of
fuels and chemicals, it has not been commercially successful. In fact, ethanol produced from
cellulosic sugars is more expensive than its gasoline equivalence, preventing competition with
conventional fossil fuels.*® 5t

It is important to address the technological challenges that contribute to the high costs of
cellulose hydrolysis.*> 8 Enzyme hydrolysis occurs at a relatively low rate. This limits the

production capacity of a biorefinery and, thus, the revenues it can generate. As already mentioned,
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pretreatment approaches can render lignocellulosic biomass more susceptible to degradation.®*
Indeed, pretreatment is typically included in technoeconomic models for ethanol production;
despite that, the cost is still not competitive.*® 5! The reaction rate of cellulose hydrolysis can be
increased by higher enzyme loading.®> However, not only enzymes expensive, but they also cannot
be recycled, which imposes a balance between enzyme loading and overall process costs.®® 8 As
a result, enzyme hydrolysis and pretreatment are estimated to contribute 21% and 19%,
respectively, to the price of cellulosic ethanol .8’

The use of acid hydrolysis, on the other hand, suffers from loss of sugar selectivity. In addition,
homogeneous acids promote corrosion damage to reactors, which necessitates the use expensive
corrosion-resistant materials.®® As mentioned, acid use can be reduced by cellulose
decrystallization pretreatments. Interestingly, dilute acid hydrolysis pretreatment, aiming at
selectively removing hemicellulose, has already been accounted for in calculating the cost of
enzyme catalyzed conversion.®® In such biorefinery concepts, the homogeneous acids are
neutralized generating waste and are, thus, not recyclable.®® While this analysis is applied
specifically for pretreatment, a homogeneous acid cellulose hydrolysis process would necessitate
identical treatment.

In contrast, hydrothermal hydrolysis does not employ the use of catalyst and is a promising
approach.®® However, in order to achieve high enough hydrolysis rates the temperature of the
reaction has to be raised. Considering the heat capacity of water, this would require a significant
amount of energy inputs.®® From a process perspective, the heat generation for a biorefinery
concept already represents a large portion of the operational costs for conversion; further increase
of operating temperature would raise the energy requirements of the process, which will result in

cost increase.

19



The analysis of the current engineering approaches for hydrolysis of lignocellulosic biomass
identifies key parameters that contribute to the cost of depolymerization and biofuel production.
First, the catalysts used to hydrolyze cellulose are not recyclable. Acid neutralization and
purchasing fresh enzyme are two corollaries of that issue. Second, increasing the rate of cellulose
hydrolysis to glucose without sacrificing product yields and selectivity requires reducing severity
of conditions and pretreatment of the biomass substrate to increases its reactivity. A pretreatment
step implies additional operational units and process costs.*® Addressing those challenges requires
fundamental understanding of the underlying chemical processes all in the context of water as a

reaction medium.
2.11. Solid Acids as Recyclable Catalysts for Cellulose Hydrolysis

To overcome some of the limitations imposed by the use of enzymes or liquid acids, solid acid
catalysts have emerged as a recyclable alternative.2® Hypothetically, following hydrolysis solid
acids can be recovered and reused; further, pretreatment and hydrolysis can be combined into one
step, promising cost reduction. Compared to their liquid counterpart, solid acids have lower
corrosion potential which allows for use of conventional materials for reactor construction.

Applying solid acid catalyst for cellulose hydrolysis is physically distinct from liquid-acid-
catalyzed hydrolysis and from typical solid-acid-catalyzed gas or liquid phase reactions. Catalyst
design and process development, from material synthesis to elucidation of reaction mechanism,
must address the heterogeneous nature of the reaction. At the typical hydrothermal conditions used
for hydrolysis, cellulose is a solid. Therefore, depolymerization catalyzed by a solid acid will occur
on the contact surface between cellulose and the catalyst as shown in Figure 2.2. This imposes
inherent mass transfer limitations; in contrast, homogeneous acid catalysis would occur on all

accessible surfaces.
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The current state of the solid acid catalyst for cellulose hydrolysis field is at the stage of
material synthesis, characterization, and performance evaluation. Unlike hydrolysis by enzymes,
the mechanism of solid-acid catalyzed hydrolysis is not elucidated, which prevents rational design
of solid acid catalysts. Comparison of the cellulose hydrolysis catalyzed by different solid acid
catalysts has been used as means to correlate the structure to the observed activity of the catalyst.
For instance, conventional catalysts such as H-ZSM5 and H-mordenite do not exhibit activity
greater than that of water at the same conditions.*® On the other hand, materials such as sulfated
zirconia, sulfonated polystyrene ion exchange resin (Amberlyst-15), and sulfonated activated
carbon materials are able to hydrolyze cellulose and produce glucose, suggesting that strong
Bransted acids are necessary.?>%2 These observations raise the question — what are the structure-

activity relationships of solid acid catalysts capable of hydrolyzing cellulose?

Water

Recyclable

A - Acid Sites
M- Binding Groups
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Figure 2.3. Application of solid acid catalysts for cellulose hydrolysis. Both the catalyst and the cellulose
substrate are solids at the reaction conditions, which limits the depolymerization reaction to the contact
surface area. The zoomed area depicts a hypothesized interaction between the solid acid catalyst and

cellulose in which specific binding groups are thought to participate in non-covalent bonding to cellulose.
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Binding is implied in increasing the time of contact of the two solids, thereby, increasing the probability

for an acid group to hydrolyze the glycosidic bonds of cellulose.

Interestingly, catalysts that show good activity towards hydrolyzing cellulose and selectivity
to glucose have multiple functional groups on their surface.®% %1 93-% Most often such catalysts are
decorated with catalytic strong acid groups such as sulfonic acid (-SOsH) and with non-reactive
groups such as carboxyl (-OH) or chlorine (-Cl) groups, or, as is the case of carbonaceous
materials, exhibit delocalized m systems. It is hypothesized that the non-reactive groups increase
the catalyst’s affinity to cellulose by forming hydrogen bonds with the hydroxyl groups of
cellulose (see Figure 2.2.).% 3 The binding hypothesis is supported by adsorption of soluble
cellulosic molecules onto the solid acid catalyst at temperatures well below those used for cellulose
hydrolysis.® %% These non-reactive groups can serve as binding sites to the glucan chain; this
supramolecular interaction can bring the B-1,4 glycosidic bonds and acidic sites to spatial
proximity and conformation that is favorable for scission of the glycosidic bond as shown in Figure
2.2. The interactions between the solid cellulose substrate and the solid acid catalyst cannot be
directly measured at the reaction conditions and, thus, the nature of the forces behind such binding
cannot be elucidated.

Unfortunately, the plethora of proposed catalytic structures and the different conditions
precludes a comparative and systemic analysis of different catalysts. Zuo et al addressed this by
carrying out a systematic sulfonation of chloromethyl polystyrene, where chlorine is hypothesized
to act as a binding group via hydrogen bonding to hydroxyl groups of cellulose and found an
optimum composition that exhibited the highest cellulose hydrolysis activity, reminiscent of the
Sabatier’s principle.®® Similar observations were made by Parveen et al who copolymerized 4-

chloromethyl vinyl benzene and sulfonic acid-based ionic liquid and varied the amount of catalytic
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and binding groups by changing the reactants ratio during the catalyst synthesis.!®® Qian
synthesized a bifunctional catalyst with sulfonic acid groups and imidazolium chloride as a binding
group by immobilizing and polymerizing 4-styrenesulfonate and imidazolium chloride on a
ceramic or glass support and reported that varying the amount of functional groups affected the
sugar yield after cellulose hydrolysis.® Such attempts only establish that presence of certain
moieties that enhance the activity of the solid acid catalyst, but does not provide a direct evidence
for interpreting the hydrolysis mechanism.

Development of structure-activity relationships depend on accurate catalyst characterization.
Typically, catalysts are characterized by a bulk analysis method such as X-ray diffraction, X-ray
photoelectron spectroscopy, elemental analysis, nuclear magnetic resonance, vibrational
spectroscopy, and surface area analysis.®" % %8102 However, while the presence of functional
groups is established by such techniques, only the external surfaces of the solid acid catalyst and
solid cellulose substrate would interact, since the two are of relatively similar size and too large to
diffuse of each other’s porous structure. But bulk characterization does not provide the detailed
structural representation of the external surface of the catalyst. Clearly, there is a gap in correlating
the catalyst structure to its activity in hydrolyzing cellulose. This prevents identifying the catalytic
site and implies that the mechanism that invokes binding between the catalyst and cellulose is just
an unsupported hypothesis. Therefore, it is necessary to address this knowledge gap in order to
elucidate the mechanism of cellulose depolymerization of solid acid catalysts.

In addition to the structure-activity inconsistencies, the interactions of the solid acid catalysts
and the cellulose with the water solvent have also been overlooked in understanding the catalytic
mechanism. Importantly, water can also form hydrogen bonds, which calls into question the

conclusions deduced from adsorption analysis. Yabushita et al studied the adsorption of soluble
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cellulosic oligomers on activated carbons and found that the interactions are dominated by
entropically favored expulsion of water of the surface of the catalyst.'% While increasing the chain
length of the soluble cellulosic molecule resulted in greater adsorption on the activated carbons,
raising the temperature reduced the equilibrium constant of the adsorption process.' Furthermore,
Foo found that the adsorption decreased as the amount of oxygen containing hydrophylic groups
of the activated carbon materials increased, suggesting competitive interactions with water.% Qi
et al showed that varying the composition of the solvent, by introducing y-valerolactone into the
aqueous phase, affected the co-adsorption of glucose and water on zeolites.'® However, no direct
evidence of binding is presented for catalysts used for cellulose hydrolysis at reaction conditions
with insoluble substrates nor have interactions with water been considered in the hypothetical
mechanism.

Further development of solid acid catalysts for cellulose hydrolysis and elucidation of the
catalytic mechanism require more detailed structural description of the catalysts and experimental
approaches that can directly test the hypothesized mechanism. Specifically, external surface
characterization should provide information on the catalytic site and additional performance tests

will eliminate alternative possibility for activity interpretation.
2.12. Structure-Reactivity Relationship of Cellulose

Reduction of biomass conversion costs can be achieved by decreasing the reaction time and
condition severity while maximizing product yields. Pretreatment of lignocellulosic biomass
increases its susceptibility to deconstruction.3* Different treatments aim at removing components
and altering the structure to enhance cellulose hydrolysis.®® For example, some pretreatments such
as dilute acid or hydrothermal remove predominantly hemicellulose and parts of the lignin.®

Other, solubilize the mainly the lignin fractions.** 1% Pretreatments like milling do not remove
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individual components but impart structural changes that provide access to the solvent and the
catalysts.?% 197 Yet, since cellulose is more difficult to depolymerize then hemicellulose,
understanding its reactivity and relating it to the structural characteristics of the polymer will allow
for optimized pretreatment and depolymerization approaches that favor timely conversion and
greater and more selective yields of small molecular weight products. As already mentioned, at
typical hydrolysis reaction conditions cellulose is not soluble in water. Therefore, the reactivity is
dependent on the supramolecular structural parameter.

Several characteristics describe the structural organization of solid cellulose substrates such as
degree of polymerization, surface area, pore structure, and accessibility, particle size, and degree
of crystallinity as shown in Figure 2.3.762 108110 Degree of polymerization (DP) of cellulose chains
refers to the average chain length expressed as number of glucose units.” 1! Particle size, surface
area, pore structure, and accessibility describe the geometric characteristic of cellulose
substrates.>® 62 108 Crystallinity refers to the relative content of crystalline (organized repeating
arrangement of the glucose units) and non-crystalline or amorphous regions in the structural
organization of cellulose.'*2 The crystal structure of cellulose is characterized by its extensive intra

and interchain hydrogen bonding and chain stacking.'** 114
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Figure 2.4. Physicochemical characteristics of solid cellulose substrates.

Cellulose reactivity in the context of hydrolysis has been widely studied. A typical analytical
approach is to observe the changes of a structural parameter that occur during hydrolysis and to
relate them to the substrate conversion and to the yield of soluble products.>® 8 79 115.116 Simjlarly,
the cellulose substrate can be pretreated to alter its structure prior to hydrolysis.®® 8. 117 However,
during hydrolysis multiple structural parameters change at the same time, complicating the
analysis.”® 118120 Therefore, directly attributing reactivity observations to a specific parameter may
be incomplete or inaccurate. Furthermore, pretreatment to affect one structural characteristic prior
to hydrolysis results in changes in other parameters.*?*

For instance, the degree of polymerization rapidly decreases during both acid and enzymatic
hydrolysis; after high initial rate, the DP levels off and the reaction rate for conversion and release
of soluble products significantly slows down.3" 122123 This has been explained by hydrolysis of
highly reactive amorphous regions; after their depletion the mode of hydrolysis is explained by
chain-end attack.!® Sinitsyn et al reported that the enzyme catalyzed hydrolysis rate was directly

proportional to the accessibility of a molecule the size of an enzyme.®? Additionally, progressive
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deconstruction and solubilization of the solid cellulose substrate can change the pore structure,
effectively increasing accessibility even further.>® Similarly, an inverse relationship between
crystallinity and reactivity has been reported as well as increases of crystallinity have been
observed as the reaction progresses.’® 2% Since pretreatment and hydrolysis result in changes of
multiple structural characteristics, it is difficult to unravel the effects of each individual parameter
to the reactivity of cellulose. As a result, both pretreatments and hydrolysis may not be optimized
for greatest yield and selectivity of glucose.

Cellulose crystallinity represents an interesting case when analyzing the reactivity of cellulose
towards hydrolysis. As already mentioned, rapid decrease of DP during hydrolysis is attributed to
scission of highly reactive glycosidic bonds in the amorphous and non-crystalline regions of
cellulose.™® 1% Furthermore, pretreatments that decrease cellulose crystallinity such as ball
milling, ionic liquid and concentrated acid dissolution and reprecipitation and swelling, result in
an increase of the rate of hydrolysis.®® ™ 115123 |nterestingly, after hydrolysis the crystallinity of
the residual cellulose substrate increases.5® ™ 20 Along with changes in DP, these observations
suggest that amorphous and non-crystalline regions of cellulose are more reactive than crystalline
regions. Observations of lower thermal stability of decrystallized cellulose substrates provide
further support of such arguments.t?* 1%

Decrystallizing cellulose to increase its reactivity, therefore, is a sensible preatreatment
method. Thus, it is necessary to elucidate the structural characteristics of amorphous and non-
crystalline cellulose that determine its susceptibility to depolymerization. Decrystallized cellulose
exhibits lower density, greater water sorption capacity, greater surface area, and, as determined by
nuclear magnetic resonance, greater content of surface chains.3% 7* 124126 However, it is molecular-

scale detail have not been fully understood. Mazeau and Heux used molecular dynamics simulation
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to model amorphous cellulose and showed that it exhibits lower average number of hydrogen
bonds, when compared to crystalline cellulose.*?” Chen et al modeled fibril bending and reported
that at the point of the applied load the arrangement of the glucose units does not follow crystalline
organization and the bonds are significantly strained.?

Kinetically, hydrolysis of the amorphous and crystalline fractions of cellulose cannot be
explicitly described. The difficulty stems from the fact that unambiguous quantification of the
relative fractions cannot be made. Since separation of the various fractions is physically
impossible, various spectroscopic methods have been used to quantify crystallinity (the relative
content of amorphous and crystalline regions) of cellulose substrates.!?® *° However, the values
are relative and heavily dependent on the technique of analysis.!?® On the other hand, crystallinity
can be inferred from reactivity analysis.**! Kinetic analysis of cellulose hydrolysis by assuming
pseudo first order reaction of two species, crystalline and amorphous, reveals that the reaction rate
for amorphous cellulose is an order of magnitude greater than for crystalline cellulose.'® 131
Therefore, cellulose hydrolysis processes that aim at maximizing conversion and selective product
yields while simultaneously minimizing the severity of the reaction conditions benefit from
cellulose amorphization.

However, a phase transformation of amorphous cellulose to crystalline cellulose has been
overlooked and not been accounted for in both the structural and kinetic analysis of decrystallized
cellulose.*?4 126: 132134 Eor jnstance, amorphized cellulose has been reported to recrystallize when
exposed to humid air.'? Similarly, exposure of ball-milled cellulose to water at room temperature
results in reorganization and increase of the of the structural order.'?* 135 Recrystallization has been
confirmed by various analytical techniques such as X-ray diffraction, nuclear magnetic resonance,

thermal and sorption analysis.'?* 13313 This recrystallization is occurring at conditions where there
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is no hydrolysis and has been attributed to the interactions with water.'?* 126 135 However, all
hydrolysis reactions are carried out in water. This raises questions regarding the interpretation of
cellulose reactivity: what is the rate of water-induced recrystallization compared to hydrolysis,
does recrystallization affect cellulose reactivity, and if not, is amorphous cellulose indeed more
reactive than crystalline cellulose. Interestingly, despite decades of cellulose research the effects
of recrystallization have not been addressed. In fact, crystallinity is typically measured prior to
wetting with water indicating that correlations to reactivity are not representing the actual
crystallinity of the cellulose substrate that undergoes hydrolysis, calling into question the structure-
activity relationship altogether.

Provided that amorphous cellulose is more reactive than crystalline, water-induced
recrystallization would reduce cellulose reactivity and thus the effectiveness of decrystallization
methods. Accordingly, addressing water-induced recrystallization could provide alternative

solvents or depolymerization strategies.
2.13. Concluding Remarks

Utilization of lignocellulosic biomass as a feedstock for the production of fuels and chemicals
is dependent on economically competitive deconstruction and conversion processes. Currently,
cellulose depolymerization is one of the bottlenecks that prevents commercialization of
lignocellulosic biofuels. Cellulose hydrolysis for the selective production of concentrated sugar
solutions is a promising route for the synthesis of renewable chemicals and fuels. However, the
enzymes used to catalyze the reaction suffer from low reaction rates and inability to be recycled.
Liquid acids on the other hand promote corrosion and product degradation and similarly are not

recyclable. Thus, enzymes and liquid acids are consumables.
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On the other hand, solid acid catalysts can be a recyclable alternative to enzymes and
homogeneous acid for the catalytic depolymerization of cellulose and, if successful, promise cost
reductions. However, the heterogeneous nature of solid acid catalyzed cellulose hydrolysis
suggests a complex mechanism is at play. Current efforts at elucidating the mechanism of the
reaction are limited to material synthesis, characterization, and performance analysis. Activity
observations are correlated to structural characteristics and a hypothesized mechanism of solid
acid catalyst action is forwarded which suggests binding interactions between solid acid and the
solid cellulose substrate. However, direct measurements of such binding at reaction conditions is
experimentally challenging and the hypothesis has not been directly tested.

One of the main knowledge gaps preventing elucidating the mechanism of solid acid catalyzed
cellulose hydrolysis is the incomplete catalyst characterization. Specifically, while bulk structural
analysis is carried out, there is little information on the external surface which would interact with
the cellulose particles. As a result, the sites active at hydrolyzing the glycosidic bond in cellulose
have not been identified but have only been hypothesized. Accordingly, the catalytic mechanism
cannot be elucidated, despite the large amount of catalytic structures proposed and tested, which
prevents rational catalyst design and process development. Therefore, one of the main problems
to be tackled involves identifying the chemical moieties responsible for cellulose hydrolysis, which
can be achieved by detailed characterization of the solid acid catalysts and specifically their
external surfaces.

Approaching cellulose hydrolysis from a different perspective, namely reducing its resistance
to depolymerization, also promises lowering conversion costs. The current theory differentiates
the reactivity of amorphous and crystalline cellulose. This has motivated pretreatments that reduce

the crystalline organization of the polymer since amorphous and non-crystalline cellulose is
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depolymerized at a greater rate. Indeed, decrystallized cellulose exhibits greater reactivity towards
hydrolysis than highly crystalline substrates. However, it was established that amorphous and
decrystallized cellulose recrystallizes when contacted with gaseous or liquid water. In hydrolysis-
based processes water is not only a reactant, but also a reaction medium, which provides ample
environment for cellulose to interact with it. The recrystallization transformation has not been
accounted for when interpreting hydrolysis results and developing structure-reactivity
relationships.

Decrystallization pretreatments, while reducing the structural order, result in changes of other
structural parameters. However, the real crystallinity (relative amount of amorphous and
crystalline regions in the cellulose structure) of the substrate that undergoes hydrolysis is not clear
since the rate of water-induced recrystallization has not been determined. Therefore, there is
ambiguity surrounding the interpretation of greater reactivity of amorphous and noncrystalline
cellulose. Provided that amorphous regions are indeed hydrolyzed at a greater rate, water-induced
recrystallization would reduce the effectiveness of decrystallization pretreatments. On the other
hand, if shown that there is no difference of reactivity of amorphous and crystalline cellulose, a
new structure-reactivity correlation is necessary to explain the increased reactivity of cellulose
substrates that have undergone decrystallization pretreatments. Hence, determining the effects of
water-induced recrystallization can provide further details on the mechanism of cellulose
hydrolysis and its structure-reactivity relationships. In addition, such a knowledge will serve as a
fundamental guide for rational pretreatment and depolymerization processes that results in lower

conversion costs.
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2.14. Research Objectives

To address the knowledge gaps identified above, we designed our studies around the following
objectives:

1. Development of structure-activity relationships for solid acid catalyzed cellulose
hydrolysis

a. Detailed structural characterization focusing on the spatial distribution of chemical
functionalities and the external surfaces of model solid acid catalysts and correlation to cellulose
hydrolysis activity

b. Development of solid acid catalyzed cellulose hydrolysis model as a step towards
elucidating the detailed mechanism of the reaction

2. Determining the effects of water-induced recrystallization on the reactivity of cellulose in
water

a. Detailed structural characterization of decrystallized cellulose and elucidation of structural
changes after interaction with water. Testing reactivity of decrystallized and recrystallized
cellulose and incorporating water-induced recrystallization into cellulose hydrolysis models

b. Addressing the implications of water-induced cellulose recrystallization by
depolymerizing decrystallized in non-agqueous solvents.
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CHAPTER 3

Cellulase-Inspired Solid Acids for Cellulose
Hydrolysis: Structural Explanations for High
Catalytic Activity

3.1. Introduction

The controlled and selective hydrolysis of cellulose has the potential to provide abundant
access to carbon-based building blocks such as ethanol, glucose, hydroxymethylfurfural (HMF),
and levulinic acid (LA) from renewable, underutilized resources.t 2 However, cellulose
recalcitrance leads to slow conversion into more desirable small molecules.®® Cellulose can be
hydrolyzed by enzymes at low temperatures (50 °C) or by liquid acids at elevated temperatures.”
% However, enzyme hydrolysis is occurs at very low rates that require tens of hours of reaction
time, while acid-catalyzed hydrolysis requires high acid loadings or high temperatures, leading to
side reactions that limit the yields of useful products.®*® Furthermore, both types of treatment are
costly, as acids and enzymes employed are typically not recoverable.'®1 This is one of the reasons
why industrial-scale production of glucose from cellulose (on the pathway toward second
generation bio-ethanol) is often challenging.®

Alternatives that have been discussed widely in recent years include solid acid catalysts for
cellulose hydrolysis, as these acids might be recyclable after cellulose conversion and have shown
promise for direct conversion of cellulose to glucose in high yields and with good selectivity.?% 2!
So-called “cellulase-mimetic” solid acids have provided especially remarkable results.???’ The
hypothesized mechanism of action of these acids has been formulated in analogy to the design

principles of cellulases (cellulose-cleaving enzymes), which exhibit a cellulose-binding domain
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and a catalytic domain for cellulose hydrolysis.” 2 In enzymatic hydrolysis, these structural
features allow cellulases to catalyze glycosidic bond hydrolysis more efficiently through binding
to the cellulose surface.” Interestingly, aqueous glucan hydrolysis in the case of carbonaceous solid
catalysts profits from association of glucans to the graphitic domains (binding), which is likely
driven by entropically favored, hydrophobic effects and enthalpically favored C-H-xn
interactions.?® 2 Similarly, glucan adsorption to mesoporous and microporous carbon materials
has been documented.®®3 In contrast, for polymeric solid acids, similar physicochemical
principles for glucan adsorption are not as clearly established. The polymer-based solid acids with
the highest activity for cellulose hydrolysis to date have been reported by Shuai and Pan and
produce up to 93% glucose from cellulose under relatively mild conditions (H20, 120 °C, 10 h).??
Pan’s catalyst consists of an aromatic-rich, styrenic polymer decorated with C—CIl moieties
(originally referred to as “binding groups™) that are believed to enable hydrogen bonding to
cellulose while the sulfonic acid moieties catalyze the glycosidic bond hydrolysis (see Scheme
3.1.). Unfortunately, no information on the quantitative composition or functional group
distribution has been provided for Pan’s catalyst, thus weakening the arguments for catalyst
cellulose interactions.?2

Polymeric Catalyst
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OH 3 OH
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Scheme 3.4. Solid acid design based on Pan’s catalyst: pre-coordination of sugar polymer through “binding

sites” X acting as hydrogen bond acceptors.??
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The development of structure-activity relationships relies on bulk characterization of solid acid
material. Typical methods of analysis of the catalyst structures involve vibrational spectroscopy,
solid-state nuclear magnetic resonance, elemental analysis, X-ray diffraction, X-ray electron
spectroscopy, surface area, and solid-state titration of acid sites.?2-26:31. 343" However, this approach
overlooks the fact that cellulose is insoluble at the conditions applied for hydrolysis and the
reaction between cellulose and the solid catalyst would occur on the interface of the two solids.
Since cellulose substrates usually used for hydrolysis studies are microns in size, the
depolymerization reaction will be limited to the external surfaces of the solid catalyst and the
carbohydrate polymer, which is exemplified by the high substrate to catalyst loadings.?> 2> 3 Thus,
bulk measurements, which can measure sites within porous interior of the catalyst, would result in
inaccurate correlations between structure and activity. However, there is lack of detailed structural
characterization of solid acid catalysts that can be appropriately correlated to activity towards
cellulose depolymerization.

Despite these issues, follow-up work by several different investigators has described similar
design principles for polymer-based solid acids; designs incorporate hydrogen bonding
functionalities (e.g., C—Cl, C—CO2H) in addition to strongly acidic moieties.?> 3% 3 Evidently,
catalysts with such structural characteristics exhibit greater cellulose hydrolysis performance,
which is used as a justification of the hypothesized mechanism of action. However, none of these
catalysts match the reported activity of Pan’s catalyst. Furthermore, the forwarded hypothesis of
hydrogen bonding between binding groups solid acid catalyst and hydroxyl groups of cellulose
does not seem to address the fact that water, used as a reaction medium, can also form hydrogen

bonds and, in addition, is a lot more mobile than cellulose. As such, the question of whether the
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presence of “binding groups” indeed leads to an increase in hydrolysis activity has not been
unambiguously answered.

In this study we focused on elucidating the role of such binding groups in glycosidic bond
hydrolysis through detailed structural and catalytic characterization of a representative solid acid
catalyst. For this purpose, we synthesized a bifunctional polymer solid acid catalyst that had been
reported by Zuo et al to exhibit high catalytic activity towards cellulose hydrolysis, reported after
the initial description of Pan’s catalyst had appeared in the literature.?® The catalyst contained -ClI
and -SOsH groups, where the former was hypothesized to participate in hydrogen bonding to the
hydroxyl groups of cellulose and the latter as the acid site. The specific catalyst was selected due
to its reproducible synthesis chemistry. Working with a well-established chemistry avoided
laborious characterization and identification of chemical groups. Accordingly, we focused on
elucidating the spatial distribution of chemical groups that are hypothesized to participate in the
scission of the glycosidic bond. We attempted to describe the external surface of polymer catalyst
beads to the best extent possible as the chemical moieties located on the external surface would
potentially interact with cellulose particles. Finally, we correlated the catalyst activity towards
hydrolyzing cellulose to the presence of the chemical groups present in the catalyst structure.
Control experiments with catalyst that bear only -CI groups or only -SOsH groups were also carried
out. For the purpose of distinguishing the material studied here from the one reported here the

catalyst was labeled CMP-SO3zH-0.3 in this work.
3.2. Methodology

3.2.1. Materials
Chloromethyl polystyrene with 5.5 mmol/g Cl loading (0.3mm to 1.3 mm in diameter),

thiourea, N,N-dimethylformamide (DMF), sufuric acid (95-98%), sodium hydroxide, methanol,
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cellobiose, hydroxymethyl polystyrene (0.21 mm to 0.19 mm in diameter, functional loading of
2.0-3.0 mmol/g) and Avicel PH-101 microcrystalline cellulose were purchased from Sigma
Aldrich.
3.2.2. Catalyst Synthesis

To prepare the bifunctional solid acid catalyst chloromethyl polystyrene (CMP) was
functionalized to introduce sulfonic acid functionalities by a modified procedure reported by Zuo
et al.?2 Chloromethyl polystyrene beads (12 g; corresponding to 66 mmol Cl, 1.00 equiv.) and
DMF (120 mL) were heated to 120° C for 4 hours with constant stirring (150 rpm). The beads
were filtered and washed with methanol (150 mL). Thiourea (1.5 g, 20 mmol, 0.30 equiv.; or 6.0
g, 79 mmol, 1.20 equiv.) was dissolved in methanol (120 mL). The resulting thiourea solution was
reacted with the previously washed and swelled CMP beads without drying the beads; the resulting
mixture was heated in an oil bath preheated to 65° C in a round-bottom flask capped with a rubber
septum (1 h and 15 minutes reaction time with 0.3 equiv. thiourea; 7 h reaction time with 1.20

equiv. thiourea). The first step of modification is shown in Scheme 3.2.
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Scheme 3.5. Functionalization of chloromethyl polystyrene polymer with thiouronium salt after attachment

of thiourea.

After the respective reaction times, the polymer beads were isolated by filtration and washed

with DI water (500 mL). The resulting polymer beads were then reacted with NaOH (120 mL of a
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1 M solution; 120 mmol; 1.8 equiv.) in a round-bottom flask, capped with a rubber septum; the
flask was placed into an oil-bath at 100 °C for 45 min (for 0.3 equiv. to produce CMP-SO3H-0.3)
or 1 h (for 1.2 equiv. to produce CMP-SOzH-1.2). The beads were isolated by filtration and washed
with DI water (1000 mL). The washed beads were then reacted with 180 mL of 1 M H,SO4 for 5

h in oil bath at 40° C. The resultant thiol functionality is shown in Scheme 3.3.

HS Cl HS

Scheme 3.6. Functionalization of the polymer with thiol groups by hydrolysis of thiouronium salt by NaOH

and exchange by H>SO..

The beads were isolated by filtration and washed with copious amounts of DI water until the
filtrate showed a pH of 6 upon testing with a pH meter. The beads were then mixed with 180 mL
of 30% H.O: solution in water; the mixture was stirred at room temperature for 12 h. After this
time, the polymer beads were filtered off and washed with copious amounts of DI water until the
filtrate showed a pH of 6 upon testing with a pH meter. The washed beads were dried overnight at

65° C in an oven. The final product of the synthesis procedure is summarized in Scheme 3.4.
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Scheme 3.7. Final product of catalyst synthesis. Bifunctional catalyst bearing chloromethyl and benzylic
sulfonic acid groups and completely sulfonated catalyst. The numerical value in the naming of the catalyst

indicates the chlorine to thiourea equivalence used in the first step of functionalization.

This specific catalyst was selected for the reproducibility of its synthesis. The functionalization
of chloromethy!l polystyrene with thiourea followed by hydrolysis and oxidation to sulfonic acid
has been widely used for the preparation of chelating resins and polymer membranes.*® 4
3.2.3. Attenuated Total Reflectance Fourier Transform Infrared Spectroscopy (ATR-FTIR)

For the purpose of bulk spectroscopic analysis verifying successful modification of precursor
polymers to desired catalyst functionality we used ATR infrared spectroscopy analysis. Spectra
polymer beads at different stages of catalyst synthesis procedure were obtained on a Bruker Vertex
70 in the range from 600 to 4000 cm™. Each spectrum was averaged from 1024 scans with a
resolution of 4 cm™.

3.2.4. Cross-sectional Analysis of Polymer Beads using Raman Microscopy

The detailed spatial structural characterization of the catalyst required dissecting the polymer
beads and an analytical technique with enough spatial resolution to distinguish chemical spatial
distribution of chemical groups from bulk composition. For this purpose, we employed Raman
microscopy analysis. Horiba Xplora Raman Microscope with an excitation laser operating at 785

nm and an Olympus 100x magnification lens were used. The resulting laser spot was
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approximately 1-5 pum in diameter, which was significantly smaller than the diameter of the
polymer beads, which varied between 300 um to 1200 um, ensuring sufficient spatial resolution.
Cross-sectional analysis of solid acid catalyst was carried out by cutting a bead with a razor blade
in half; the bead was fixed on a glass slide with a double-side tape; the radial position of the
excitation laser spot on the bead cross-section was varied by moving the microscope stage the
desired distance.

3.2.5. Solid-state Nuclear Magnetic Resonance (ss-NMR)

An additional bulk characterization technique supplementing ATR-FTIR, we used solid-state
NMR analyses were performed on a Bruker Avance 400 spectrometer at a 100 MHz *3C resonance
frequency with high-power *H decoupling, with magic-angle spinning (MAS) of 4-mm zirconia
rotors in a double-resonance probe head at ambient temperature. The multiCP pulse sequence??
was used at 14 kHz MAS to obtain quantitative 3C NMR spectra, with a 4-s recycle delay, ten
1.1-ms cross polarization periods and a final 0.55-ms CP time, each separated by a 'H
repolarization time of 1.5 s; a rotation-synchronized Hahn echo was applied before detection to
avoid baseline distortions.**> % Corresponding spectra of nonprotonated C and mobile segments
were obtained after 68 s recoupled *H-'3C dipolar dephasing before detection.* Standard 4.2-ps
'H and 3C 90° pulses were used in the experiments described above. CH-only spectra were
obtained for CMP and CMP-SO3H-0.3 based on dipolar DEPT*® at 5787 Hz MAS, with 3.7-ps H
90° pulses.

3.2.6. Elemental Analysis
Elemental analysis was carried out to confirm successful polymer modification by observing

the changes of the elemental composition post synthesis reactions. Specifically, in addition to the
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typical C, O, and H analysis, quantification of Cl and S was also carried out. The analysis was
performed by Galbraith Laboratories Inc., 2323 Sycamore Drive, Knoxville, TN 37921, USA.
3.2.7. Energy-dispersive X-ray Spectroscopy (EDS)

EDS analysis was used to supplement and verify the cross-sectional analysis carried out with
Raman microscopy. Measurements were performed using a Bruker Quantax 50 energy dispersive
spectrometer attached to a Hitachi TM-3000 scanning electron microscope. The EDS spectrometer
was calibrated with a copper standard prior to use. All samples were dried under vacuum at 50 °C
for 4 hours, prior to the measurements. The acceleration voltage in the SEM was 10kV and the
spectra acquisition time for all samples was 100 seconds. The sampling area of the EDS analysis
was approximately 3 um. Cross-sectioning of the polymer beads was identical to the one described
in the Cross-sectional Analysis using Raman Microscopy section.

3.2.8. High Performance Liquid Chromatography (HPLC)

The activity of the solid acid catalysts towards cellulose depolymerization was inferred from
analysis of the soluble products post hydrolysis reaction. Quantification of the cellulose
hydrolysates was performed on an Agilent 1200 HPLC series equipped with Diode Array Detector
(DAD), Refractive Index Detector (RID), and Bio-Rad Aminex HPX-87H column. The mobile
phase was 5 mM sulfuric acid at 0.6 mL/min flowrate. The separation column and the RID detector
were both kept at 35 °C during analytical runs. The hydrolysates were analyzed for cellulose
depolymerization products, mainly glucose as it is the main product (see Scheme 3.5.). In addition,
considering that glucose can decompose in hydrothermal environment catalyzed by Bragnsted acid
catalysts to HMF, levulinic and formic acids, those were also quantified. Calibration curves of the
compounds of interest were obtained by analyzing 8 standards of known concentrations (0.1, 0.2,

0.4,0.5,0.6, 0.8, 0.9, and 1 g/L).
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Scheme 3.8. Cellulose hydrolysis to glucose and subsequent degradation to HMF, humins, levulinic acid,
and formic acid. The HPLC analysis quantified glucose as the main cellulose hydrolysis product and HMF,
levulinic acid, and formic acid as glucose degradation products. The sum of all compounds was used as an

indication of the extent of cellulose hydrolysis.

3..2.9. Cellulose and Cellobiose Hydrolysis

Cellulose or cellobiose hydrolysis experiments were performed in analogy to a procedure
published by Zuo et al.?® Reactions were carried out in batch reactors, typically used for catalyst
performance analysis. Polymer catalyst (0.20 g), cellobiose (0.10 g) or cellulose (0.10 g), water
(2.0 mL; 17.7 MQ resistivity), and a magnetic stir bar were added to a 15 mL heavy wall pressure
vial and the vial was sealed with a screw cap with a Viton O-ring seal. The vial was submerged in
an oil bath that had been preheated to 150 °C (or 175 °C). The reaction mixture was stirred at 150
rpm for 5 h (or 10 h) at this temperature. At the end of the reaction, the vial was placed in an ice
bath to quench the reaction. Additional 8 mL of DI water were used to dilute the sample. 1 mL
aliquot of the diluted sample was further diluted with DI water to a total of 10 mL. The second
dilution was analyzed with HPLC as described in the General Procedures section: The soluble
products were detected and quantified with HPLC as already described. Cellobiose conversion was
calculated based on the difference of the initial amount and the amount measured by HPLC

— mg*Mgu

analysis after the reaction. Glucose yields were calculated as Y, * 100%, where mg is

mexMg
the glucose mass determined by HPLC, My is the molecular weight of glucose, m¢ is the mass of
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cellulose or cellobiose, and Mgy is the molecular weight of the glucose unit in the cellulose chain

. .. . . miqg*M,
or cellobiose molecule. Levulinic acid yields were calculated as Y}, = # * 100%, where mja

c*Mia
is the mass of levulinic acid determined by HPLC, Mia is the molecular weight of levulinic acid.
No stoichiometric adjustment is necessary since the stoichiometric ratio between glucose and its
_ Mya*Mgu

degradation products is unity. Formic acid yields were calculated as Yz, = — o *100%; M
c*Mfq

is mass of formic acid determined by HPLC, Ms, is the molecular weight of formic acid. The mass

balance of soluble carbon was calculated based on the sum of the mass of carbon atoms of all

soluble products divided by the carbon present in starting cellulose or cellobiose substrate,
e

S.C.B.= = 100. Yields are tabulated as averages and standard deviations of yields obtained

c

from three independent catalytic runs.
3.2.10. Characterization of Leached Homogeneous Acid

As it was discovered that the pH of the reaction solution decreases it was necessary to
determine the extent of catalyst degradation and its propensity to form liquid acid. In addition, the
activity of the liquid acid needed to be accounted for as the homogeneous acid species would
remain in the batch reactors contributing to the hydrolysis of cellulose. To determine the extent of
liquid acid generation, the polymers were hydrothermally treated as described below. The reaction
conditions were identical to the reaction conditions of cellulose and cellobiose hydrolysis as
described in the previous section. Polymer (0.20 g), water (2.0 mL; 17.7 MQ resistivity), and a
magnetic stir bar were added to a 15 mL heavy wall pressure vial and the vial was sealed with a
screw cap with a Viton O-ring seal. The vial was submerged in an oil bath that had been preheated

to the desired temperature (120 °C, 150 °C, or 175 °C). The reaction mixture was stirred at 150
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rpm for 10 h. After the reaction was over, the reaction was cooled to room temperature and the pH
was measured with a pH meter (VWR Scientific Model 8000).
3.2.11. lon Chromatography

The leached acids were characterized, and their anions quantified with Dionex ICS-2100 lon
Chromatographer equipped with AERS 500 anion electrolytically regenerated suppressor and DS6
heated conductivity cell. Anions were separated with AS153 250 mm column equipped with
lonPac AG 2x50 mm guard. The mobile phase was 38.00 mM KOH at 0.25 ml/min. Separation
was carried at column temperature of 30 °C and detection at cell temperature of 35 °C.

Concentration of the chloride ion was quantified by using five-point calibration curves.
Concentrations are plotted as averages and standard deviations of concentrations obtained from
three independent runs.

3.2.12. Hydrolysis of Cellulose with Catalysts Leachate

Polymer catalyst (0.5 g), water (5 mL, 17.7 MQ resistivity), and a magnetic stir bar were placed
into a 15 mL, heavy wall pressure vial and the vial was sealed with a Viton O-ring seal. The vial
was submerged in an oil bath that had been preheated to 175 °C. The reaction mixture was stirred
for 10 hours at 150 rpm. After the reaction time was complete, the vial was cooled in an ice bath.
The liquid was recovered with a syringe equipped 22G needle and the solids were separated and
stored. 2 mL of the leachate (corresponding from leach liquor obtained from 0.20 g of polymer,
the amount of catalyst used in prior reactions), cellulose (0.100 g), and a magnetic stir bar were
placed in 15 mL heavy wall pressure vial and the vial was sealed with a Viton O-ring seal. The
vial was submerged in an oil bath that had been preheated to 175 °C. The reaction mixture was

stirred for 10 hours at 150 rpm at 175 °C. After the reaction time, vials were cooled in an ice bath
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to stop the hydrolysis reaction. The liquid was filtered and further analyzed with HPLC for
quantifying hydrolysis products.
3.3. Results and Discussion

In this work we investigated a polymer solid acid catalyst, labeled here CMP-SO3H-0.3, whose
synthesis, for the purpose of reproducibility, was adapted from a well-known polymer
functionalization procedure.? 748 Since Zuo et al. first used this material for cellulose hydrolysis
and reported several structural modifications, with varying chloromethyl and sulfonic acid group
compositions, we focused on reproducing the catalyst structure that exhibited greatest cellulose
hydrolysis activity.?> CMP-SO3H-0.3 does not bear any additional functional groups (such as the
amine substructure in Pan’s catalyst) other than C—Cl and C—SOsH moieties.?? 2 We reasoned
that the relative simplicity of CMP-SO3H-0.3 would enable a more straightforward analysis of
structure—activity relationships.

For the purpose of preparing the CMP-SO3H-0.3 catalyst, we began with chloromethyl
polystyrene (CMP) polymer beads, bearing only benzyl chloride groups. The functionalization was
monitored at each step of the synthesis procedure by ATR-FTIR, to observe the changes in the
spectrum and verify the reduction of -Cl signal and the presence of -SOzH signal. Figure 3.1. shows
infrared spectra of the polymer at each stage of modification. Specifically, the characteristic signal
at 1265 cm™ attributed to -CH-Cl groups is reduced in intensity following attachment of thiourea.

After oxidation to sulfonic acid, a signal appears at 1040 cm, consistent with -SO3H vibrations.
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Figure 3.5. ATR-FTIR spectra of CMP-SO3H-0.3 and intermediates at different stages of the catalyst

preparation procedure. The characteristic chloromethyl and sulfonic acid peaks are marked.

To further verify successful functionalization of the polymer beads we performed elemental
analysis. Table 3.1. presents the experimental results and compares them to the stoichiometric
predictions assuming only the desired functionalization reactions took place and 100% conversion
at each step. The starting CMP precursor has 5.5 mmol/g of CI loading. The elemental analysis
results confirm that catalyst synthesis procedure successfully substitutes, but retains some of the
chloride, and introduces sulfur moieties. However, the content of both the chlorine and the sulfur
is lower than the predictions, suggesting incomplete functionalization and side reactions taking

place. The results are consistent with the structural analysis reported by Zuo et al.?
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Table 3.1. Elemental analysis of CMP-SO3H-0.3.

Predicted* Experimental Results
Element Mass Mass % mmol/g Mass % mmol/g
Cl 0.117 11.1 3.14 8.75 2.47
S 0.0528 5.02 1.57 451 141
O 0.088 8.36 5.22 8.74 5.46
C 0.72864 69.2 57.7 69.83 58.2
H 0.06628 6.30 63.0 5.86 58.6
Total 1.05272 100 97.7

* Based on assumption that 100% thiourea attachment is achieved during polymer modification and
no side reactions occur.

In addition to verifying the structural reproducibility, we sought to confirm the cellulose
hydrolysis activity was identical to that reported by Zuo et al.?® The observed catalytic activities
of CMP-SO3zH-0.3 in the hydrolysis of cellulose were in close agreement with literature data as
shown in Figure 3.2., instilling confidence that the obtained material was suitable for more detailed
structural analysis.

After the successful activity tests, CMP-SO3H-0.3 and its precursor resin CMP were both
analyzed using quantitative solid-state *C NMR spectroscopy to determine the concentration of
functional groups present within the modified polymer beads. The spectra presented in Figure 3.3.
confirmed the desired partial substitution of the benzylic C—Cl groups in CMP-SO3H-0.3.
Specifically, the intensity of the signal at 138 ppm attributed to the carbon bonded to the
chloromethyl groups decreased and a new signal appeared at around 58 ppm, consistent with the

formation of the expected benzyl sulfonic acid moiety. In addition, a polymer catalyst that had
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been treated with excess thiourea in order to fully substitute the chloromethyl groups with sulfonic
acids (CMP-SO3H-1.2) was also analyzed. For reference, the ATR-FTIR and NMR spectra are
presented in Appendix A (Figures Al and A2). Figures Al and A2 d) confirm full sulfonation of

CMP-S0s-1.2 as no chloromethyl signal was observed, but sulfonic acid signal was present.
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Figure 3.6. Comparison of the soluble product yields after cellulose hydrolysis with CMP-SO3H-0.3

synthesized in the current study and CP-1.69 reported by Zuo et al. Zuo et al. did not quantify formic acid.?

Quantification of the NMR signals indicated that ~30% of the C—Cl functionalities in CMP
had been converted to C— SOsH moieties in CMP-SO3H-0.3. Interestingly, in addition to the
signals of the benzylic C—Cl and C—SOs3H groups, the MAS NMR spectrum of CMP-SO3H-0.3
contains a band at 62 ppm, consistent with the presence of benzylic CH>—OH groups constituting
~14% of the total benzylic functional groups. The presence of C—OH groups is further supported

by a weak band observed in the ATR-IR spectrum at 3400 cm™ (see Figure 3.1.). On the other
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hand, signal consistent with CH,-OH groups was not detected in the NMR spectrum of the fully

sulfonated CMP-SO3zH-1.2 (see Figure A3 d).
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Figure 3.7. 3C NMR spectra of polymer precursor (CMP) (top) and CMP-SO3H-0.3 (bottom). Thick black

line: all C; thin red line: nonprotonated or mobile C.

These observations indicate that the benzylic C—Cl functionalities, previously hypothesized to
act as “binding groups®, hydrolyze partially to produce benzylic alcohols under typical polymer
modification conditions. To explore further the possibility of C-CI hydrolysis especially during
reaction conditions, we subjected CMP-SO3H-0.3 to a reaction with cellobiose and analyzed the
changes of the NMR spectrum. Notably, after employing CMP-SO3H-0.3 to catalyze cellobiose
hydrolysis, the C—OH signal intensity further increased, while the C—Cl signal intensity decreased
as shown in Figure 3.4., consistent with the general instability of benzylic C—Cl groups under

catalytic conditions.
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Figure 3.8.3C NMR spectrum of CMP-SOsH-0.3 before (blue, dotted line) and after (red line) cellobiose

hydrolysis. Catalysis conditions: 5 h, 175 °C, 0.2 g catalyst, 0.1 g cellobiose, 2 mL H,O.

The NMR spectra presented in Figures 3.3. and 3.4. imply that both hydroxyl and chloromethyl
groups are present in the catalyst structure and, therefore, can participate in hydrogen bonding with
cellulose. However, NMR provides bulk detection of the chemical moieties and does not provide
additional structural information on the three-dimensional distribution of the groups. Considering
that the interactions between the solid acid catalyst and solid cellulose substrate are limited to the
external surfaces, two questions arise: what is the spatial distribution of C—OH and C—CI groups
and which of these two groups (if either) is available for binding carbohydrates during hydrolysis?
To investigate, polymer beads of CMP-SOsH-0.3 (particle sizes ~500 pum) were sectioned in half;
Raman microscopy and energy-dispersive spectroscopy analysis were performed on the sectioned

beads to gain insight into the spatial distribution of functional groups.
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Figure 3.9. Cross-sectional EDS analysis of CMP-SO3H-0.3 catalyst bead.

Figure 3.5. provides a SEM image and indicates the locations of EDS spectra acquired along
the bead cross-section and the obtained CI/S ratios. Interestingly, the CI/S ratio is not uniform,
with the values measured near the polymer bead’s exterior being lower than those observed in its
interior. Detailed cross-sectional Raman microscopy characterization is shown in Figure 3.6. The
spectrum of the precursor CMP polymer shows an intense band attributable to -CH,CI at 1265
cm L. After functionalization to CMP-SO3H-0.3, the -CH-Cl band decreases in intensity toward
the outside of the bead. The opposite trend is observed for the -SOs~ band at 1040 cm™. For
reference, the cross-sectional Raman spectra of CMP-SO3zH-1.2 are provided in Figure A reveals
a uniform distribution of -SO3™and no -CH>-Cl signal, consistent with complete sulfonation of the
polymer beads (see Figure A3). Together, these data indicate that the C—CI moieties in the center
of the polymer beads remain mostly intact, while the chemical modifications occur more

completely in the outer regions of the beads than in the interior.
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Figure 3.10. Cross-sectional Raman analysis of CMP-SO3H-0.3. Marked bands: 1265 cm™ (CH.—ClI;
decreasing from inside to outside of the bead), 1040 cm—1 (CH2—SOsH, increasing from inside to outside

of the bead). The value R signifies the distance of the measurement from the center of the polymer bead.

EDS and Raman cross-sectional analyses further suggest that access to the inside of the beads
is limited for the aqueous reagent mixtures used for polymer modification as well as the
polysaccharide hydrolysis reaction mixture. This is most likely due to the hydrophobic
environment in the beads’ interior, especially during the modification steps employing aqueous
environment such as the NaOH hydrolysis of the thoiuronium salt and H.SO4 treatment. Notably,
with more C—Cl bonds in the interior of the particle, the previously postulated hydrogen-bonding
contact between C—CI moieties and cellulose fibers during hydrolysis seems less like to occur than

if the C—CI groups were to remain intact on the polymer surface. Thus, for the resin under
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investigation, attributing their superior catalytic activity to the presence of supramolecular
interactions between the polysaccharides and the benzyl chloride groups seems inconsistent with
the spatially resolved structural data.

Despite these new insights, the structural analysis does not clearly establish the source of the
significant catalytic activity exhibited by CMP-SO3H-0.3 in cellulose hydrolysis. In is not clear
whether the detected hydroxyl groups in the structure of CMP-SO3H-0.3 participate in hydrogen
bonding interactions with the hydroxyl group present in cellulose. To test whether the measured
activity in cellulose hydrolysis is simply due to the presence of the sulfonic acid groups, the
catalytic activity of CMP-SOsH-0.3 was compared to that of a fully sulfonated counterpart, CMP-
SO3H-1.2. In CMP-SO3H-1.2, the C—CIl groups are completely substituted with C—SO3H groups,
as verified by ATR-FTIR solid-state 13C NMR, FTIR, and Raman analyses (for details, see
Figures A1, A2, A3, in Appendix A). If sulfonic acid groups are the sole source of catalytic activity
towards cellulose hydrolysis, and if neither the chloride nor the hydroxyl groups contribute to the
observed activity, then CMP-SOzH-1.2 would be expected to show greater activity than CMP-
SO3H-0.3, simply due to the greater amount of C—SOsH groups present. However, yields of
glucose, LA, and formic acid (3%, 7%, and 12%, respectively) obtained using CMP-SO3H-1.2 for
cellulose hydrolysis were lower than those with CMP-SO3H-0.3 (6%, 38%, and 51%, respectively)
as shown in Figure 3.7. The soluble carbon balance was also lower for CMP-SOsH-1.2 (see section
2.10 for details on calculating soluble carbon). Furthermore, the reaction solution using CMP-
SOsH-1.2 as catalyst clearly contained residual cellulose as a white powder (Figure 3.8B), while
CMP-SO3H-0.3 yielded a yellow solution with little cellulose visible left in the reaction mixture

(Figure 3.8A).
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Figure 3.11. Comparison of catalytic activity of CMP-SO3H-0.3, CMP-SO;H-1.2, and catalyst polymer

precursor CMP in cellulose hydrolysis.

These differences in activity of the two catalysts contradict the hypothesis that only the sulfonic
acid groups in CMP-SOsH-0.3 are responsible for hydrolysis activity. Interestingly, cellulose
hydrolysis experiments employing the precursor polymer CMP with nonmodified benzylic C—Cl
moieties and no -SOsH groups also resulted in appreciable cellulose conversion. The use of CMP
as catalyst produced less LA (13%) and formic acid (18%), and soluble carbon balance (~30%)
than what was obtained with CMP-SO3H-0.3 (Figure 7; 38% LA and 51% formic acid, and 47%
soluble carbon balance, respectively), but more glucose (17%) than when using CMP-SO3H-0.3
as catalyst (6%). NMR spectra in Figure 3.4. revealed -C-Cl bond hydrolysis at reaction conditions
the result of which was introduction of additional hydroxyl groups in the polymer structure.

Another product of this reaction is hydrochloric acid.*®%° The structural analysis along with the
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cellulose hydrolysis observations made for CMP suggest as a new hypothesis — in situ HCI
generation is likely responsible for part of the observed hydrolysis activity with CMP-SO3zH-0.3.

To confirm that the hydroxyl groups presence in CMP-SO3H-0.3 do not contribute to the
observed the activity of hydroxymethyl polystyrene polymer bearing only benzylic hydroxyl
groups was evaluated. Notably, none of the typical products of cellulose hydrolysis (glucose,
levulinic acid, formic acid, HMF) were observed in these tests, indicating that CMP—OH is

catalytically inactive in the absence of additional stronger acid groups.

Figure 3.12. Visual Comparison of Cellulose Hydrolysis Suspensions for (A) CMP-SOsH-0.3, (B) CMP-

SO;H-1.2, and (C) Leachate from CMP-SO3H-0.3.

The results obtained after cellulose hydrolysis with CMP-SOsH-1.2 and hydroxymethyl
polystyrene indicate that the presence of -CH2-Cl moieties in CMP-SO3zH-0.3 contributes to the
apparent catalytic activity of the polymer. Along with the structural insights provided by Raman
(no -CH2-ClI groups on the surface) and NMR (hydrolysis of -CH>-ClI groups) these observations
point to the previously state hypothesis of HCI generation and hydrolysis by the homogeneous
acid. To directly test whether formation of HCI occurs in reaction mixtures employing CMP-
SO3H-0.3 as catalyst, chloride concentrations were measured in these mixtures after hydrolysis of
cellobiose and cellulose and the values are presented in Table 3.2. As expected, both reaction
mixtures showed significant concentrations of chloride (0.051 M for cellobiose hydrolysis at 150

°C after 5 h; 0.195 M for cellulose hydrolysis at 175 °C after 10 h). Moreover, the H*
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concentrations, as determined by pH measurements, showed a similar trend (0.042 and 0.141 M,
respectively). These data confirm that HCI is formed from CMP-SO3zH-0.3 when using this
material as solid acid catalyst. The formation of HCI is due to hydrolysis of the -CH2-CI groups in
the hydrothermal environment used for cellulose hydrolysis.

Table 3.2. lon Concentrations in reaction solution after catalytic hydrolysis of cellobiose and cellulose

substrates. Conditions: 0.100 g substrate, water (2.0 mL), CMP-SO3H-0.3 (0.200 g), sealed pressure glass

vial.
Substrate Time [h] Temperature [°C] [CI] [H*]
Cellobiose 5 150 °C 0.051 +0.002 M 0.042 £ 0.006 M
Cellulose 10 175°C 0.195+0.007 M 0.141 +0.005 M

Hydrolysis experiments utilizing CMP-SO3H-1.2 revealed that the catalyst, exclusively
decorated with -SO3H groups, is also capable of depolymerizing cellulose. However, since we
already established CMP-SO3H-0.3 also possesses such functionalities on its external surface, it is
not clear how much they contribute to the apparent cellulose hydrolysis and what part of the
activity can be attributed to the action of HCI as a homogeneous acid. Accordingly, we investigated
if HCI formed by leaching CMP-3H-0.3 can affect cellulose hydrolysis at similar catalytic levels
as the polymer beads. To simulate the effects of HCI, CMPSO3zH-0.3 was treated with H2O at 175
°C for 10 h, mimicking cellulose hydrolysis conditions without the presence of the catalytic
substrate. The polymer beads were then removed, and the resulting leachate was used for cellulose
hydrolysis studies. In a first set of experiments, cellulose was hydrolyzed only with the leachate
as reagent and the data is shown in Figure 3.9. Importantly, these experiments resulted in
significantly higher yields of levulinic acid (57%), formic acid (60%), and soluble carbon (59%)

than those determined for the tests using CMP-SO3H-0.3 as catalyst. Figure 3.8C shows that the
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solution of the leachate catalyzed cellulose hydrolysis turned black post reaction which indicates
formation of carbohydrate degradation species and insoluble humins. This suggests that HCI
formed through hydrolysis of benzylic C—Cl sites on CMP-SO3H-0.3 is a powerful catalyst for
cellulose hydrolysis. Furthermore, gradual HCI release from CMPSO3H-0.3 under cellulose
hydrolysis conditions would lead to a lower average HCI concentration over the reaction time than
found in the HCI-containing leachate, providing a reason for the overall lower activity observed

for CMP-SO3H-0.3, compared to the activity of the leachate.
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Figure 3.13. Comparison of catalytic activity of CMP-SOsH-0.3, leachate from treating CMP-SOsH-0.3

with H,O (175 °C, 10 h), and leachate + CMP-SO3H-1.2 for cellulose hydrolysis.

Interestingly, high activity (46% levulinic acid, 52% formic acid, and 58% soluble carbon) of
the leachate was still observed after the solution was combined with polymeric CMP-SO3zH-1.2

and employed in cellulose hydrolysis. However, both CMP-SO3H-0.3 and CMP-SO3H-1.2 appear
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to play an additional role during cellulose hydrolysis. The polymer beads undergo a color change,
possibly consistent with adsorption of humin side products. Such adsorption possibilities are not
present in the reaction mixtures employing the leachate, which leads to humin precipitation (Figure
3.8C).

The hydrothermal environment used in the cellulose hydrolysis experiments presented so far
is rather severe. It is not clear whether application of the chloromethyl polystyrene based catalysts
would leach at lower temperatures. To test this, we subjected CMP, CMP-SO3zH-0.3, and CMP-
SO3H-1.2 to hydrothermal treatments at three temperatures (120, 150, and 175 °C) and measured
the pH of the liquid and the results are presented in Table 3.3. CMP and CMP-SO3H-0.3 result in
progressive generation of homogeneous acid with increasing temperature. On the other hand,
CMP-SOsH-1.2 is a lot more stable and results in moderate pH decrease with increasing

temperature, consistent with relative stability of benzyl sulfonic acid groups.*

Table 3.3. Hydrothermal treatment of chloromethyl polystyrene based polymers and pH characterization

of aqueous media post reaction.

Polymer 175°C 150 °C 120 °C
CMP-SO3H-0.3 0.91+0.02 1.15+0.02 1.33+0.04
CMP-SO3H-1.2 1.84 +0.03 1.89 +0.05 2.14 +0.05

CMP 1.34 +0.06 1.86 +0.05 2.46 +0.03

3.4. Conclusion

The studies presented herein suggest that benzylic chloride functionalities are hydrothermally
labile and mostly absent from the surface of the polymer beads used as solid acid catalysts. As
such, benzylic C—Cl groups are unlikely to be involved in supramolecular interactions with

polysaccharide substrates such as cellulose. Alternatively, our data suggest that residual benzylic
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chloride moieties within the polymer beads release HCI under the hydrolysis reaction conditions,
providing a homogeneous acid source to catalyze cellulose hydrolysis. Furthermore, our analyses
indicate that previously unreported functional groups—specifically benzylic C—OH moieties—are
present in the polymer and that their concentration increases upon use of the catalyst in cellobiose
hydrolysis. Overall, our results question the commonly accepted role of benzylic C—CI groups
acting as hydrogen bond acceptors and present an alternative explanation for high catalytic
activities through a combination of sulfonic acid catalysis and in situ release of HCI; notably,
humin adsorption on the polymer surface was observed, which in turn may affect glucan-polymer
interactions. Generally, this work highlights the need for caution when interpreting catalytic results
with polymer-based solid acids without a detailed, quantitative analysis of polymer structure and

spatial distribution of functional groups.
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Chapter 4

Implications of homogeneous acid catalysis and
criteria for interpretation of solid acid catalyst
activity for cellulose hydrolysis

4.1. Introduction

As a renewable and sustainable feedstock lignocellulosic biomass has gained significant
interest as an alternative to fossil resources to produce carbon-based fuels and chemicals.! The
ultimate success of biomass utilization is dependent on the development of economically
competitive strategies and processes for its deconstruction.? As a major component of
lignocellulosic biomass, cellulose has attracted major research effort for its depolymerization.®®
Cellulose is a homopolymer made up of glucose units connected via -1,4 glycosidic ether bonds
and currently its depolymerization to low molecular weight species represents a bottleneck for
economically competitive production of renewable fuels and chemicals such as ethanol.®*®

Widely investigated approach for cellulose depolymerization is hydrolysis where the main goal
is selective conversion to glucose or its decomposition products which can subsequently be
upgraded.'%1* Hydrolysis can be carried out by high temperature water in sub or supercritical state;
less severe temperature conditions employ the use of inorganic homogeneous acids or enzymes as
catalysts in aqueous environment.* *>2° Depolymerization of cellulose in high temperature water
and by liquid acid catalysts occurs in reaction times ranging from seconds to tens of minutes.?!-24
However, at those conditions the products of hydrolysis are more reactive than the polymer and
subsequent product decomposition and loss of yields and selectivity complicate controlled

deconstruction of cellulose.?> % Overcoming this issue requires sophisticated reactor design, while
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the use of homogeneous acid promote side reactions.?” 2 On the other hand, enzymes are very
selective, but the reaction rate of cellulose hydrolysis is very slow.'8 293! Fyrthermore, both acids
and enzymes are not recyclable, which effectively renders them reactants, resulting in costs that
prevent commercialization of cellulose hydrolysis.3? 3

Solid acid catalysts have emerged as a recyclable alternative to liquid acids and enzymes for
hydrolysis of cellulose.®* % Application of solid acid catalysts for cellulose hydrolysis is typically
carried out in hydrothermal conditions (120-200 °C) at which cellulose is a solid.3*3" Therefore,
the reaction would occur at the contact interface of the two solids and will be severely mass transfer
limited. However, the interactions between the two solids at these reaction conditions have not
been directly elucidated which prevents development of reaction mechanism and rational catalyst
design.® Most commonly structure-activity relationships are inferred from bulk characterization,
adsorption of soluble cellulosic molecules such as glucose and cellobiose or soluble oligomers,
and quantification of cellulose conversion and product yields after hydrolysis.*® 348 Based on
such correlations a proposed reaction mechanism suggests supramolecular binding interactions
between cellulose and the solid acid catalysts which increase the probability for splitting the
glycosidic bond.*® 46 This explanation is supported by the observation that catalysts with chemical
moieties hypothesized to bind to cellulose appear to outperform catalysts without such chemical
functionalities that can participate in binding.3% 3 4950

However, despite attempts to model the interactions between cellulose and solid acid catalyst
using colloid suspension stabilization theory,® no direct evidence has been presented of such
interactions occurring at the hydrothermal environment used in cellulose hydrolysis. Furthermore,
in Chapter 3 we showed that chloromethyl polystyrene based catalysts could degrade and leach

homogeneous acid which is active towards cellulose hydrolysis, revealing that in reality the
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reaction network is more complicated than the hypothesized adsorption-reaction-desorption
mechanism.® It is not clear whether the aforementioned conclusions can be extended to other
catalytic structures that have been proposed for cellulose hydrolysis since leaching analysis is not
typically carried out. Considering the continuing interest in proposed solid catalyst structures for
cellulose hydrolysis, it is necessary to address the implications of acid leaching.*” 48 52-58 Few
studies have considered leaching of acid sites as a mode of catalyst deactivation, but the effect of
leaching on the hydrolysis has not been investigated.®® > ¢ |eaching of catalytically active
homogenous acid can result in inappropriately attributing observed cellulose hydrolysis activity to
solid acid catalysts and overall misinterpretation of the structure-activity correlations.®*

In this case, two questions arise - do catalysts leach homogeneous acid that catalyzes cellulose
hydrolysis and how can the intrinsic activity of the solid acid towards hydrolysis of solid cellulose
substrate be determined. Determining the intrinsic activity of a solid acid catalyst is an important
step towards unraveling the underlying mechanism of action. Since direct measurements of the
solid-solid interactions under hydrothermal conditions are experimentally challenging,
interpreting the activity of proposed catalyst structures must account for the potential contribution
of leaching to the observed hydrolysis. Specifically, in the context of batch reactors usually used
for testing the activity of catalyst, leaching and accumulation of homogeneous acid can
significantly impact the interpretation of the solid acid catalyst activity.3® 5> 5 Subtracting the
effects of side reactions should elucidate the solid-solid interactions and allow for quantification
of the intrinsic activity of solid acid catalysts, the development of structure-activity relationships,
mechanism elucidation, and rational catalyst design.®

The objective of this work was to determine whether solid acid catalysts from various structural

classes leach homogeneous acid species that are catalytically active towards cellulose hydrolysis.
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In addition, we investigated how leaching of homogeneous acid affects the interpretation of the
activity of solid acid catalysts. For these purposes, we selected several solid acid catalysts
representative of different structural classes reported in the literature to hydrolyze cellulose. The
materials of choice were subjected to the hydrothermal environment used for cellulose hydrolysis
to determine whether they leach homogeneous acid. Furthermore, we tested the activity of the
leached acid towards cellulose hydrolysis and addressed the implications towards interpreting solid
acid catalyst activity. We developed an overall reaction model that includes leaching and proposed
criteria for accounting for the effects of homogeneous acid hydrolysis and attributing activity to
solid acid catalysts. We used kinetic modeling to predict the activity of homogeneous acid with
increasing concentration due to accumulation from continuous solid acid leaching. In addition, we
considered the effects of soluble products and catalyst charring on the release of homogeneous
acid. Overall, the results presented here argues that the mechanism of cellulose hydrolysis of
various solid acid catalysts involves hydrothermal degradation and leaching of homogeneous acid
which in turn carries out the deconstruction of cellulose. The approach towards the experimental
analysis of the solid acid catalysts used here provides motivation for updating methodologies for
solid acid catalyst testing and the development of structure-activity relationships.
4.2. Methodology
4.2.1. Materials

Avicel PH-101 cellulose, Amberlyst-15, H2SO4 (98%), 0.1 M HCI, 0.1 M NaOH, cellobiose,
glucose, xylose, hydroxymethyl furfural (HMF), levulinic acid, and formic acid were purchased
from Sigma-Aldrich. Sulfated Zirconia, Norit, and HZSM-5 (Si/Al=38) were purchase from MEL
Chemicals, Cabot Corporation, and ACS Material, respectively. 13C-enriched glucose was

purchased from Cambridge Isotope Laboratories Inc.
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4.2.2. Catalysts Preparation
4.2.2.1. Sulfonated Humins (SH)

Xylose (20 grams) and 98% H2SO4 (7 mL) were mixed with deionized water (17.7 MQ-cm) to
create a 100ml solution of molar ratio of sugar to acid of 1:1. This was then stirred at room
temperature for 30 minutes. The resulting solution was then placed 160 mL Teflon vessel, which
was deposited into a Teflon-lined aluminum autoclave for 24 hours at 120 °C. The resulting
mixture was allowed to cool for 12 hours and then washed with a 300ml equimolar mixture of DI
water and ethanol. The solid char phase was separated from the aqueous phase via vacuum
filtration and dried for 24 hours at 65 °C.
4.2.2.2. Sulfonated Activated Carbon (SAC)

Norit activated carbon was sulfonated in a similar fashion to a procedure used by Foo et al.**
Briefly, 10 grams of Norit SX-1 were washed with 500 mL deionized water overnight, after which
they were dry at 65 °C. The activated carbon was then mixed with 78 mL deionized water, 54
grams of 98% H>SO4and put in a Teflon-lined aluminum autoclave. The mixture was placed in a
preheated oven at 200 °C and allowed to react for 24 hours after which the autoclave was cooled
in an ice bath. Following the treatment, the solids were filtered and washed twice with 1800 mL
of deionized water for 24 hours. To remove any residual H.SO4 after which the solid material was
filtered again and dried at 65 °C.
4.2.2.3. Sulfated Zirconia (SZ)

Sulfuric acid doped zirconia oxide (MEL Chemicals Inc) was activated at 550 °C for 16 hours.
4.2.2.4. HZSM-5

HZSM-5 with Si/Al ratio of 38 (ACS Materials) was calcined at 550 °C for 16 hours.
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4.2.2.5. CMP-SO3H-0.3

Bifunctional polymer solid acid bearing chloromethyl and sulfonic acid groups was prepared
according to the procedure reported by Tyufekchiev et al. and Zuo et al.® 3 For more details refer
to the respective references.
4.2.2.6. Vinyl-Sulfonic Acid Glucose Char (VSGC)

Vinyl sulfonic acid glucose char preparation procedure was adopted from Demir-Cakan et al
who prepared carboxylate rich glucose char by hydrothermally cocarbonizing glucose and acrylic
acid.%? Specifically, glucose (36 g) and vinyl sulfonic acid sodium salt (3.6 g) were dissolved in
60 mL of water and put in a Teflon-lined aluminum autoclave. The autoclave was placed in a pre-
heated oven at 190 °C and the mixture was allowed to react for 21 hours after which the autoclave
was cooled for 30 minutes in an ice bath and under running cold water. The resultant solid material
was washed with 2L of acetone and 2L of water after which it was dried at 65 °C overnight. To
acidify the carbonaceous material, the solids were put in 1M HCI and stirred for 20 hours at room
temperature. The material was then washed with 2L of water and filtered and was followed by 500
mL of ethanol washing overnight. Finally, the solids were dry at 65 °C overnight.

4.2.3. Catalyst wash

The catalysts were washed extensively with water to remove any soluble acidic species present
on the catalyst. Briefly, 1.5 grams of catalyst was washed with 50 mL of water in a centrifuge tube.
The pH of the suspension was measured until the value stopped changing with further wash. After
the wash, the catalysts were dried at 65 °C overnight. This treatment eliminated the contribution
from any residual homogeneous acid species that were present on the catalyst structures, likely

remnants from the catalyst preparation procedure, to the hydrolysis of cellulose.
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4.2.4. Solid State Titration

Since solid acid catalysts were exposed to hydrothermal environment that potentially resulted
in leaching of soluble acid species, it was necessary to confirm that the acid generated was leached
from the solid materials. Therefore, the ion concentration in the liquid medium post reaction had
to be compared to the acid site content of the solid catalysts. For this purpose, we employed solid
state titration to quantify the acid sites on the solid materials. Solid state titration of the catalysts
was carried out according to the Boehm’s procedure.%® Briefly, predetermined amounts of 0.1M
NaOH standard solution and solid acid catalyst were mixed. The mixture was shaken and allowed
to ion exchange for 24 hours. After that an aliquot was taken and acidified with a predetermined
volume of 0.1M HCI. The acidified solution was then titrated with 0.05 NaOH, while the pH was
monitored with a digital pH meter (Denver Instruments, model 225). The amount of acid sites in
the solid catalyst was then calculated.
4.2.5. Hydrothermal Degradation and Homogeneous Acid Leaching

To determine whether the solid acid catalysts are stable in the hydrothermal environment used
for cellulose hydrolysis and whether they are leaching homogeneous acid, the catalyst were treated
at the same reaction conditions used for cellulose hydrolysis, but in the absent of cellulose
substrate. Briefly, solid acid catalyst (0.2 grams) were mixed with water (2 mL) and were treated
in hydrothermal conditions at 150 °C for 15 hours (10 hours for Amberlyst-15, Sulfated Zirconia
and CMP-SO3H-0.3). After the reaction, the pH of the liquid was measured; the liquid and the
solid were centrifuged and the liquid was extracted with a syringe. The liquid was then analyzed
with lon Chromatography (IC) to characterize the leached species and stored for cellulose

hydrolysis tests.
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4.2.6. Cellulose Hydrolysis

Cellulose was hydrolyzed to determine the activity of the solid acid catalyst and the leached
homogeneous acid. Solid acid catalyst (0.2 grams) was mixed with cellulose (0.1 grams) and water
(2 mL) in a 15 mL glass reactor vial and sealed with a Teflon cap and Viton O-ring. The reactor
vial was submerged in an oil bath and reacted at 150 °C for 15 hours (10 hours for CMP-SOsH-
0.3, Amberlyst-15 and Sulfated Zirconia). After the reaction the vial was centrifuged, and the
liquid was extracted with as syringe. The soluble products of the hydrolysis were analyzed with
HPLC.

In a similar fashion the activity of the leached homogeneous acid was determined by mixing 2
mL of the liquid from hydrothermally treated solid catalyst with cellulose (0.1 grams) and reacted
at the same conditions as above. The soluble products were quantified with High Performance
Liquid Chromatography (HPLC).
4.2.7. Hydrolysate Analysis

The activity of the solid acid catalysts and the leached liquid acid species was inferred from
the analysis of the hydrolysate solutions post hydrolysis reaction. Products of cellulose hydrolysis
were analyzed and quantified with high performance liquid chromatography (HPLC). Agilent
1200 Series equipped with a refractive index detector (RID) and a diode array detector (DAD) for
quantifying carbohydrates and furanic compounds. Rezex ROA-Organic acid column
(Phenomenex) maintained at 35 °C was used for separation and the mobile phase was deionized
water at 0.6 mL/min. The RID detector operated at 35 °C and the DAD UV-Vis detection
wavelength was set to 284 nm. Calibration curves for cellobiose, glucose, HMF, levulinic acid,
and formic acid were prepared by analyzing standardized solutions at 0.25, 0.5, 0.75, 1, 1.25, 1.5,

1.75,2,and 2.5g /L.
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Product yields were calculated based on the formula: n::—lzm‘ * 100%, where mc is mass of
c*Mp

cellulose, mp is mass of the soluble product in the solution determined by HPLC, Mgy is molecular

weight of glucose unit in cellulose, and My, is molecular weight of the soluble products. Calculation

of the yields of hydroxymethyl furfural, levulinic acid, and formic acid were carried out in a similar
G

fashion. Soluble carbon balance was calculated by the following formula: C— * 100%, where C;

is the amount of carbon atoms expressed in moles present in product i and C is the amount of
carbon expressed in moles present in cellulose.
4.2.8. lon Analysis

Quantification of the ionic species in the liquid medium post hydrothermal stability tests of the
solid acid catalysts was necessary to characterize the nature of the leached acids. For this purpose,
the anions present in the leachates analyzed with ion chromatography with Dionex ICS-2100 lon
Chromatographer equipped with AERS 500 anion electrolytically regenerated suppressor and DS6
heated conductivity cell. Anions were separated with AS153 250 mm column equipped with
lonPac AG 2x50 mm guard. The mobile phase was 38.00 mM KOH at 0.25 ml/min. Separation
was carried at column temperature of 30 °C and detection at cell temperature of 35 °C.

To confirm that the anions were balanced by an acidic hydronium ion, the pH of the leachates
was measured by a pH meter (Denver Instruments, model 225) equipped with a glass, Ag/AgCl
reference, 0-14 pH probe (Symphony pH Probes), calibrated with buffers of pH of 4 and 7.

4.2.9. Kinetic Modeling of Cellulose Hydrolysis by a Homogeneous Acid

In a typical cellulose hydrolysis tests using solid acid catalysts carried out in batch reactors,
the leaching of homogeneous acid will contribute to the observed hydrolysis. We hypothesized
that if the effects of the homogeneous acid are quantified and subtracted, it would potentially reveal
if there is contribution to the observed cellulose hydrolysis due to solid-solid interactions between
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the solid acid catalyst and the cellulose substrate. For this purpose, we modeled cellulose
hydrolysis by a homogeneous acid.

Hydrolysis of solid cellulose substrates catalyzed by a liquid acid is a complex heterogeneous
process that depends on the structural characteristics of cellulose in addition to temperature, acid
concentration, and time. Saeman, however, found that acid catalyzed hydrolysis of wood cellulose
substrates obeys first order kinetics within a particle size range between 75 pm and 850 um and
can be treated as a homogeneous reaction.’* As a result, cellulose hydrolysis has been widely
modeled by the pseudo first order approximation, despite additional models that include structural
characteristics such as degree of polymerization or account for the heterogeneity of the reaction
by modeling it as a shrinking-core process.%5-%” The cellulose average particle size in the current
study was 100 pm, which is within the range studied by Saeman. Therefore, we reasoned that to
model cellulose hydrolysis by homogeneous acid with the pseudo first order kinetics would be an
adequate approximation.

We reviewed the literature was to identify kinetic studies that have investigated hydrolysis
conditions similar to the conditions in this work such as acid concentration and temperature and
select relevant kinetic parameters.?* 6 88 Several kinetic models exist and can be distinguished
based on the conditions and substrates studied. Table 4.1. shows the kinetic parameters of selected
studies treating cellulose hydrolysis as a pseudo first order reaction. In addition, the pseudo first
order kinetic models accounted for the acid concentration with a pre-exponential term in the

expression for the kinetic rate constant; the general expression for the kinetic rate constant is a
modified Arrhenius equation k = A * [H*]™ = exp (;—E‘Tl) However, the power functionality of the

acid concentration term varies widely depending on the conditions each specific kinetic model
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explored as is shown in Table 4.1. For our purposes, it was necessary to select a kinetic model
which was developed within the temperature and acid concentration range studied in this work.

Table 4.4. Substrates, reaction conditions, and kinetic parameters of pseudo first order models for

cellulose hydrolysis to glucose.

Substrate Reaction conditions A (mint) Ea (kJ/mol) n Ref.
Acid: 0.4-1.6 wt% 64
Douglas fir Temp: 170-190 °C 1.73x10%° 179.5 1.34
Microcrystalline Acid: 30-70 wt% ®
y Temp: 25-40 °C 2.946x10% 127.2 6.0
cellulose
Acid: 0.2-1.0 wt% 70
Paper refuse Temp:180-240 °C 28x10%° 188.7 1.78
Acid: 0.4-1.5 wt% 71
Filter paper Temp: 200-240 °C 1.22x10%° 178.9 1.16
Microcrystalline Acid: 0.05-1 M &
y Temp: 175 °C N.A. 151.5 0.96

cellulose

It can be seen from Table 4.1. that all reference models are outside the temperature range used
in this work (150 °C). The model closest to the conditions encountered here was Saeman’s model.
In his study Saeman used sulfuric acid of concentration between 0.4 and 1.6 wt %, corresponding
to a molarity of 0.04 and 0.16 M, which is within the range of the homogeneous acid concentrations
observed here. With respect to the substrate, in our study we used Avicel PH-101 microcrystalline
cellulose. While Table 4.1. entries 2 and 5 have also employed microcrystalline cellulose, the
conditions they used exceed those used here. Further, the microcrystalline cellulose used in entry
5 by Girisuta et al had average particle size of 20 um, far below the particle size of 100 pm used
here.”> Additionally, Avicel PH-101 is microcrystalline cellulose derived from wood sources,

which instills confidence that it can be approximated to the Douglas fir woody substrate used by
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Saeman.%* Additionally, Saeman’s approach utilized glass batch reactors similar to the reactors
used in this work.54

For those reasons, the kinetic models proposed by Saeman® was selected as the conditions
used in developing Saeman’s cellulose hydrolysis pseudo first order kinetic model were in closest
agreement with the current study. This instilled confidence that modeling the cellulose hydrolysis
of homogeneous acid release by a solid acid catalyst would be best approximated by Saeman’s

model. Therefore, cellulose hydrolysis reaction in a batch reactor is modeled by a first order

reaction equation: % = —k = [C], where the expression for the reaction rate constant and its

dependence on acid concentration is defined by k = A x [H*]™ * exp (23;3%).64 The value of

2.303 encountered in the exponential is resultant from Saeman’s mathematical treatment where

the base of 10 was used for logarithmic plotting and calculations.%* The values of the kinetic
parameters are shown in Table 4.1. entry 1 and are as follows: A=1.73x10%*° min/M*** n=1.34, and

Ea=179.5 kJ/mol.%* Specific focus of the model was quantifying cellulose conversion and
comparing it to the soluble carbon balance obtained from experiments.

The time dependence of the concentration of the homogeneous acid was accounted for by doing
a kinetic study of the leaching of solid acid catalysts. For that purpose, solid acid catalysts were
treated in the hydrothermal environment used for cellulose hydrolysis for varying time up to 10
hours and the pH was measured as already described in section 2.5. The acid concentration data
was then fitted to first order kinetics by treating the final acid concentration at 10 hours as 100%
conversion of hydrothermally unstable groups in the solid acid catalyst structure. To calculate the

[H]p=[H*]

] ) was plotted versus
f

average kinetic rate of leaching the first order kinetic expression In (

reaction time and the slope, representative of the average leaching constant, was obtained. The
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time functionality expression of the acid concentration was then used in the equations for the
Kinetic rate constants replacing the acid concentration term. The reaction temperature in the vial
was accurately measured with modified screw top cap equipped with an Omega K-type
thermocouple and it was measured to vary between 150 °C and 155 °C.

Modelling the cellulose hydrolysis kinetics was carried out in MATLAB. The script is
provided in Appendix B. The variation in temperature and the deviation for the concentration of
homogeneous acid were simulated by using a rand function that generates a matrix with specified
dimensions and filled with rand